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Introduction

1.1 Motivation and objective

Aging of the world’s population leads to an increased number of people with some kind
of diseases or injuries [1] that produce increased healthcare e�orts and costs. Point-
of-care testing and lab-on-a-chip devices are key words among the approaches to meet
these challenges [2]. The ability to monitor health markers like blood pressure, choles-
terol or glucose levels at home promises early detection of deteriorating conditions of
chronically ill patients and a more personalized therapy. If genetic predispositions are
known, diseases like cancer can be treated at an early stage with signi�cantly higher
healing probability [3] or, e.g. in the case of Alzheimer’s, risk factors can be reduced
to slow down the disease progression [4]. In some cases the disease outbreak might
even be prevented. Above that, direct measurements of speci�c biomarkers can be
vital for the diagnosis of myocardial infarctions [5] or pulmonary embolisms [6] that
demand immediate analysis for successful treatment. This could be provided if the test
results were obtained directly in the ambulance, and the clinic was able to prepare the
necessary treatment.

Both point-of-care and portable devices pro�t from the steady miniaturization that
has been taking place in the electronics industry for decades and is still progressing
[7]. This tendency is promising not only for the handling of portable devices but also
for the reduction of production costs [8]. The fabricated structures more and more
approach the dimensions of molecules and o�er the potential for manipulations on
the nanoscale [9] down to molecular manipulation. Functional biomolecules are an
essential part of numerous important bioanalytical devices. In biosensors for example,
they are immobilized on the surface of a transducer. The sensing principle is based on
the ability of the biomolecules to selectively bind or react with the analyte of interest.
This selectivity results from a binding event at a speci�c active site of the biomolecule,
rendering their accessibility decisive for the sensitivity of the device. Therefore, an
oriented immobilization method is advantageous for improved sensitivity [10]. As a
consequence, production costs can be reduced, as less reagents are consumed in the
preparation of the device and during analysis.

There are numerous immobilization methods that lead to mostly statistical molecule
orientations or that require elaborate procedures to achieve oriented immobilization
[11]. There are also methods to orient molecules like desoxyribonucleid acid (DNA)
by �uid �ow or in electric �elds, yet without immobilizing the molecules directly. In
this thesis, a method that combines both aspects, immobilization and alignment, in a
single-step experiment is developed. An electric �eld-assisted approach is chosen on
the basis of the known accumulation of biomolecules at electrodes under the in�uence
of inhomogeneous alternating current (AC) electric �elds and on the existing studies
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on particle alignment in electric �elds.
The hypothesis for this dissertation was that proteins would be oriented in AC elec-

tric �elds similar to the alignment of conducting and semiconducting nanowires [12]
despite the lower conductivity and diverse shapes of proteins. For this, the method
for biomolecule accumulation, dielectrophoresis, was to be extended for a simulta-
neous alignment and permanent immobilization of proteins. As there are only few
research groups that apply molecular dielectrophoresis to proteins [13], general in�u-
ence factors on the dielectrophoretic behavior had to be investigated. Furthermore,
the functionality of the immobilized biomolecules had to be guaranteed in view of
a potential incorporation of the electric immobilization method into biosensing de-
vices. The aligned immobilization and the associated access to active sites of functional
biomolecules would be a valuable contribution not only for bioanalytical applications
but also for basic research on protein structure and interaction. This dissertation shows
how to approach the above-mentioned problems using an electric �eld-assisted immo-
bilization method. It reveals advantages of this method over existing immobilization
techniques and also its limitations.

1.2 Literature review

1.2.1 AC electrokinetic e�ects

When AC electric �elds are applied to a solution of molecules or to a suspension of par-
ticles, various electrokinetic e�ects arise, which depend on factors like the applied fre-
quency and voltage, temperature, particle and medium characteristics. The hydrody-
namic e�ects either act directly on the particles or lead to �uid �ows that move the par-
ticles with them. The magnitudes of the various forces were estimated by Castellanos
et al. [14] for model microelectrode systems and typical experimental parameters. The
two e�ects that are relevant in the electrode con�gurations and under the experimen-
tal conditions used in this thesis are alternating current electroosmotic �ow (AC EOF)
and dielectrophoresis (DEP), which are explained in the following subsections.

AC electroosmotic �ow

Electroosmosis is a well-known motion of the bulk �uid that arises in direct current
(DC) systems. In an AC microelectrode system, a related �uid �ow was described �rst
in 1999 [15]. Likewise, AC EOF is based on induced charges in the electric double
layer built on the surface of the electrodes: As the electrodes come into contact with
a solution, the surface is charged and counterions are adsorbed on the surface. The
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application of an external electric �eld induces Coulomb forces that act on the ions.
Due to the higher �eld at the electrode edges, these areas are charged more quickly
than areas farther away from the edges. As a consequence, the ions move, and they
drag the �uid along the electrodes (Fig. 1.1). Since the electrode edges are always
charged �rst, the direction of the �uid �ow remains constant in spite of the repeated
reversion of electrode polarity. This scenario is valid for intermediate frequencies that
lie under the charge relaxation frequency, for at high frequencies reorientation of ions
is too slow to follow the charge reversion. At lower frequencies, the potential drops
across the double layer, and the remaining electric �eld in the bulk volume becomes
small [16].

Figure 1.1: Fluid motion induced by alternating current electroosmotic �ow over in-
terdigitated electrodes (gray and blue).

Dielectrophoresis

The term "dielectrophoresis" was de�ned by Pohl [17] in 1951 as "The motion of sus-
pensoid particles relative to that of the solvent resulting from polarization forces pro-
duced by an inhomogeneous electric �eld [...]". If a suspension of dielectric particles
is brought into an electric �eld, charges within the particles are attracted to the op-
positely charged electrode, and electric dipoles are induced in those particles. If the
electric �eld is inhomogeneous, the �eld strength E is stronger on one side of the dipole
(Fig. 1.2), resulting in the so-called dielectrophoretic force FDEP, which acts on the par-
ticles in dependence on the particle radius rp and of the relative permittivities εx of the
particle (x = p) and the medium (x = m).

For spherical particles, the time-average dielectrophoretic force is given by equation
(1.1) [18]. It is dependent on the particle radius rp, on the relative permittivity of the
medium εm, the real part of the Clausius-Mossotti factor Re[K(ω)], and on the electric
�eld strength E. ε0 is the permittivity of vacuum. The Clausius-Mossotti factor (Eq.
(1.2)) depends on the complex permittivities ε∗x of the particle (x = p) and of the medium
(x = m). The complex permittivity (Eq. (1.3)) is a function of the real permittivity εx, of
the conductivity σx and of the angular frequency ω. If the permittivity of the particle
exceeds that of the suspension medium, the real part of the Clausius-Mossotti factor
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Figure 1.2: Dielectrophoretic force acting on an uncharged particle in the inhomoge-
neous electric �eld between two electrodes (gray and blue).

Re[K (ω)] will be > 0, and the particles will be attracted to regions of highest electric
�eld (also termed positive DEP). Vice versa, Re[K (ω)] will be < 0 for particles with a
lower permittivitiy compared to that of the suspension medium, and the particles will
be repelled from high �eld regions (negative DEP).

FDEP = 2πr 3pε0εmRe [K (ω)]∇ |E |2 (1.1)

K (ω) = (ε∗p − ε
∗
m)/(ε

∗
p + 2ε∗m) (1.2)

ε∗x (ω) = εxε0 − iσx/ω (1.3)

1.2.2 Molecular dielectrophoresis

DEP allows the non-destructive spatial manipulation of polarizable objects regardless
of size or charge, and provides a great potential for bioanalysis and diagnostics. A lot of
research has been conducted on cell concentration, trapping or sorting [19, 20, 21, 22].
Most cells have sizes between 1 µm to 100 µm and belong to the larger particles within
the spectrum of dielectrophoretically manipulated objects. With the technological
progress in nanostructure fabrication, the miniaturization of biomedical devices has
proceeded, and the manipulation of smaller particles or even single molecules has be-
come more and more important.

Within the �eld of biomedical applications, dielectrophoretic manipulations of DNA
have been of particular interest. The molecular size of DNA was derived from the
length of stretched DNA strands [23]. One end of the strand was attached non-speci�-
cally to an aluminum electrode in the electric �eld applied, while the other end ex-
tended perpendicular to the next electrode edge. In another experiment, a single DNA
molecule was stretched between two electrically �oating aluminum electrodes, and the
DNA bridge remained even after switching o� the DEP voltage [24]. In most studies,
however, DNA was accumulated temporarily and di�used away after the electric �eld
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had been switched o� [23, 25, 26, 27]. This was also reported for ribonucleic acid (RNA)
[28]. Sometimes modi�cations at the DNA, e.g. thiol-residues [29, 30, 31] or coupled
avidin [32], were introduced for permanent attachment at the electrodes.

De�ned structures can be built by self-assembly of speci�cally designed, comple-
mentary DNA strands with the most prominent example of so-called DNA origami
[33]. The exact positioning of such constructs between the tips of electrodes was
achieved using DEP [30]. Thus, patterns for the use in nanoelectronics can be built.
The conductivities of de�ned-size DNA constructs were measured by impedance spec-
troscopy and found to be small enough for the structures to be incorporated into elec-
tronic devices without contributing signi�cantly to the overall conductivity [31]. The
extremely high level of precision even allows "molecular surgery" [34]. DNA was
stretched dielectrophoretically between two �oating electrodes. It was subsequently
dissected by an enzyme that was bound on a latex particle and positioned at the DNA
strand using optical tweezers. The comparison of two di�erent enzymes that either cut
the DNA at a random or at a speci�c site lead to mechanistic insight into the binding
process of the restriction enzyme prior to cutting.

While these experiments on DNA were classi�ed as molecular DEP, DNA is a biopoly-
mer with a width of 2.5 nm and a variable length that often amounts to several micro-
meters when stretched, e.g. 16.5 µm for the lambda-DNA, which is used in a number of
studies [23, 24, 34]. Mostly, however, DNA is found in a coiled conformation with not
precisely de�ned shape. Even more important than shape is polarizability, which in-
creases with the number of base pairs [35]. In contrast, proteins are much smaller, have
de�ned structures and lower polarizabilities [36]. Since the dielectrophoretic force
scales with the third power of the particle radius and additionally depends on the par-
ticle’s polarizability (Eq. (1.1)), high electric �elds or �eld gradients, respectively, are
needed for dielectrophoretic manipulations. Therefore, proteins were not manipulated
directly in some applications but bound to larger structures like microbeads [37, 38, 39].
The �rst direct protein DEP was demonstrated with the proteins avidin, concanavalin
A, chymotrypsinogen A and ribonuclease A, which were attracted at electrodes under
the in�uence of an AC electric �eld [40]. After switching o� the �eld, the proteins
di�used away. A similar reversible accumulation was observed for bovine serum al-
bumin (BSA) [25], and for single R-phycoerythrin (RPE) molecules [41]. Furthermore,
protein G and immunoglobulin G were concentrated at the tip of a nanopipette during
�eld application [42]. Accumulation at the electrodes due to positive DEP and trapping
in the electrode gap due to negative DEP was demonstrated with the example of avidin
[43]. Trapping of BSA by negative DEP in dependence on the medium conductivity
and pH and on the electric �eld strength was also achieved in an insulator-based setup
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[44]. In a device with gaps in the nanometer range between insulating constrictions,
streptavidin was preconcentrated [45].

At the time when this dissertation was started, there was only one report on per-
manent immobilization of proteins achieved by DEP: Above a certain voltage thresh-
old, BSA was found to remain immobilized at pillar-structured, aluminum-coated elec-
trodes [46].

Permanent immobilization of proteins like antibodies or enzymes is desirable since
it is a crucial step in numerous bioassays. As a prerequisite for the proper use of pro-
teins in such applications, their speci�c binding sites must remain intact. As the in-
teraction with the surface might lead to changes in protein structure and activity [47],
their binding capacity or enzymatic activity needs to be con�rmed after immobiliza-
tion. Among the very few reports that exist on the dielectrophoretic manipulation of
enzymes, ribonuclease A was dielectrophoretically attracted to electrodes. However,
its biofunctionality was not investigated [40]. The �rst proof of retained biofunction-
ality after dielectrophoretic immobilization was provided from our working group for
anti-RPE antibodies that were still capable of binding RPE [48].

Insulator-based molecular dielectrophoresis

Among the examples given for molecular dielectrophoresis, there are two inherently
di�erent approaches to generate the �eld inhomogeneities needed for dielectrophoretic
experiments: On the one hand, insulating obstacles or constrictions are introduced
in an electric �eld. On the other hand, the inhomogeneity is produced solely by the
electrodes.

(a) Top view of insulating posts (black). (b) Side view of a nanopipette.

Figure 1.3: Schematic view of typical insulator-based DEP devices. Electrodes are
depicted in gray and blue, respectively.

For insulator-based or electrodeless DEP, insulating posts (Fig. 1.3a) were mostly
made of glass or polymer. With such a device, operated in continuous �ow, BSA was
trapped temporarily behind the posts by negative DEP in DC electric �elds [44]. The
in�uence of di�erent post shapes was compared for immunoglobulin G and BSA, which
were focused in stream lines within the device [49]. Constrictions were also introduced
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through barriers in the channel [50], or a narrowing channel outlet. With the latter, the
so-called "nanopipette" (Fig. 1.3b), trapping of DNA or protein molecules was achieved
[42, 51].

The DC electric �elds that are applied in the majority of insulator-based DEP exper-
iments bring the disadvantage of DC e�ects like electrolysis of water, which occurs in
dependence on the medium conductivity. The H2 and O2 bubbles that are formed at the
electrodes replace water at the electrode edges, which leads to �uid motion interfering
with dielectrophoretic attraction of the biomolecules. Thus, sometimes low-frequency
AC electric �elds were applied, or the electrodes were remotely placed to separate the
location of bubble formation from the areas of biomolecule accumulation.

For the aims of this dissertation, another aspect of insulator-based DEP is even more
signi�cant. The trapping behavior of proteins in electrodeless devices is caused by neg-
ative DEP, which repells the proteins from the areas of highest �eld strength. Conse-
quently, the proteins do not come into contact with the electrode surfaces and cannot
be immobilized permanently.

Electrode-based molecular dielectrophoresis

Electrode-based DEP setups are prevalent for the manipulation of biomolecules [13].
Most electrode designs have planar con�gurations. Interdigitated electrodes (Fig. 1.4a)
were used in a great number of experiments. Mostly DNA and RNA were accumu-
lated along electrodes or stretched from one electrode to the next [52, 28]. Sometimes,
�eld inhomogeneities were increased by additional corrogations [23]. Polynomial elec-
trodes (Fig. 1.4b) were used to either collect avidin along the electrodes or to trap it
in the electrode gap depending on the applied frequency [43]. In another polynomial
electrode con�guration, DNA and BSA were trapped between the adjacent areas of the
electrodes by positive DEP, whereas negative DEP was not observed in the applied fre-
quency range (50 kHz - 5MHz) [25]. Nanostructured electrodes are particularly suited

(a) Interdigitated electrodes. (b) Polynomial electrodes. (c) Electrode pairs.

Figure 1.4: Schematic top view of di�erent types of electrodes used in DEP experi-
ments.

to generate the necessary �eld gradients at lower voltages [53]. Furthermore, a re-
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duction of Joule heating at the smaller electrode surface is desirable, as Joule heating
was reported as the cause of protein denaturation and aggregation [49]. Only recently,
opposing electrode pairs (Fig. 1.4c) with narrow gaps of below 10 nm were used to
trap low numbers of RPE between the tips of titanium electrodes for surface enhanced
raman spectroscopy (SERS) and conductance measurements [54]. The proof that even
a single molecule can be trapped was also demonstrated with the example of RPE at
the tips of sharp gold nanoelectrodes [41].

The �rst and only previous mention of a 3D electrode geometry with a regular array
of pin-electrodes for molecular DEP involved nanopillars with a diameter of 50 nm and
a distant counter electrode [46]. This electrode geometry was used for immobilization
of BSA, which was reversible or permanent depending on the electric �eld strength.
With insulator-based setups, permanent immobilization of biomolecules has not been
reported and appears principally impossible.

Figure 1.5: Schematic side view of a 3D electrode con�guration consisting of a
nanopillar array (blue) with one counter electrode (gray).

In cooperation with our partners at the Leibniz Institute for Innovative Microelec-
tronics (IHP), 3D geometries with high-number electrode arrays and a distant counter
electrode have been developed (Fig. 1.5) in our group, and successfully used for protein
immobilization [48]. The 3D geometries, as opposed to planar geometries, o�er the ad-
vantage of lower tangential �eld components and, hence, less �uid �ows by AC EOF.
In the meantime, the principle of this con�guration has been adapted by other working
groups for, e.g., BSA accumulation on gold nanocones [55].

1.2.3 Orientation methods

Orientation of molecules and small objects in electric �elds

Theoretically, any molecule without spherical symmetry can be oriented or aligned
in electric �elds if the interaction energy with the electric �eld exceeds that of ther-
mal rotation. As early as 1966, there were reports on experiments with oriented CH3I
molecules in a focused molecular beam with the purpose to study reactivity in depen-

9



Introduction

dence on orientation. Orientation of molecules was achieved by the combined actions
of an electric inhomogeneous hexapole �eld and a weak uniform �eld [56, 57]. There
are further approaches, which mostly use intense polarized laser light for alignment
[58] or combined �elds to preselect molecules with speci�c rotational states followed
by orientation in static electric �elds [59, 60]. These methods are limited to vacuum
conditions. A detailed review covering the existing techniques is given by Lemeshko et
al. [61]. When applying just a single electric �eld, higher �eld strengths are required to
orient molecules. Field strengths of 5.2MVm−1 were used to orient adenine and cyto-
sine at 0.37 K, and their IR vibrational transition moments were measured to determine
their orientation relative to their permanent dipole moments [62]. Furthermore, ori-
ented �lms of chloro-aluminum phthalocyanine were obtained by organic molecular
deposition with applied �eld strengths of 14MVm−1 [63]. Temporary alignment of
a certain class of organic dyes was also achieved by the guest-host e�ect. The dyes
(guests) were dissolved in liquid crystals (hosts) that form nematic phases upon appli-
cation of DC electric �elds [64, 65].

When working at room temperature, even higher �eld strengths are needed. The
orientation of HCl molecules requires 28MVm−1 in a rotationless state, whereas more
than 1000MVm−1 are needed at room temperature [56]. The application of DC electric
�elds of su�cient strength in an aqueous surrounding is limited by electrochemical
e�ects like bubble formation due to electrolysis and production of ionic species and
radicals. This can be avoided by employing AC electric �elds.

Böhm et al. compared the use of DC and AC �elds for the alignment of microtubules
[66]. In DC �elds (up to 2 · 104 Vm−1), microtubules were attracted to the electrode of
opposite charge without preferred orientation. Higher �eld strengths could not be ap-
plied due to electrolysis and electrode polarization. In AC �elds (200 kHz – 2MHz,
105 Vm−1), microtubule alignment was achieved. This comparison demonstrates the
advantages of AC electric �elds, which have been applied to a broad variety of objects
on the micro- and nanoscale. In the micrometer range, elongated cells like Euglenoid-
ina [67], yeasts [68, 69], llama erythrocytes [70] and bacteria [71] were oriented at
MHz frequencies. Alignment of smaller objects was demonstrated for actin �laments
[72, 73], virus particles [74] and DNA [23, 52, 75, 76]. In recent years, the controlled po-
sitioning of conducting and semiconducting nanowires has been of particular interest
because of their potential use in electronic nanodevices [12, 77, 78, 79]. A review on
these directed nanomaterial assemblies in non-uniform electric �elds was published
by Smith [80].

Whilst the aligned objects are termed "nano"-wires and "nano"-tubes, usually only
their diameter is in the nanometer range, whereas their length often amounts to several
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micrometers. As a result, these objects have high aspect ratios, which, in combination
with the very good polarizability of the conducting materials along the long axes, fa-
cilitate alignment in electric �elds. As opposed to that, proteins are molecules with
diverse shapes and sizes that are in the range of nanometers in all three dimensions.
Very early studies in the working group of Pörschke on electric dichroism of proteins
in solution show a temporal alignment of proteins induced by short electric �eld pulses
[81, 82, 83]. So far, however, this phenomenon has not been further investigated, nor
has a permanent alignment in combination with immobilization by electric �elds been
reported for proteins.

Methods for oriented immobilization of proteins

Many bioanalytical applications involve protein immobilization steps. The majority of
these immobilization procedures results in protein layers with a statistical distribution
of protein orientations where only a fraction of the binding sites are actually accessible
for analytes. As a result, antibody binding capacities or enzyme activities are decreased
as compared to respective proteins in solution [84, 85]. In contrast, antibodies and
antigen-binding fragments of antibodies (Fab fragments) that were immobilized with
a speci�c orientation showed increased binding activities as compared to antibodies
immobilized at random orientations [84]. In another study the activity of immobilized
and speci�cally oriented sulfotransferases approached the activity of solution phase
enzymes [85].

Distinct orientations of proteins can be achieved by physical or covalent methods if
speci�c prerequisites are met. Physical immobilization methods lead to adherence of
proteins to the substrate through van der Waals forces and hydrophobic or electrostatic
interactions. On charged surfaces, enzymes with a distinct charge distribution prefer
orientations where repulsive forces are minimized [86].

Covalent methods are based on the formation of bonds between particular sites of
the protein, mostly amino acid residues, and the support. With multiple reaction sites
present the degree of orientation decreases, and it is more probable that active sites
are altered resulting in a reduced activity or binding ability. Ideally, there is only one
residue that can be addressed individually, e.g., carbohydrate residues of glycoproteins
[87] or the C- or N-termini [88]. Usually, these speci�c sites are chemically modi�ed
and subsequently bound to surfaces that need to be prepared adequately to be able
to react with the introduced chemical modi�cations at the proteins. To name but a
few examples, proteins were phosphorylated [89], coupled with biotin [84] or with
polyhistidine tails [90] and bound to suitable supports. It is also possible to introduce
these residues by site-directed mutagenesis [91, 92]. As most of these strategies need
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adjustments for each protein according to its requirements, they are rather costly and
time-consuming.

A detailed overview over the numerous and diverse strategies to achieve an oriented
immobilization of proteins is given in reviews by Turkova et al. [10] and Rao et al. [11].

1.2.4 Investigation of oriented molecules

The orientation of elongated molecules or protein assemblies can be determined di-
rectly using microscopic techniques. With atomic force microscopy, for example, the
substructure of myosin was studied, and a substructure with two heads and a tail of
155 nm length was displayed [93]. Furthermore, di�erent types of DNA structures, e.g.
linear, circular or supercoiled, could be visualized [94]. Thus, their orientation can be
determined as well.

Despite the much higher spatial resolution of an atomic force microscope (AFM),
which lies in the range of a few nanometers or even in the subnanometer range for the
x/y-plane [95], optical microscopy is more common for orientational investigations,
since it allows for real-time observations and is easier to handle. With dark�eld mi-
croscopy [96] or di�erential interference contrast [66], the alignment in electric �elds
of microtubules with lengths up to 20 µm was monitored. The accumulation of �uo-
rescently labeled microtubules and their alignment in AC electric �elds was further
studied by �uorescence microscopy [97]. Similarly, the orientation of actin �laments
[72, 73] and of DNA [23, 52, 75, 76] was investigated using �uorescence labels attached
to the �laments or DNA strands, respectively.

Fluorescence microscopy is the method of choice for most experiments, since the
presence of several �uorescence labels at one molecule leads to a signi�cant signal
enhancement. Even more important is the development of detection techniques with
resolutions of down to 20 nm in the x/y-plane, enabling single molecule detection [98].
In addition to the improved spatial localization, �uorescent molecules further o�er ap-
proaches to gain orientational information. The emission of single �uorescence dye
molecules was found to produce di�erent intensity distributions depending on the ori-
entations of their absorption and emission dipoles [99]. Such emission patterns can
be matched to electrodynamic calculations of single-molecule emission in order to de-
termine their orientations [100]. With this approach, the orientation and position of
myosin V was determined from a series of slightly defocused �uorescence images, giv-
ing insight into the dynamic process of myosin V movement along actin �laments
[101]. Instead of defocusing the �uorescence image, the dipole emission patterns of
single molecules were also measured directly in the back focal plane of the microscope
objective [102].
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A further approach to determine molecule orientations, which is not dependent on
the spatial resolution of single �uorophores, is based on polarized excitation and/or
emission. Fluorophore interaction with light is characterized by absorption and emis-
sion transition dipole moments (TDMs), which are often parallel and can be assumed
as identical [103]. The TDM direction indicates the polarization of the photons either
absorbed at the transition from the ground state to the excited state or the photons
emitted at the transition from the excited state to the ground state. As a result, the ex-
citation e�ciency of a �uorophore depends on the polarization of the excitation light,
and likewise the polarization of the emitted light depends on the orientation of the �u-
orophore. This relationship was used to con�rm the expected alignment of carbocya-
nine dyes with long hydrocarbon tails in membrane bilayers with their hydrocarbon
chains parallel to those of the membrane bilayer phospholipids. A �uorescence po-
larization microscope with epi-illumination and high aperture objectives was used for
this study [104]. Another class of dyes that can be incorporated into membranes are
diphenylpolyenes. Their alignment in stretched polymers was studied by �uorescence
polarization spectroscopy [105].

Changes of �uorescence spectra upon illumination with di�erently polarized light
were also used to con�rm the temporary alignment of organic dyes in liquid crystals
by the guest-host e�ect [65]. Similarly, pleochroic dyes aligned in liquid crystals ex-
hibited absorption spectra that depended on the polarization of the incident light [64].
The orientation of �uorescence dipoles in solid crystals was determined for pentacene
in p-terphenyl at cryogenic temperatures from the �uorescence intensity variations in
dependence on the polarization of the excitation light [106]. A transilluminating po-
larizing microscope was used to derive the orientation of the chromophores in Green
Fluorescent Protein (GFP) crystals from �uorescence polarization measurements of the
crystals [107].

Microscopic methods are of exceptional interest as they combine spatial and orienta-
tional investigations. With conventional setups, however, the polarization component
along the microscope’s optical axis is not accessible, and only polarizations in the plane
of the microscope slide can be detected. For the determination of the three-dimensional
orientation, a total internal re�ection �uorescence (TIRF) setup is suited, where the ex-
citation possesses a strong polarization component also in the z-axis [108].

Enhanced Green Fluorescent Protein for orientational studies

GFP is an intrinsically �uorescent protein that occurs naturally in the jelly�sh Ae-
quorea victoria. It consists of 238 amino acids, mostly in β-strand conformation, that
form a barrel-like geometry with an aspect ratio of approximately 4:3. GFP has two
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absorption maxima at 395 nm and 475 nm [109]. The chromophore is a relatively small
part of the whole molecule structure. It lies the inside the barrel, and it is �xed in its
position by covalent and hydrogen bonds. Therefore, the protein orientation can be
deduced from the TDM of the chromophore alone.

One of the existing variants is the enhanced Green Fluorescent Protein (eGFP) (Fig.
1.6) with only two mutations (S65T and F64L) that lead to enhanced �uorescence prop-
erties and improved stability [110]. The orientation of its TDM relative to the chro-
mophore structure was calculated by Ansbacher et al. [111]. Not only is this protein
suited for orientational investigations on the basis of the TDM, its �uorescence further
serves as an indicator for proper folding and integrity of the molecule, as the protein
is only �uorescent in its native state. For these reasons, proteins of the GFP family are
popular for the use as functional model proteins.

(a) Ribbon diagram, side
view.

(b) Ribbon diagram, cut
open to reveal the chro-
mophore.

TDM

(c) Chromophore structure
with the TDM.

Figure 1.6: eGFP molecular structure (PDB ID: 2y0g). The protein backbone is de-
picted as bands or thin tubes in the ribbon diagram, while the chromophore is given as
structural formula with C: green, N: blue, O: red. The transition dipole moment (TDM)
of the chromophore, which is responsible for interaction with light, is indicated by an
orange arrow.

In one of the examples given for the determination of molecular orientation, GFP
crystals with a diameter of approximately 1 µm and lengths up to several hundred
micrometers were studied with a transilluminating polarizing microscope [107]. Con-
�gurations with polarized excitation, polarized emission, and the use of parallel or
crossed polarizers for excitation and emission were employed while the microscope
stage with the crystal was rotated. Fluorescence intensities were measured as func-
tions of the stage’s orientation angle for an individual crystal. This protocol, however,
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is not readily adaptable to measurements of smaller regions of immobilized eGFP as
the region of interest is di�cult to be kept in the center of the �eld of view. An alterna-
tive would be to vary the polarizer orientation instead of rotating the stage, which has
been done in measurements of single organic dye molecules [112]. With a similar ap-
proach, it should be possible to determine the orientation of homogeneously oriented
�uorescent proteins.

1.2.5 Biosensors

Biosensors are bioanalytical devices that detect an analyte of interest. They make use
of the speci�c interactions of a bioreceptor with the analyte and the thereby generated
response (Fig. 1.7). This response is usually transduced into an electrical signal that
represents the analyte concentration. Electrochemical transducers are most widely
spread, but there are also optical, acoustic and calorimetric transducers [113, 114, 115].
The bioreceptors can be any kind of material that binds or reacts with the analyte of

Signal

Analytes
Bioreceptor
Transducer Electronics

Figure 1.7: Working principle of a biosensor.

interest, e.g. tissues, microorganisms, cells or biomolecules like nucleic acids and pro-
teins [116]. The diverse group of proteins includes receptors, antibodies and enzymes,
which are prevalent in commercial biosensors [117]. The bioreceptors are connected
to the transducer by covalent immobilization, by adsorption or inclusion [118]. It is
possible that binding sites are modi�ed or sterically shielded in the course of the immo-
bilization step. For the functionality of a biosensor, however, the bioreceptors’ ability
to bind or react with the analyte is cruical. Therefore, the immobilization protocol has
to be optimized for sensitivity and stability [116]. Elaborate immobilization methods
have been developed to control the orientation of the bioreceptors and to assure free
access of the binding sites [11].
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Horseradish peroxidase in biosensors

Horseradish peroxidase (HRP) is an enzyme from the roots of horseradish with 308
amino acids [119]. It belongs to the class of oxidoreductases and catalyzes the electron
transfer from an electron donor, which is oxidized, to an electron acceptor, which is
reduced. More speci�cally, horseradish peroxidase (HRP) is a peroxidase. It oxidizes
substrates in the presence of a peroxide, mostly H2O2, and it is relatively unspeci�c
concerning the acceptance of substrates. HRP is soluble in distilled water and in dilute
bu�er, where it exhibits high activity at pH 6 - 8 in a temperature range of 20 ◦C to
45 ◦C [120]. Moreover, it can be purchased commercially at reasonable costs. These
facts render it popular for numerous applications, which include the detection of, e.g.,
hydrogen peroxide [121], organic peroxides [122], phenols or aromatic amines [123].
The catalytic nature of the reaction produces a strong signal enhancement, which is
bene�cial for the detection of small amounts of analytes. For this reason, HRP is also
employed as an indirect label. In Western blots or enzyme-linked immunosorbent as-
say (ELISA), for example, HRP is conjugated to antibodies that speci�cally bind the
proteins of interest and enables detection by a luminescent reaction [124].

Luminol as a substrate for HRP

Among the broad variety of substrates for HRP, chromogenic or �uorogenic substrates
are popular since they allow optical readout. Luminol is a substrate for HRP that can
be oxidized in the presence of H2O2 [125]. The oxidation is a chemiluminescence re-
action; the product 3-aminophthalate is formed in an excited state and relaxes with
the emission of a photon (Fig. 1.8). However, the quantum yield of luminol in aque-

Figure 1.8: Horseradish peroxidase (HRP)-catalyzed oxidation of luminol to 3-
aminophthalate.

ous solution is relatively low (ϕ = 0.0123 [126]). Nevertheless, the appeal of using this
substrate is the emission of photons precisely at the location of the reaction site so that
the presence and activity of enzymes can be detected immediately. Moreover, there is
no need of an excitation light source and, hence, no stray light. Thus, a high signal-
to-noise ratio can be achieved, which is bene�cial for sensitive measurements. The

16



luminol chemiluminescence reaction is the basis for a variety of quantitative applica-
tions [127]. Obviously, it can be used to detect H2O2 [128] or HRP, e.g. encapsulated
in liposomes [129] or on a membrane [130]. The latter is useful for detection of HRP
conjugates in Western blot assays.

Dihydrorhodamine 123 as a substrate for HRP

Precursors of �uorescence dyes like dihydrorhodamine 123 (DHR) can also serve as
substrates for HRP. In the presence of H2O2, the �uorescence dye rhodamine 123
(Rh123) is formed (Fig. 1.9). Rh123 is a very bright dye that exhibits a high molar
extinction coe�cient at 500 nm of 78 780 Lmol−1 cm−1 [131] and a high quantum yield
of 0.90 [132]. Furthermore, the possibility for repeated excitation of the �uorescence
dye is advantageous for the detection of enzyme activity, as higher emission intensities
can be achieved by longer illumination of the sample. A major �eld of application for
DHR is the indication of oxidative activity in cells [133].

Figure 1.9: Horseradish peroxidase (HRP)-catalyzed oxidation of dihydrorhodamine
123 to rhodamine 123.

1.3 Scope of this thesis

From the literature review it is evident that there was not much known about molecular
dielectrophoresis (DEP) of proteins and electrode-based DEP in particular at the begin-
ning of this work. Only one report on permanent immobilization of bovine serum al-
bumin (BSA) had been published. The permanent immobilization of proteins, however,
is a prerequisite for the preparation of biosensing surfaces. Hence, general research is
needed to understand the in�uence of experimental parameters on electrokinetic ef-
fects and the consequences for molecule motion, which is investigated in this thesis
for di�erent electrode geometries.

The existing studies on aligned immobilization by electric methods are limited to
non-biological objects with high aspect-ratios and high conductivities. Molecular align-
ment is shown for DNA or protein �laments whose lengths often amount to several
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micrometers, and immobilization is only achieved by chemical modi�cations on both
the molecule and on the electrode. To date, there are no publications on the aligned
immobilization of proteins with an electric �eld-assisted approach. The hypothesis
that is investigated in this thesis is that the orientational e�ect in electric �eld applies
also to proteins.

The number of existing methods for oriented immobilization of proteins demon-
strates how desirable it is to gain control over protein orientation on surfaces, and
that there is no universal method but rather very specialized approaches for di�erent
types of proteins. Speci�cally oriented proteins are of interest for interaction studies
and for the use in bioanalytical applications like biosensors. The working principle of
biosensors and also the role of horseradish peroxidase (HRP) in biosensors is described
extensively in the literature and is not repeated in the literature review, as the details
are not relevant to understand this thesis. What is important is a proof of concept
that enzymes that are immobilized on electrodes by electric �elds retain their catalytic
activity. This aspect is addressed in this thesis with the example of HRP.

This thesis’ objective is to gain insights into the �eld of molecular electrode-based
DEP and to demonstrate how to use this method in bioanalytical applications.
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Material and methods

2.1 Material

2.1.1 Chemicals

Ultrapure water with a conductivity < 1 µS cm−1 was used for all experiments. Chem-
icals were used as received.

Acridine orange 85 %, Sigma-Aldrich
2 µm beads (latex beads, carboxylate-modi�ed
polystyrene, red �uorescent)

Sigma

20 nm beads (FluoSpheres®, carboxylate-modi�ed mi-
crospheres, red �uorescent)

Invitrogen

Bovine serum albumin (BSA) > 98 %, Sigma-Aldrich
4-Cyano-4’-n-pentylbiphenyl Alfa Aesar
Dihydrorhodamine 123 (DHR) Cayman Chemical
Lambda-DNA Fermentas
Enhanced Green Fluorescent Protein (eGFP) BioVision
Ethanol 99.8 %, Roth
1-ethyl-3-(3-dimethylaminopropyl)carbodiimide
(EDC)

> 98 %, Fluka

Gold-plating solution (Elektrolyt Gold) Conrad
Hydrochloric acid 1M, AppliChem
Hydrogen peroxide H2O2 30 %, Roth
N -hydroxysuccinimide (NHS) > 97 %, Fluka
Mercaptoundecanoid acid (MUA) 95 %, Sigma-Aldrich
Peroxidase from horseradish (HRP), type VI-A, EC
1.11.1.7

Sigma-Aldrich

Oyster-555-TRP Luminartis
Oyster-647-TRP Luminartis
Phosphate bu�ered saline (PBS) 1 ×, AppliChem
PicoGreen (Quant-iT™ PicoGreen® dsDNA Reagent
and Kits)

Molecular Probes

Silver paint, conducting Conrad
Sodium hydroxide NaOH Roth
Sodium bicarbonate NaHCO3 Merck

Table 2.1: Chemicals.
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2.1.2 Analytic devices

DC voltmeter M9803R, Mastech
Demodulator probe TT-DE112, Testec
Function generator Model 193, Wavetek
Frequency counter Voltcraft 7207, Conrad
Indium tin oxide coverslip SPI Supplier (30-60 Ω)
Oscilloscope HM307, Hameg
Power ampli�er TOE 7606, Toellner

Table 2.2: Electrical setup and components.

Atomic force microscope (AFM) NanoWizard 3, JPK Instruments
AFM cantilever OMCL-TR400PSA, Olympus

Scanning electron microscope (SEM) Evo MA10, Zeiss
Energy dispersive X-ray spectroscopy (EDX) system Quantas XFlash6 EDS System,

Bruker
Fluorescence microscope BX51, Olympus

CCD camera Olympus F-View
Excitation �lter ET 545/25 AHF Analysentechnik
Emission �lter ET 605/70 AHF Analysentechnik
Beam splitter T 565 LPXR AHF Analysentechnik
Excitation �lter BP 460-495 Olympus
Emission �lter BA 510-550 Olympus
Dichroic mirror DM505 Olympus
Mercury lamp Osram HBO 103W/2
Objective 4 × UPLFLN, NA = 0.13, Olympus
Objective 10 × UPLFLN, NA = 0.30, Olympus
Objective 40 × UPLFLN, NA = 0.75, Olympus
Objective 60 × LUC Plan FL N, NA = 0.70,

Olympus
Objective 100 × UPLFLN, NA = 1.3, Olympus
Wire grid polarizer WP25L-UB, Thorlabs
Rotatable analyzer polarizer U-AN360-3, Olympus

Confocal laser scanning microscope (CLSM) Axiovert 100M, Zeiss
Fluorescence correlation spectroscopy (FCS) unit ConfoCor 2, Zeiss
Objective 10 × Plan Neo�uar, NA = 0.17, Zeiss
Objective 60 × LUC Plan FL N, NA = 0.70,

Olympus
Nunc™ Lab-Tek™ Chambered Coverglass 155441, Thermo Scienti�c

Table 2.3: Microscopes and components.
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Absorption (UV/VIS) Spectrophotometer Specord200, Analytik Jena
Centrifuge 5415 D, Eppendorf
Concentrator Vivaspin 500, Sartorius
Conductivity meter LF Digi 550, WTW
Cuvettes Fluorescence cell type 104F-OS,

Hellma
Fluorescence spectrometer LS55, Perkin Elmer
pH meter 761 Calimatic, Knick
Press (heatable, hydraulic) LaboPress P 200 S, Vogt
Thermoshaker-incubator Thriller, peqlab
Vortexer Vortex-Genie 2, Scienti�c In-

dustries

Table 2.4: Other devices.

2.1.3 Electrodes

With the exception of one type of interdigitated electrodes (IDE) taken from commer-
cial surface acoustic wave (SAW) components, all electrode chips were produced at
IHP in Frankfurt/Oder, Germany, in a standard 0.25 µm complementary metal-oxide-
semiconductor (CMOS) process on 8 inch silicon wafers. The protocol comprised sev-
eral photolithographic patterning, etching and polishing steps.

Tungsten cylinder electrodes

One type of electrodes used for dielectrophoretic protein immobilization were tung-
sten cylinder electrodes that were arranged in a square array on a chip with dimen-
sions of 1 cm × 1 cm. The electrode array was subdivided into four square subarrays
(Fig. 2.1a). Each subarray could be excited separately, and it contained 6256 electrode
pins that were set on one potential. 16 cross-shaped areas were formed by omitting
electrodes to allow a better identi�cation of individual electrodes. The electrodes were
prepared by �lling cylindrical holes etched in the silicon dioxide SiO2 with tungsten.
The electrodes were 900 nm thick, and they had a diameter of about 500 nm and gaps
of 2 µm to the nearest neighboring electrodes. The surface was polished to result in a
nearly �at surface. Due to the di�erent erosion rates of tungsten and SiO2 the tung-
sten electrodes were slightly recessed and lay approximately 30 nm deeper than the
surrounding SiO2 as determined by atomic force microscopy. The electrical contact
between the electrodes of each subarray was provided by an underlying metal layer
made of Ti/TiN/AlCu/TiN/Ti (Fig. 2.1b). The metal layers of all four subarrays lead
further to connection pads on the surface of the chip.
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200 µm

(a) Incident light micrograph of all four
subarrays.

silicon

SiO2

tungsten

Ti/TiN/AlCu/TiN/Ti

(b) 3D scheme of the material composi-
tion; parts of all four subarrays are dis-
played.

Figure 2.1: Arrangement and composition of a chip with tungsten cylinder electrodes.

Titanium nitride ring electrodes

A further, similar electrode design was used for dielectrophoretic immobilization of
proteins. Here, the nanoelectrodes were again arranged in a square array that was di-
vided into four subarrays. In contrast to the previously described electrode design,

10 µm
−40 nm

−20

0

20

(a) Section with parts of all four sub-
arrays.

1 µm

(b) Magni�ed section of four TiN elec-
trodes.

Figure 2.2: Titanium nitride ring electrodes; AFM height images.

all subarrays were connected to each other by an underlying metal layer made of
Ti/TiN/AlCu/TiN/Ti. Cylindrical holes with a diameter of 500 nm were etched into
the SiO2 and coated with a 20 nm thick layer of titanium nitride. Subsequently, the
holes were �lled with SiO2. After the last grinding step, elevated titanium nitride rings
with a thickness of approximately 20 nm remained on the surface. AFM measurements
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(Fig. 2.2) revealed a recess of the internal surface by 10 nm to 15 nm in relation to the
external surface. In the center of the rings there was an additional hole that results
from incomplete �lling of the hollow cylinders with SiO2. The depth of these holes
varied on the chips that were examined from 30 nm to 150 nm.

Interdigitated tungsten electrodes

Interdigitated tungsten electrodes (IDE) were used for the aligned immobilization of
proteins. Two pairs of IDE were fabricated on a chip that had dimensions of 1 cm × 1 cm
(Fig. 2.3a,c). Each electrode comb comprised 15 electrode �ngers of 30 µm length. The

35 µm

(a)Chip with two pairs of IDE; incident
light micrograph.

silicontungsten

Ti/TiN/AlCu/TiN/Ti

SiO2
(b) 3D scheme of the material composi-
tion; cross section along one electrode
basis.

(c) One pair of IDE; SEM micrograph. (d) Morphology of the electrode sur-
face; SEM micrograph.

Figure 2.3: Arrangement and composition of interdigitated tungsten electrodes.

electrodes had a thickness of 100 nm, and they were embedded in SiO2 (Fig. 2.3b).
The electrical connection was provided by conducting Ti/TiN/AlCu/TiN/Ti metal lay-
ers leading to connection pads. The �nal chemical and mechanical polishing step re-
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sulted in a surface, which was 10 nm deeper than the surrounding SiO2 as determined
by AFM measurements. Electrode bands and gaps were 750 nm and 450 nm wide, re-
spectively. According to SEM measurements combined with energy dispersive X-ray
spectroscopy (EDX) analysis, the surface of the tungsten electrodes was covered by a
thin layer of tungsten oxide. This oxide layer lead to a roughness of the surface with
structures that amounted to heights of 30 nm to 50 nm and whose diameters were in
the range of 30 nm to 100 nm (Fig. 2.3d).

Interdigitated aluminum electrodes

Aluminum IDE were prepared from commercial SAW components (X 6964 M, Epcos).
Two electrode combs were placed on a quartz substrate; they had 8 or 9 �ngers, re-
spectively (Fig. 2.4). The electrode �ngers had widths of 22.6 µm and gaps of 22.2 µm.

400 µm

Figure 2.4: Interdigitated aluminum electrodes.

2.2 Methods

2.2.1 Epi�uorescence microscopy

Microscope setup

An upright �uorescence microscope was used for imaging of experiments. The micro-
scope was equipped with a cooled CCD camera. Images were acquired using di�erent
objectives with magni�cations ranging from 4 × to 100 ×. For �uorescence micro-
graphs, �lters matching excitation and emission of the respective �uorophores were
chosen. The samples were illuminated with either a tungsten-halogen light source
or, for �uorescence excitation, a mercury arc light source. Illumination times up to
5 s were applied. For orientational investigations, the �uorescence microscope was
equipped with an additional polarization �lter, which was mounted in a self-manufac-
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tured rotatable slider and inserted into the excitation beam. A wire grid polarizer with
high transmission (> 83%) and high extinction rate (> 800:1) was employed.

Image acquisition and processing

Images were acquired using Olympus CellM 3.1, an imaging and analysis software,
which controls the camera and shutters of the illumination system. Images were pro-
cessed using ImageJ, a public domain Java image processing program, suited for mi-
croscopy evaluation.

2.2.2 Atomic force microscopy

AFMmeasurements

An atomic force microscope (AFM) was used for the detection and quanti�cation of
immobilized proteins. Imaging of dried chips was performed in contact mode in air.
Cantilevers with a spring constant of 0.02Nm−1 and pyramidal silicon nitride tips with
a nominal tip radius of 15 nm were used. Scanning rates between 0.4Hz and 1.0Hz and
pixel resolutions of 512 × 512 or higher were employed.

Evaluation of AFM images

AFM images were processed with the scanning probe microscopy evaluation software
Gwyddion. A possible tilt of the chip was compensated by the plane leveling function:
Three points were selected to de�ne a plane that is set to zero. Electrodes were selected
with the Gwyddion grain analysis tool by either a threshold value (or – for electrodes
with few proteins – by edge detection). Di�erent parameters like heights, volumes,
and areas of the grains were calculated using the program for further analysis, i.e. for
the quanti�cation of the amount of immobilized proteins.

2.2.3 Scanning electron microscopy

A scanning electron microscope (SEM) was employed to characterize the surface of
tungsten nanoelectrodes and to visualize the di�erently grown gold structures of the
gold-plated electrodes. The SEM was operated using the software SmartSEM (version
5.07). Acceleration voltages in the range between 5 kV to 15 kV and probe currents
between 10 pA to 500 pA were applied for imaging. The working distance was set
between 5mm to 11mm.
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2.2.4 Energy dispersive X-ray spectroscopy

The elemental constitution of the materials contained in the electrode chips on and
near the surface was determined by EDX analysis, especially after gold-plating. The
combination with the SEM allowed for a spatial resolution of the measurements. 10 kV
to 15 kV and probe currents up to 2 nA were applied to ensure an appropriate count
rate (> 50 kcps). The working distance was kept between 9mm and 10mm.
Line scans or element maps were measured and evaluated using the software Esprit
1.9.

2.2.5 Labeling of proteins

Oyster dyes are �uorescent dyes, which are commercially available, that have been
developed for �uorescent labeling of proteins. Here, tetra�uorophenyl (TFP)-func-
tionalized reactive dyes were used that bind to free amino residues of the proteins
(Fig. 2.5).

Figure 2.5: Covalent coupling of a �uorescent reactive dye to a protein. R1 - �uores-
cence dye, R2 - protein.

Fluorescence labeling protocol

The proteins BSA or HRP were dissolved in sodium bicarbonate bu�er (100mM, pH
8.5) to give a concentration of 5mgmL−1. The protein solution was added to the dry re-
active �uorescent dye Oyster-647-TFP or Oyster-555-TFP, respectively, and complete
dissolution was ensured by short vortexing. The reaction mixture was shaken con-
tinuously at 23 ◦C for 1 h with a thermoshaker-incubator at 300 rpm. Subsequently
the reaction mixture was �lled into two concentrators with 30 kDa molecular weight
cuto�. The concentrators were centrifuged at 15 000 rcf for 5min. The �ltrates were
removed, and the protein residues were redissolved in water. The centrifugation was
repeated for 6 or 9 cycles, respectively, to remove unreacted dyes and to exchange the
bu�er against water. After the �nal centrifugation step, the proteins were diluted to a
concentration of about 10mgmL−1. The exact concentration was checked by absorp-
tion spectroscopy. This stock solution was divided into aliquots of 10 µL, which were
stored at −20 ◦C.
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Absorption spectroscopy

Extinctions of protein and dye solutions were measured with an UV/VIS spectropho-
tometer at room temperature. Extinction was measured in 1 nm steps with integration
times of 0.1 s. Cuvettes with a volume of 1400 µL and a light path of 10mm were used.
The baseline was recorded with a cuvette containing ultrapure water.

Density of labeling

Density of labeling (DOL) was determined according to the supplier’s protocol. The
absorbanceA of the protein-dye conjugate was measured at 280 nm for the protein por-
tion and at 552 nm for Oyster-555 or 651 nm for Oyster-647. With the molar extinction
coe�cients ϵ the concentration of �uorophores cFluor can be calculated (Eq. (2.1)).

cFluor =
A552
ϵFluor

(2.1)

cProtein =
A280 − (A552 ·Cf280)

ϵProtein
(2.2)

DOL =
cFluor
cProtein

(2.3)

For the calculation of the protein concentration cProtein the �uorophores’ contribution
to the extinction at 280 nm has to be considered (Eq. (2.2)) using correction factorsCf280

as provided by the supplier. The density of labeling (DOL) is de�ned as the ratio of the
�uorophore and protein concentrations (Eq. (2.3)). The molar extinction coe�cients
for the proteins and the dyes, and the correction factors for the dyes are listed in Table
2.5.

λmax / nm ϵλ,max / Lmol−1 cm−1 Cf280
HRP 280 37112 -
BSA 280 43824 -

Oyster-555 552 150000 0.06
Oyster-647 651 240000 0.04

Table 2.5: Molar extinction coe�cients and correction factors for density of labeling
determination.

2.2.6 Dielectrophoretic immobilization of proteins

Electrical setup

AC signals (sine wave) were generated by a function generator and ampli�ed by a wide
band ampli�er (Fig. 2.6). Frequencies were controlled with a counter. Amplitudes were
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Figure 2.6: Scheme of the electrical setup for DEP experiments.

determined by a DC voltmeter equipped with a demodulator probe. The signal was ad-
ditionally monitored with an oscilloscope. Connections were made by coaxial cables
with the exception of a 10 cm �exible �at cable attached to the electrode chip that
helped to avoid any unintended displacement of the electrodes. A 3.3 µF polycarbon-
ate capacitor in series to the power ampli�er output prevented any DC components
reaching the electrodes.

Electrode preparation

Sample chambers were prepared from a laminating �lm that covered the chip surface
with the exception of the electrodes (Fig. 2.7). The laminating �lm had a thickness
of 0.1mm. It further served as a spacer to separate the tungsten or titanium nitride
nanoelectrode arrays from the counter electrode. The counter electrode, a conductive,
transparent indium tin oxide (ITO) coverslip, was placed on the chip for immobiliza-
tion experiments. The electric contact to the electrodes was provided by connection
pads on the chip surface. Thin copper wires were attached by conducting silver paint

Figure 2.7: Tungsten cylinder electrode chip prepared for DEP. On this chip, all four
subarrays were connected by conducting silver paint.
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and soldered to the connector. Similarly, the counter electrode was connected by con-
ducting silver paint. In the end, the electrode chip was �xed on a glass slide to facilitate
its handling.

Protocol for dielectrophoretic immobilization

For DEP experiments the protein stock solutions were diluted with water to give con-
centrations of 0.1mgmL−1 to 5mgmL−1 (≈ 3 µM to 75 µM). A sample volume of 0.5 µL
to 3.0 µL was pipetted into the sample chamber. The conductivity of the sample so-
lution was estimated to be less than 10 µS cm−1 on the basis of conductivity measure-
ments of larger volumes. AC signals (1 kHz to 1MHz, < 37V) were applied for a dura-
tion of few seconds up to 20min to attract the proteins towards the electrodes. (Peak-
to-peak values of voltages are given throughout the thesis.) Subsequently, the chip
was rinsed with water to remove non-immobilized proteins and dried in a stream of
nitrogen (Fig. 2.8).

+Prot. DEP Rinse

Figure 2.8: Scheme of the experimental procedure for dielectrophoretic immobiliza-
tion of proteins at nanoelectrode arrays.

Conductivity measurements

Conductivities of bu�er solutions were measured with a conductivity meter, which
comprised a pair of platinum electrodes. For this, the solutions were �lled into 1.5mL
Eppendorf tubes. Solutions with high bu�er concentrations were measured at a fre-
quency of 40Hz, solutions without bu�er or with low bu�er concentrations were mea-
sured at 4 kHz.

2.2.7 Quanti�cation of the amount of immobilized proteins

Dielectrophoretically immobilized proteins were quanti�ed using two di�erent ap-
proaches: Firstly, a relative quanti�cation was done using �uorescence intensities of
immobilized, �uorescently labeled proteins. For this purpose, three di�erent programs
were applied. Secondly, atomic force microscopy was used for an absolute quanti�ca-
tion.

30



Relative quanti�cation using �uorescence microscopy

a) Quanti�cation using ImageJ

ImageJ (version: 1.43u), a microscopy image evaluation software [134], was used for
the relative quanti�cation of dielectrophoretically immobilized proteins. Circular re-
gions of interest (ROIs) with �xed sizes were manually selected, and their mean inten-
sity values were calculated by the measuring tool ROI analyzer. Only electrodes with
�uorescence intensities above a certain threshold were considered for evaluation. The
background (BG) was determined with ROIs of the same size and shape in the vicinity
of the evaluated electrodes. The mean background intensity IBG was subtracted from
the mean �uorescence intensities IROI of the selected electrodes.

I = IROI − IBG (2.4)

The variation of sensitivities resulting from the use of di�erent �lter sets and of dif-
ferent illumination times for the measurement of either the enzyme label or of Rh123
was considered - if necessary - by dividing the background corrected intensities by
the corresponding background (Eq. (2.5)). These average intensities Iav were used to
compare the amounts of immobilized enzymes or of the reaction product Rh123 from
di�erent experiments.

Iav =
IROI − IBG

IBG
(2.5)

b) Quanti�cation using GenePix Pro

WithGenePix Pro (version 3.0.5, Axon Instruments), a microarray acquisition and analy-
sis software, �uorescent electrodes were automatically selected by de�ning a mask
with a number of colums and rows that was laid over the �uorescence micrograph.
The spot size was automatically �tted to the individual spots. The number of electrodes
used for evaluation is only limited by the section covered by the �uorescence micro-
graph. Mean background intensities from regions around the electrodes IBG and mean
�uorescence intensities IROI were calculated automatically by the software. Again,
background corrected average intensities Iav (Eq. (2.5)) were determined to account
for di�erent sensitivities and to allow a comparison of the �uorescence intensities.

c) Quanti�cation using Gwyddion

The scanning probe microscopy evaluation softwareGwyddion (version 2.28) [135] was
used to detect �uorescence located at the electrodes and to determine the respective
�uorescence intensities. First, the whole �uorescence micrograph was background
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corrected by chosing three points in the image with background intensities. The plane
de�ned by those three points was set as the background level with zero intensity. Fluo-
rescent electrodes in the �uoresence micrograph were selected with the grain analysis
tool. Since electrodes without immobilized proteins re�ect light at the metal surface
and lead to intensities exceeding those of electrodes with only few proteins, those bare
electrodes had to be omitted by selecting a threshold value. The mean intensities of
the selected electrodes were calculated by the grain analysis tool and used for further
evaluation.

Absolute quanti�cation using atomic force microscopy

The volumes of immobilized proteins located on the electrodesVAFM were determined
from the AFM height measurements with the program Gwyddion (see section 2.2.2).
Volumes were calculated from the areas covered with proteins and the mean heights
of the respective deposits. The recess of the electrodes in relation to the SiO2 surface
by approximately 30 nm was taken into account by adding this value to the heights
used for volume calculation. Subsequently, a maximum number of proteins Nmax con-
tained in the actual protein deposit volumes was estimated on the basis of the protein
crystal unit cell volume Vunit cell (Eq. (2.6)). According to the published crystal struc-
ture, the unit cell has dimensions of 21.56 nm × 4.51 nm × 14.24 nm [136]. From the
monoclinic crystal form and the C2 space group follows a number of eight protein
molecules contained in one unit cell.

Nmax = 8 · VAFM
Vunit cell

(2.6)

2.2.8 Investigation of enzyme activities

Monitoring of enzymatic reactions

An inverted confocal laser scanning microscope (CLSM) coupled with a �uorescence
correlation spectroscopy (FCS) unit was used to monitor enzymatic reactions in so-
lution. The sample was either contained in a chambered coverglass with a nominal
volume of 400 µL or pipetted onto a microscope slide. The focus of the optics was set
into the sample volume, and photon emission from the luminescent reaction was de-
tected with the sensitive avalanche photodiode detector of the FCS unit. The count rate
was monitored in intervals of 10 s to 30 s for a duration up to 100min. Objectives with
magni�cations of 10 × or 60 × were used. Chemiluminescent reactions were detected
without laser illumination. The formation of �uorescent products was monitored upon
excitation with an argon ion laser at 514 nm and a maximum power of 300 µW in the
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beam focus.

Enzymatic oxidation of dihydrorhodamine 123

DHR was dissolved in N2-purged ethanol at a concentration of 12.6mM. The stock
solution was stored at −20 ◦C in the dark to prevent auto-oxidation, which was fur-
ther checked by �uorescence spectroscopy. 30% hydrogen peroxide H2O2 was freshly
diluted for experiments to 0.05% (14.7mM) with water. For the enzymatic reaction,
1 µL of the DHR solution (12.6 nmol) and 1 µL H2O2 (14.7 nmol) were mixed in the
sample chamber of an electrode chip with immobilized enzymes (Fig. 2.9). The chip
was rinsed with water after less than �ve seconds incubation. Conversion of the non-
�uorescent DHR to the �uorescent Rh123 was subsequently monitored by �uorescence
microscopy.

+ H2O2
+ DHR

Rh123
Rinse

Figure 2.9: Scheme of the experimental procedure for enzymatic oxidation of dihy-
drorhodamine 123 (DHR) to rhodamine 123 (Rh123) by immobilized horseradish per-
oxidase.

Quanti�cation of enzyme e�ciency

The enzyme e�ciency EE was calculated as the ratio of the amount of newly formed
dye to the amount of immobilized enzymes (Eq. (2.7)). The amounts of the reaction
product and of immobilized enzymes were determined using the �uorescence intensi-
ties of the �uorescent enzyme labels and the �uorescent reaction product, respectively
(Eq. (2.5)). GenePix Pro was used to determine �uorescence intensities similarly to the
relative quanti�cation of immobilized proteins.

EE =
Iav, Rh123
Iav, HRP

(2.7)

Fluorescence spectroscopy

Fluorescence spectra of Rh123 solutions were recorded with a �uorescence spectro-
meter at room temperature. A scan rate of 200 nmmin−1 and monochromator slit
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widths of 10 nm were chosen. Cuvettes with a volume of 1400 µL and a light path
of 10mm were used.

2.2.9 Molecular alignment

Alignment of acridine orange

Acridine orange was dissolved in denatured alcohol at a concentration of 27 nM. It
was subsequently mixed with 4-cyano-4’-n-pentylbiphenyl in a ratio of 1:50 and �lled
in the sample chamber of an electrode chip with two opposing gold electrodes. The
sample chamber was sealed with a coverslip, and AC voltages of 20V to 37V were
applied to align the acridine orange molecules by the guest-host e�ect [137].

Alignment of DNA strands

Linear lambda-phage double-stranded desoxyribonucleic acid (dsDNA) with 48502 base
pairs and a molecular weight of 31.5MDa, dissolved in bu�er (10mMTris-HCl, pH = 7.6,
1mM EDTA) at a concentration of 0.3 µg µL−1 was diluted with water in a ratio of
1:200. The DNA amounts to a contour length of approximately 16 µm. The dsDNA
was stained with a solution of PicoGreen (DMSO, concentration not provided by the
supplier, diluted with water 1:200) by mixing the solutions in a ratio of 1:1. The stained
DNA was pipetted into the sample chamber of an IDE chip, and AC signals (> 1MHz,
> 25V) were applied to align the DNA strands between the electrodes.

Aligned immobilization of eGFP

eGFP was dissolved in water to give a concentration of 1mgmL−1 (30.6 µM). The stock
solution was divided into aliquots of 10 µL and stored at −20 ◦C. For immobilization
experiments, an aliquot of the eGFP stock solution was thawed and diluted with wa-
ter to a concentration of 0.35mgmL−1. A volume of between 0.5 µL and 2 µL eGFP
solution was pipetted into the sample chamber. A transparent coverslip was put on
the sample chamber to seal the chamber and to reduce evaporation. Protein move-
ment was imaged by �uorescence microscopy. An AC electric �eld (frequency range
100 kHz – 1MHz, voltages up to 37V) was applied for 1min to 5min to immobilize
proteins at the IDE. After switching o� the �eld, the chip was rinsed with water to
remove non-immobilized proteins and dried in a stream of nitrogen.
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2.2.10 Orientational investigations

Experimental setup

Chromophore orientations were investigated with a �uorescence microscope that was
equipped with rotatable polarizers. The polarizers were inserted into either the excita-
tion light beam or the emission light beam or both (Fig. 2.10a). Fluorescence intensities
were determined from �uorescence micrographs using ImageJ. The di�erent polarizer
con�gurations were compared using uncorrected �uorescence intensities.

For the setup with one excitation polarizer, data acquisition and evaluation was re-
�ned: The samples were excited with polarized light, and their �uorescence intensities
were measured by acquiring �uorescence micrographs. The excitation polarizer was
rotated in 22.5°-steps with a variation of the polarization angle α over 360° or more
(Fig. 2.10b), and �uorescence intensity images were acquired for each polarizer posi-
tion. Subsequently, the electrode chip was rotated and �xed in the new chip orienta-
tion β . Again, the excitation polarizer was rotated in 22.5°-steps, and a new data set of
�uorescence micrographs was acquired. This procedure was repeated for several chip
orientations. The chip orientation with the electrode �ngers oriented vertical in the
image will be referred to as “0°” throughout the dissertation.

(a) Fluorescence microscope1 with two
polarizer slots for excitation and emission
(black).

sample
β

polarizer
α

dichroic
mirror

Hg
excitation

source

camera

(b) Light path for �uorescence measure-
ments with an excitation polarizer. Polar-
izer orientation α and sample orientation
β are varied stepwise.

Figure 2.10: Experimental setup for orientational investigations with its light path
(blue = excitation, green = emission). Double-headed arrows indicate the plane of
polarization.

1Image source: Olympus BX51 manual, modi�ed.
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Data correction of polarized light �uorescence intensities

Dichroic mirrors or �lters are employed in �uorescence microscopes to selectively re-
�ect or transmit light of certain wavelengths. The transmission e�ciency of these
�lters depends not only on the wavelength but also on the incident angle and on the
polarization of the incoming light [138]. This characteristic of the dichroic mirror leads
to polarizing e�ects of the optical setup that have to be taken into account for a quanti-
tative determination of �uorescence polarization [139]. Therefore, measured data were
corrected with reference data from statistically oriented samples.
For this purpose, a solution of �uorescent proteins was chosen. The intensity modu-
lation obtained in response to changes of the excitation polarizer orientation by this
reference sample was assigned to the optical properties of the system [138]. For fur-
ther in�uence factors on the measured intensities, the following assumptions were
made: The intensity of the light source IHg and transmission e�ciencies of excitation
and emission �lters tex and tem, respectively, is constant for given wavelengths and
independent of the polarization. The transmission tα of dichroic mirrors for given
wavelengths is dependent on the polarization orientation α and, as a consequence,
so is the excitation intensity Iex(α ) = tex · tα · IHg. Scattered light from components
of the optical pathway or the sample is blocked by the �lters and can be neglected
here. As images were acquired in darkness, residual light can also be neglected. A
constant background a�x is caused by dark current and camera noise. It was deter-
mined experimentally from dark frames (shutter closed, acquisition time according to
respective data collection). The software ImageJ was used to select ROIs within the
images. The plugin ROI manager was used to determine mean intensities of ROIs for
further evaluation. The mean intensities Iref(α ) measured with the reference protein
solution were background corrected and used to correct �uorescence intensities from
unknown samples.

Evaluation of data from polarized light �uorescence microscopy

The mean �uorescence intensities Im(α ) measured from unknown samples were cor-
rected with reference data Iref(α ) with consideration of a constant background a�x (Eq.
(2.8)).

I (α ) =
Im(α ) − a�x
Iref(α ) − a�x

(2.8)

For the case of an oriented sample, the corrected intensity I (α ) is expected to show
periodic variations as a function of the polarization orientationα of the excitation light.
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This periodicity can be described by a sin2 function of the general form (Eq. (2.9))

Iper(α ) = Iav +A0 · sin(α − ρ)2 (2.9)

with an average intensity Iav, the amplitudeA0 representing the amplitude of intensity
variation, and a phase o�set ρ. This equation was used for the simplest cases of orien-
tational investigations, where no overall intensity decrease due to �uorescence bleach-
ing was observed. If necessary, however, bleaching was taken into account by, e.g., a
linear approximation (Eq. (2.10)) to the data. As an alternative to a linear approxima-
tion, bleaching can be accounted for more precisely by assuming a monoexponential
decay (Eq. (2.11)) for the �uorescence intensity. I0 is the �uorescence intensity of an
unbleached sample, b or d are the linear or exponential decay constant, respectively,
and I∞ is the residual background intensity of the bleached sample.

Bleaching is dependent on the duration of illumination and, hence, the number of
micrographs acquired. As a �uorescence micrograph is taken for each polarizer posi-
tion, bleaching is indirectly a function of the polarizer orientation. If the sample is not
or only very shortly illuminated between the acquisition of �uorescence micrographs
or between reorientation of the chip, a continuous �uorescence decrease is observable
extending several data sets.

Ibleach,1(α ) = I0 + b · α (2.10)

Ibleach,2(α ) = I0 · exp(−α/d ) + I∞ (2.11)

I (α ) = Ibleach,2(α ) · Iper(α ) (2.12)

I (α ) = (I0 · exp(−α/d ) + I∞) · (Iav +A0 · sin(α − ρ))2 (2.13)

In the course of the following �tting procedure, the exponential function’s parameters
I0, d and I∞ were included in the sin2 �t function Eq. (2.13) and allowed to vary just
within the interval given by their standard deviations resulting from the initial expo-
nential �t. All functions were �tted to corrected data using Origin (OriginPro 8G), a
data analysis and graphing software.

2.2.11 Electroplating

Experimental setup

The electrodes were electrically connected to a DC voltage source using a conducting
rubber pad and a brass plate held in place by an alligator clip. The sample chamber
was formed by a silicon sealing ring enclosing the electrode array. The anode, a gold-
plated copper wire, was placed on the sealing ring and positioned over the electrode
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array so that it would later be in contact with the gold-plating solution. The gold-
plating solution contained 2-3% K4Fe(CN)6, 1% H[AuCl4] and 2-3% (NH4)2CO3.

Protocol for electrolytic gold-plating

For gold-plating of tungsten cylinder electrodes, DC voltages in the range of 1.0V to
3.0V were applied, and 10 µL gold plating solution were added immediately. After a
duration of 30 s to 30min the gold plating solution was removed with a pipette, and
subsequently the voltage was turned o�. The electrode chip was rinsed with water and
dried in a stream of nitrogen. If the electrode chips were pre-cleaned with isopropanol,
ethanol or 10 % hydrochloric acid, the chip was incubated with 5 µL to 10 µL of the
solvent for 3min. It was subsequently rinsed with ethanol and dried in a stream of
nitrogen. Annealing was performed in a heatable, hydraulic press (the press-function
was not used) in vacuo (50mbar) at 300 ◦C for 30min.

Calculation of current densities

Current densities J were calculated from from the measured electric current I and the
electrode surface area Aele (Eq. (2.14)). The electrode surface area Aele depends on the
number of connected subarrays Nsub ∈ {1; 2; 3; 4}, the number of electrodes contained
in one subarray Nele = 6256, and the electrode radius rele = 250 nm (Eq. (2.15)).

J =
I

Aele
(2.14)

Aele = π · r 2ele · Nele · Nsub (2.15)

2.2.12 Covalent immobilization of proteins

Gold-plated electrodes were incubated in mercapto undecanoic acid (MUA) (5mM) for
> 48 h to allow arrangement of mercapto undecanoic acid (MUA) molecules on the
gold surface and the formation of Au-S bonds (Fig. 2.11). The carboxyl groups of
MUA were activated by a mixture of 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide
(EDC) (0.4M) and N -hydroxysuccinimide (NHS) (0.1M) in a ratio of 1:1 for 10min.
Subsequently, a solution of the protein was added for immobilization (10mgmL−1).
After 10min incubation with the proteins, the chip was rinsed with water.
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Figure 2.11: Reaction scheme of covalent attachment of a protein to a MUA-modi�ed
gold electrode using NHS/EDC activation.

2.2.13 Raman spectroscopy

Raman spectra were measured by Dr. Khoa Ly, AG Weidinger, TU Berlin. A confocal
Raman spectrometer (LabRam HR-800, Jobin Yvon) was used with a krypton ion laser
as excitation source (413 nm, 5mW). A 25 x objective with numerical aperture NA =
0.2 was used.
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3 Results and discussion

3.1 Quanti�cation of dielectrophoretically

immobilized proteins

Reliable quanti�cation methods are required to determine the in�uence of di�erent
experimental parameters on the dielectrophoretic immobilization of proteins. Usu-
ally, �uorescence dyes are used to label proteins, and DEP experiments are evaluated
by �uorescence microscopy. A new approach for the investigation of the dielectro-
phoretic immobilization of proteins using an AFM is presented, and its advantages
and disadvantages are demonstrated and compared to �uorescence microscopy.

3.1.1 Relative quanti�cation using �uorescence microscopy

In this work, three di�erent programs were applied for the determination of �uores-
cence intensities. One being the microscopic imaging software ImageJ [134], the sec-
ond being a software for the evaluation of microarray slides, GenePix Pro (Axon In-
struments), and the third being a software for scanning probe microscopy evaluations,
Gwyddion [135]. The di�erent programs were employed on the one hand to mutu-
ally validate the evaluation protocols. On the other hand, depending on the nature of
the �uorescence micrograph and, e.g., the number of displayed electrodes, a choice of
evaluation protocols is handy to meet the di�ering requirements for evaluation.

Comparison of di�erent evaluation softwares

The most obvious approach to determine �uorescence intensities of di�erent ROIs in a
�uorescence micrograph is to use a microscopy evaluation software like ImageJ. ROIs
of various shapes and sizes can be de�ned manually in the image, and the correspond-
ing mean intensities can be calculated. Individual selection of each ROI brings the
advantage that there are no restrictions for the choice of ROIs, i.e. regions showing
low intensities, can be selected without any problems. This evaluation procedure is
straightforward and particularly useful when the number of ROIs is limited.

When more ROIs need to be evaluated, manual selection is tedious and automated
detection of ROIs is desirable. Microarray readers are commonly used to scan the nu-
merous �uorescent spots on microarray slides. The spots are arranged in arrays that
are automatically evaluated by softwares provided with the readers. The electrodes
used for dielectrophoretic immobilization are about two orders of magnitude smaller
than most microarray spots, but due to the regular arrangement of the electrodes in
arrays the �uorescence images resemble those of microarray slides. Consequently,
�uorescence images of the electrode arrays can be acquired using a �uorescence mi-
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3.1 Quanti�cation of dielectrophoretically immobilized proteins

croscope, and the image �les can be evaluated by a microarray evaluation software,
i.e. GenePix Pro.

Similarly, an automated detection of all �uorescing electrodes contained in a �uo-
rescence image is feasible with the scanning probe microscopy evaluation software
Gwyddion. This software features a tool to analyze grains that automatically recog-
nizes structures from their height di�erences or curvatures. This tool generates a
mask of which characteristics like the mean heights, areas, etc. can be calculated.
Evaluation with Gwyddion is advisable for better comparability of �uorescence inten-
sities and parameters obtained from AFM measurements (deposit heights or volumes)
by evaluating the respective images with the same software. The evaluation using

(a) 5V. (b) 10V. (c) 20V.

Figure 3.1: Three individual electrode subarrays with HRP-Oyster-555 immobilized at
10 kHz and di�erent voltages; �uorescence micrographs.

ImageJ, GenePix Pro, or Gwyddion for the determination of �uorescence intensities
is exemplarily shown for three experiments on three individual electrode chips (Fig.
3.1). Horseradish peroxidase (HRP) was labeled with the �uorescence dye Oyster-
555. According to the calculated DOL, three �uorophores were bound per enzyme.
HRP-Oyster-555 was then immobilized on the electrodes of one subarray by apply-
ing 5V, 10V and 20V, respectively, at a constant frequency of 10 kHz for a duration
of 20min. At the lowest voltage a coverage of about 25 % of the electrodes resulted
whereas at higher voltages immobilization occurred at nearly all electrodes.

With ImageJ, 100 electrodes were selected manually as circular ROIs and 20 back-
ground ROIs of the same shape and size were selected in the electrode gaps. From
these ROIs, mean �uorescence IROI or background intensities IBG were determined.
The (mean) �uorescence intensities at the electrodes were subsequently background
corrected: IROI − IBG.

WithGenePix Pro, the microarray evaluation software, arrays were de�ned with a �x
number of columns and lines. The spot size was automatically �tted to the electrodes,
and the intensities were background corrected each with a local background intensity
from the space surrounding the electrodes. Nearly all electrodes that were visible in
the �uorescence micrographs (840, 2700 or 4800 electrodes) were considered.

Using Gwyddion, the scanning probe microscopy evaluation software, all electrodes
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3 Results and discussion

contained in the �uorescence micrographs with �uorescence intensities above a certain
threshold (677, 2079 or 3963 electrodes) were considered.

The normalized mean intensities for the three experiments are displayed in Fig. 3.2.
All three independent evaluation methods gave quite similar results showing decreas-
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Figure 3.2: Normalized �uorescence intensities of immobilized HRP-Oyster-555, eval-
uated using three di�erent programs. With the program GenePix Pro, two values were
determined for the data point at 5V.

ing intensities with higher voltages applied for DEP. From DEP theory an increase
would be expected due to the square dependence of the dielectrophoretic force on
the applied voltage (Eq. (1.1)). There are two explanations for this phenomenon of
decreasing intensities. The �rst explanation assumes a positive correlation of �uores-
cence intensities with the amount of immobilized proteins. In this case the coverage
of only about 25 % of the electrodes in the experiment with the lowest voltage leads to
a distribution of the proteins onto less electrodes resulting in higher amounts of accu-
mulated proteins per covered electrode. The second explanation assumes a negative
correlation of �uorescence intensities with the amount of immobilized proteins. High
amounts of immobilized proteins would lead to a dense packing of �uorophores and a
decrease in �uorescence intensity caused by self-quenching of the �uorophores.

The very good agreement of the results using ImageJ and Gwyddion supports the
qualitative equivalency of the two methods. With these two evaluation procedures,
electrodes showing low �uorescence intensities were omitted. Only GenePix Pro eval-
uation enabled a consideration of those electrodes. In the experiment with the lowest
applied voltage and a coverage of only about 25 % of the electrodes this leads to a sig-
ni�cant di�erence. As a consequence two data points were determined for this experi-
ment. GenePix Pro 1 omits the electrodes with low intensities similar to the evaluation
procedures using ImageJ and Gwyddion. At contrast those electrodes were taken into
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3.1 Quanti�cation of dielectrophoretically immobilized proteins

account forGenePix Pro 2. The overall lower mean intensity values obtained byGenePix
Pro evaluation are supposedly the result of the automated selection of a background
from the area surrounding the electrodes. In those areas �uorescence might be higher
than in the electrode gaps and thus lead to a reduction of the background corrected
intensity values.

The choice of the program that is best suited for an evaluation depends on the spe-
ci�c requirements; e.g., the number of ROIs and the presence or absence of �uorescence
localized at some of the ROIs have to be taken into account.

3.1.2 Comparison of �uorescence microscopy and atomic force
microscopy for protein quanti�cation on an
electrode-to-electrode basis

One immobilization experiment using an electrode chip that comprises four electrode
subarrays with 6256 electrodes each can be considered as simultaneous experiments
on 6256 individual electrodes. Theoretically, all electrodes are equally active, and for
most evaluations it is justi�ed to average their characteristics. However, �uid �ows
and the protein supply from the solution vary with spatial dependence. Therefore, a
comparison of �uorescence intensities and protein deposit heights on an electrode-to-
electrode basis is of special interest.
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Figure 3.3: Correlation of normalized mean intensities of 100 electrodes with immobi-
lized BSA-Oyster-647 obtained from �uorescence and AFM height images. Dielectro-
phoretic immobilization was performed at 5V and 10V on separate electrode chips.

A prerequisite for this kind of evaluation is an electrode chip with evenly distributed
proteins to enable a clear assignment of speci�c electrodes. As this assignment is not
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3 Results and discussion

readily possible with an automated detection of the electrodes, the manual approach
using ImageJ was chosen. The amount of immobilized proteins was determined ex-
emplarily for two experiments with �uorescently labeled BSA immobilized at 5V or
10V, respectively. ROIs were selected manually using ImageJ to ensure that exactly
the same 100 electrodes in an outer corner of the subarray were selected in the correct
order. Mean intensities of these ROIs were determined from a �uorescence micrograph
and from an AFM height image. The correlation between normalized �uorescence and
AFM data is linear for both experiments (Fig. 3.3), with Pearson’s correlation coe�-
cients of r5V = 0.83 and r10V = 0.57. Deviations are interpreted as a result of �uores-
cence quenching in large protein deposits with high �uorophore densities or of weak
�uorescence in small protein deposits.

3.1.3 Absolute quanti�cation using atomic force microscopy

Quanti�cation of dielectrophoretically immobilized proteins

The number of proteins immobilized on a single electrode can be estimated by cal-
culating the maximal number of immobilized proteins using the crystal unit cell size.
According to the Protein Data Bank the symmetry group is C121, hence a unit cell of
21.56 nm × 4.51 nm × 14.24 nm contains 8 protein molecules [136].
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Figure 3.4: Four tungsten cylinder electrodes with dielectrophoretically immobilized
bovine serum albumin.

During standard DEP experiments with durations between 5min to 10min, all of
the electrode surface is covered with proteins that pile up to cylindrically shaped de-
posits (Fig. 3.4). Mean volumes in the presented example amount to approximately
3.1 · 10−20m3. Assuming a packing of proteins that is not as dense as in the crystal, the
maximal number of proteins in this deposit can be calculated according to Eq. (2.6).
It amounts to 1.8 · 105. Analogously, the maximal number of proteins in the largest
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3.1 Quanti�cation of dielectrophoretically immobilized proteins

and in the smallest deposits on tungsten cylinder electrodes was determined: Up to
4.4 · 106 protein molecules were calculated for the largest deposits with volumes of
7.6 · 10−19m3 after an experiment at 10 kHz and 20V. After the shortest experiment,
which was terminated after just one second, a protein volume of 9.4 · 10−21m3 had
accumulated per electrode, corresponding to a maximal number of 5.4 · 104.

Quanti�cation of small protein deposits

Apart from the proteins accumulated at the electrodes, some AFM height images showed
small deposits on the SiO2 surface. The determination of the dimension of these de-
posits is limited by the resolution of the actual AFM setup, which is approximately
15 nm in x, y direction, whereas in z direction a resolution of 1 nm can be reached.
Consequently, it does not make sense to calculate the deposit volume and the number
of proteins contained therein. However, it is possible to estimate the number of protein
layers in those deposits from their heights. This is exemplarily demonstrated for eGFP
deposits on a TiN electrode chip (Fig. 3.5a), where eGFP was dielectrophoretically
immobilized.
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(b) Histogram of 303 small deposit heights.

Figure 3.5: Titanium nitride ring electrodes with dielectrophoretically immobilized
eGFP deposited at the electrodes and additional small aggregates on the SiO2 surface
between the electodes.

The TiN electrodes were chosen because of their thin ring structures along which
less proteins are immobilized than on the much larger surface of the tungsten elec-
trodes. The experimental parameters were chosen with the intention to achieve as
small deposits at the electrodes as possible. After �eld application and subsequent rins-
ing, the chip was examined with an AFM to investigate the spatial distribution of the
proteins along the electrode structures. Interestingly, the proteins were not distributed
evenly along the TiN rings. They had accumulated preferably on one side of the elec-
trodes, which might be the result of �uid rolls along the edges of the electrode chip. In
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3 Results and discussion

the electrode gaps, additional deposits with smaller dimensions could be detected as a
result of the good height resolution of the AFM measurement. The heights of 14 pro-
tein aggregates at the electrodes and of 303 small aggregates in the electrode gaps (Fig.
3.5a) were determined to quantify the protein amounts. The deposits along the ring
electrodes had heights in the range from 7 nm to 27 nm and volumes of 6 · 10−23m3

to 51 · 10−23m3. The mean height was (15 ± 4) nm, which corresponds to approxi-
mately four to �ve protein layers. The small deposits in the gaps had a mean height of
(4.7 ± 0.5) nm indicating monolayer spots of eGFP. The deposit height show a Gaus-
sian distribution around the mean height (Fig. 3.5b). From the di�erence in the size
of protein deposits in the electrode gaps and on the electrodes it is evident that the
proteins are not aggregated in solution prior to �eld application, and that the forma-
tion of aggregates is not a direct result of the �eld application but rather a process of
accumulating proteins in the course of the experiment.

3.1.4 Discussion

Fluorescence microscopy is the method of choice for investigations of biomolecule
manipulations. It is easy to implement, and it allows real-time imaging of DEP ex-
periments with �uorescently labeled biomolecules. Thus, reversible accumulations
and �uid rolls that move proteins along can be observed. However, the detection of
low protein amounts was not always possible due to a low signal-to-noise ratio. The
background noise was presumably caused by re�ections at the metal surface and stray
light, additionally, non-speci�c adsorption lead to background �uorescence. Above
that, �uorescence quenching at high label densities or time-dependent bleaching ren-
der a reliable quanti�cation of �uorescence intensities di�cult. Without the use of
intensity standards for calibration, only a relative quanti�cation is possible.

Three di�erent programs were compared for the relative quanti�cation of dielec-
trophoretically immobilized proteins using �uorescence intensities located at the elec-
trodes. Using ImageJ the selection of ROIs located at the electrodes had to be done
manually, which can be tedious when considering several hundreds or even thousands
of electrodes. In contrast, protocols for the use of the microarray evaluation software
GenePix Pro and for the scanning probe microscopy evaluation software Gwyddion
were developed to achieve an automated evaluation of the great number of electrodes.
The automation provides a high reproducibility by de�ning an array with the same
number of columns and rows and the same spot size or by selecting the same threshold,
respectively. Moreover, evaluation is faster even with very high numbers of ROIs, and
increasing the number of ROIs does not signi�cally impact evaluation times. GenePix
Pro also detects spots with low intensity more easily. Gwyddion allows better compa-
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3.2 Dielectrophoretic immobilization of proteins on nanoelectrode arrays

rability of �uorescence intensitities with AFM height or volumes.
The AFM was introduced as an approach to absolute quanti�cation of dielectro-

phoretically immobilized proteins. Whilst atomic force microscopy is undeniably a
time-consuming method, it also holds valuable advantages: The high spatial resolu-
tion of the AFM revealed the distribution of proteins on single nanoelectrodes and
in the gaps in between. Very small amounts down to only a few proteins could be
detected. It was found that protein deposits in the electrode gaps were smaller than
the smallest deposits detected on the electrodes. Thus, accumulation in the course of
a DEP experiment could be distinguished from aggregation in solution prior to �eld
application. The areas covered with proteins and the heights of the protein deposits
are accessible from height measurements in contact mode. Consequently, atomic force
microscopy allows an absolute quanti�cation of the amount of dielectrophoretically
immobilized proteins. Estimates of the maximal number of immobilized proteins per
electrode were calculated on the basis of their crystal structure. These values give an
idea of the order of magnitude of the protein amounts contained in the deposits after
dielectrophoretic immobilization. With a better knowledge of protein interactions and
their arrangement on the electrodes, this number can be determined more precisely.

In general, both quanti�cation methods using �uorescence intensities on the one
hand and AFM heights or volumes on the other hand yielded matching results: Those
electrodes that were suitable for both evaluation methods gave a strong correlation
between �uorescence intensities and AFM heights in the investigation on an electrode-
to-electrode basis. For those electrodes that can only be evaluated by either AFM or
�uorescence measurements, the two methods complement each other.

3.2 Dielectrophoretic immobilization of proteins on

nanoelectrode arrays

In DEP experiments, Brownian motion and AC electrokinetic e�ects compete with
each other [14]. Of the latter, electrothermal �ow is the most dominant factor besides
DEP at frequencies in the MHz range, whereas AC EOF interferes with DEP at lower
frequencies [97, 140, 141]. As AC EOF is a tangential force [15], it can be minimized by
employing electrode con�guration with low tangential components. For this reason,
nanoelectrode arrays with one distant counter electrode above the array were designed
and used for protein DEP in this work. Not only are electrode dimensions, shape, the
gap width and arrangement of substantial importance for the interplay of the involved
forces. Also experimental parameters have to be optimized for each electrode con�g-
uration. In this section the in�uence of frequency, voltage, experiment duration, and

49



3 Results and discussion

medium conductivity on dielectrophoretic immobilization is examined.

3.2.1 Frequency dependence

Polystyrene beads with a diameter of 2 µm were used to monitor the in�uence of the
frequency in dielectrophoretic immobilization experiments in real-time. The employ-
ment of beads is advantageous since each bead can be tracked individually, and the
response upon frequency variation is directly observable. This allows the observa-
tion of reversible accumulations and of �uid �ows like rolls or vortices, that do not
lead to permanent immobilization at the electrodes. The applied frequency was var-
ied from 1 kHz to 10MHz at a constant voltage of approximately 10V. Movement of
the beads away from the electrode arrays was observed for high frequencies in the
range between 100 kHz to 2MHz. The mechanism responsible for this movement is
presumably negative DEP. Attraction to the electrodes by positive DEP occurred be-
tween 1 kHz to 100 kHz, indicating a crossover frequency of 100 kHz. Most beads were
immobilized at the electrodes, but some beads moved from one electrode to a neigh-
boring one, or they were carried away by �uid �ows. Below 5 kHz, in addition to an
attraction towards electrodes, gas bubbles were formed at the edges of the electrode
array and at the corner electrodes (Fig. 3.6). The formation of these gas bubbles is the
result of water electrolysis: 2 H2O (l) −→ 2 H2 (g) + O2 (g). Electrolysis is facilitated at
low frequencies, but it is also dependent on the applied voltage.

With proteins only positive DEP was observed in the whole frequency range. This
is probably a result of the smaller dimension of proteins and the associated higher
crossover frequency [142, 143]. At frequencies around 100 kHz, �uid �ows were more

Figure 3.6: Bubble formation due to water electrolysis at the edges of the contacted
electrode array in a DEP experiment with 2 µm beads; 10Hz, 38V.
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3.2 Dielectrophoretic immobilization of proteins on nanoelectrode arrays

pronounced, and at frequencies in the MHz range dielectrophoretic accumulation was
less e�ective. Consequently, a compromise has to be made for the choice of the opti-
mal frequency in order to maximize dielectrophoretic attraction and at the same time
circumvent water electrolysis at lower frequencies. This optimum for protein immo-
bilization on the electrode arrays is 10 kHz.

3.2.2 Voltage dependence

From the voltage variation at a constant frequency of 10 kHz, a threshold voltage of
approximately 5V was obtained that had to be overcome for positive DEP to start.
Voltages up to 20V lead to fast bead movement towards the electrodes. At higher
voltages the movement was even faster, but at the same time bubble formation could
be observed as a result of water electrolysis, which lead to gas formation. These gas
bubbles formed mainly at electrodes of the outmost lines and corners of the subarrays
(Fig. 3.6).

Conductive tracks

Contact pads Electrode arrays

Crosstalk
AC

ITO

Figure 3.7: Scheme of the electrode chip showing four contact pads and corresponding
conductive tracks leading to the four electrode subarrays. One subarray (dark red) is
connected to a voltage source causing a crosstalk e�ect on the neighboring subarray
(red).

Furthermore, e�ects at neighboring subarrays were observed that resembled the
e�ects obtained at small applied voltages. The latter were caused by electric crosstalk
from the connected conductive track to the next track that runs in parallel with a
distance of only 2mm. Thus, voltages are capacitively coupled into subarrays that are
not directly connected to the voltage source. The e�ect is most pronounced on the
neighboring subarray that has a conducting track in parallel. The other neighboring
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subarray and the one located diagonally show less e�ects owing to the more remote
conducting tracks (Fig. 3.7). The electric crosstalk has to be considered when separate
experiments are performed on di�erent subarrays of an electrode chip and when an
unused subarray is considered as negative control.

The e�ect of voltage variation on dielectrophoretic immobilization of proteins was
systematically investigated with �uorescently labeled BSA. The frequency was 10 kHz,
and an experiment duration of 20min was kept for all experiments. Voltages of 1, 5,
10 and 20V were applied to separate electrode chips. After �eld application the chip
was rinsed with water and dried in a stream of nitrogen. With the exception of the
experiment at 1V, the proteins remained immobilized after rinsing. Additionally, a
reference chip was prepared by incubating the chip for 20min with �uorescently la-
beled BSA, followed by rinsing and drying analogously to the treatment of DEP chips.
Without the application of an electric �eld, proteins adhere to the SiO2 surface and
to the electrodes by non-speci�c interactions. No preference for either SiO2 or tung-
sten could be detected on the reference chip. The amount of immobilized proteins

(a) Fluorescence micro-
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Figure 3.8: Fluorescence micrograph (a) and AFM height image (b) of the electrode
chip with immobilized BSA-Oyster-647. The section comprising the 124 electrodes
used for evaluation (c) is framed in (a) and (b).

was determined for each experiment using �uorescence intensities and deposit vol-
umes. Sections of the chip comprising 124 electrodes were chosen for evaluation (Fig.
3.8). Background corrected intensities from �uorescence measurements were aver-
aged for those 124 electrodes for each experiment, and the deposit volumes from AFM
measurements at those 124 electrodes were added together for each experiment. Both
approaches revealed increasing protein amounts with higher voltages (Fig. 3.9). The
standard deviations of the �uorescence intensities or the deposit volumes are displayed
as error bars to visualize the variations within one experiment.

The high intensity value for the reference chip (0V) measured by �uorescence mi-
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croscopy is inconsistent with the low volume measured with the AFM. This apparent
contradiction can be explained by re�ections of the excitation light at the surface of the
metallic electrodes that partly pass the �uorescence �lters, which have optical densities
between 5 and 6, and transmit 10−5 to 10−6 of the excitation light. As a consequence,
this data point was not included in the �t for the �uorescence intensity I . At the highest
potential applied, 20V, pronounced �uid �ows were observed during the experiment.
Furthermore, large protein aggregates were formed, resulting in a reduced number of
evaluated deposits with broader variations and, hence, a dramatically higher standard
deviation of this data point.

The dependence of the �uorescence intensity I or the deposit volumes V , respec-
tively, on the applied voltage was �tted by square functions; errors were calculated
as standard deviations of the �t parameters: I = (8.6 ± 0.1) + (0.079 ± 0.004) · U 2,
R2 = 0.991; V = (1.55 ± 0.08) · 10−9 + (1.29 ± 0.04) · 10−11 ·U 2, R2 = 0.996.
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Figure 3.9: Dependence of the amount of immobilized proteins on the applied volt-
age during DEP experiments at 10 kHz with constant experiment duration of 20min,
evaluated for identical chips in (a) and (b); the error bars indicate the variation for
each experiment. (a) Relative quanti�cation via �uorescence intensities; (b) Absolute
quanti�cation via AFM deposit volumes.

The applied voltage is a crucial parameter for the amount of immobilized proteins
owing to the square dependence of the dielectrophoretic force on the electric �eld gra-
dient. For the choice of the optimal voltage it is advisable to minimize e�ects that
interfere with positive DEP; these e�ects being, e.g., pronounced �uid �ows and water
electrolysis. At the same time the threshold voltage has to be considered. Thus follow
low applied voltages that exceed the threshold. In the presented electrode con�gura-
tion a voltage of 10V was found to be optimal for dielectrophoretic immobilization of
both polystyrene beads and proteins.
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3.2.3 Experiment duration

The in�uence of the experiment duration on the amount of immobilized proteins was
investigated by immobilizing BSA-Oyster-647 on six separate electrode chips with an
applied frequency of 10 kHz and a voltage of 10V for 1 s, 10 s, 1min, 5min, 10min
and 20min, respectively. As �uorescence intensities for short experiment durations
yielded no detectable change in �uorescence, the amount of immobilized proteins was
determined with the AFM. Gwyddion’s grain analysis tool was used to calculate the
overall deposit volume on the same 124 electrodes of each chip by multiplication of
the mean heights with the areas covered by proteins. During the �rst seconds the
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Figure 3.10: Dependence of the amount of immobilized proteins on the duration of
DEP experiments at 10 kHz and a constant applied voltage of 10V; the error bars indi-
cate the variation for each experiment. Inset: magni�cation of the yellow highlighted
region.

proteins in direct vicinity of the electrodes are attracted, leading to a steep rise in
deposit volumes (Fig. 3.10). In the course of the experiment, proteins are contin-
uously attracted to and accumulated at the electrodes. This leads to an increasing
amount of immobilized proteins with longer experiment durations. The correlation
is linear (V = (1.2 ± 0.4) · 10−18m3 + (7.4 ± 0.4) · 10−19m3min−1 · t , R2 = 0.980, errors
were calculated as the standard deviations of the �t parameters.) with no signs of sat-
uration, which could be caused by a limited protein supply, and no substantial distur-
bance of the electric �eld by immobilized proteins on the electrodes. This means that
the amount of immobilized proteins can be directly controlled by the duration of an
experiment given a su�cient supply of proteins.
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3.2.4 Medium conductivity

Water is a favorable medium for dielectrophoretic experiments with objects that are
of interest for bioanalytic applications. Ultrapure water with very low conductivity
is often used to prevent e�ects like Joule heating, electrothermal �uid �ows and elec-
trolysis of water [14]. Numerous biomolecules require the presence of speci�c ions or
detergents for proper folding. Functional groups of amino acid residues on the surface
of proteins, for example, are stabilized by ions in solution. Consequently the absence
of ions can lead to aggregation of proteins, possibly combined with denaturation and a
loss of their biofunction. In general, high protein concentrations promote aggregation.

The proteins BSA, eGFP and the enzyme HRP used in this thesis are relatively ro-
bust, and they were dissolved in water without the addition of bu�er components or
detergents for DEP experiments. Nevertheless, in some experiments with high volt-
ages and pronounced �uid �ows, aggregation of proteins occurred. For these reasons
the applicability of the dielectrophoretic immobilization procedure was investigated
with media of di�erent conductivities (Table 3.1). The conductivity was adjusted by
dilution of a phosphate bu�er (c = 12.6mM, pH = 7.46, κ = 1.9mS cm−1), and it was
measured with a conductivity meter. The frequency was kept constant at 10 kHz and
the maximal applicable voltage was determined for experiments in undiluted bu�er,
in 1:10 dilution, 1:100 dilution, and in ultrapure water, respectively. 20 nm beads were
suspended in the di�erent media to monitor dielectrophoretic e�ects and �uid �ows.
Positive DEP was observed in ultrapure water with voltages up to 26V. At this point,

Medium Conductivity Maximal voltage DEP
H2O, ultrapure <1 µS cm−1 26V yes
Bu�er, diluted 1:100 23 µS cm−1 20V yes
Bu�er, diluted 1:10 200 µS cm−1 19V yes
Bu�er, undiluted 1900 µS cm−1 15V no

Table 3.1: Maximal voltages used for DEP experiments with 20 nm beads suspended
in aqueous media of di�erent conductivities.

gas bubbles were formed due to water electrolysis. In 1:100 diluted bu�er, bubble for-
mation started at 20V, and in 1:10 diluted bu�er at 19V. At lower voltages, positive
DEP could be observed. Only in undiluted bu�er there was no dielectrophoretic at-
traction towards the electrodes although the voltage could be increased to 15V before
bubble formation started.

From these measurements it can be concluded that a threshold value has to be over-
come for water electrolysis to start. This threshold is given by the intrinsic potential
needed for the electrolysis reaction on the one hand and by the material-dependent
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overpotential, which is required for the activation energy of gas formation at the elec-
trodes, on the other hand. The e�ciency of electrolysis further depends on medium
conductivity and temperature due to their in�uence on ion mobility. The small elec-
trode distance in the present setup further reduces the resistance of the medium and
facilitates water electrolysis.

From the conductivity variations it can be concluded that low-conductance media
are favorable for dielectrophoretic experiments since higher voltages can be applied
before electrolysis starts and before DEP is hampered by gas bubble formation. In the
nanoarray con�guration at hand, where the counter electrode is about 100 µm away,
DEP experiments can be conducted with objects suspended in media with conductivi-
ties up to approximately 200 µS cm−1.

3.2.5 Discussion

Several experimental parameters that a�ect the dielectrophoretic force were optimized
for the electrode con�guration that was used for dielectrophoretic immobilization of
proteins. According to theory, the frequency is decisive for the direction of the dielectro-
phoretic force (Eq. (1.1)). For proteins only positive DEP was observed, whereas
polystyrene beads underwent negative DEP at frequencies above a crossover frequency
of approximately 100 kHz. These results are in agreement with �ndings in the liter-
ature on beads [144] and on proteins, where negative DEP was only observed at fre-
quencies in the higher MHz range, i.e. 40MHz for myoglobin [145], that were not
applied here. Frequencies in the range of 0.1MHz to 1MHz or higher strongly pro-
moted �uid motion. These �ows can be of electrothermal origin [14], since the high
�eld inhomogeneity needed for molecular DEP also leads to strong gradients of �eld
induced heating. This results in gradients of the electrical properties of the medium
that, combined with the electric �eld, give rise to �uid �ows. If the protein concen-
tration is su�ciently high, these �uid �ows provide a steady supply of proteins in the
course of an experiment so that dielectrophoretic attraction is not limited by depletion
in the close vicinity of the electrodes or slow di�usion. This was con�rmed by the
linear correlation of the amount of immobilized proteins with experiment duration.

A square dependence was found for the e�ect of the applied voltage on the amount
of immobilized proteins, which is in agreement with theory: The dielectrophoretic
force is proportional to the square of the applied voltage (Eq. (1.1)). In a study on the
dielectrophoretic collection of RNA, Giraud et al. found the expected square depen-
dence on voltage starting at a threshold voltage [28]. The threshold e�ect is explained
by Brownian motion and streaming forces that have to be overcome by the dielectro-
phoretic force. In this thesis, a threshold was observed for all proteins used. Such
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3.3 Functionality of dielectrophoretically immobilized enzymes

an e�ect has also been reported in several publications on, e.g., viruses [74], metallic
nanoparticles [146] and protein molecules [41].

The irreversible immobilization of proteins on the electrodes is presumably the re-
sult of strong dielectrophoretic forces, which draw proteins that close to the electrode
surface and close to other protein molecules that water molecules in between are re-
moved. Thus, the impact of hydrophobic interactions strongly increases, leading to
permanent adhesion of proteins.

In general, the dielectrophoretic immobilization method is easy to implement and
generally applicable to small objects spanning various types of cells, bacteria, viruses,
polystyrene, metallic or semiconducting particles, DNA and proteins, with no or only
very little adjustments. Most other immobilization methods have to be individually
adjusted to address functional groups. This usually involves chemical modi�cations
with several reaction steps both at the object and at the surface. The main restriction
of dielectrophoretic immobilization is the limited applicability of solutions with higher
conductivities due to disturbing bubble formation by water electrolysis. The smaller
the electrode gap and the higher the temperature and the medium conductivity, the
more likely electrolysis is to occur. In the present setup, dielectrophoretic experiments
can be conducted in solutions with conductivities up to 200 µS cm−1, which excludes
all biomolecules for that a handling in common bu�er solutions with a certain ion
strength or with the addition of ionic detergents is mandatory.

3.3 Functionality of dielectrophoretically

immobilized enzymes

Immobilization of enzymes on surfaces and on metal surfaces in particular can lead to
rearrangements in the protein structure [147], which might further cause decreased
enzyme activity or even complete inactivation. On top of this, enzymes are exposed
to extremely high electric �elds during dielectrophoretic immobilization. Therefore,
the functionality of dielectrophoretically immobilized enzymes is not self-evident. In
this section, the dielectrophoretic immobilization of enzymes and their functionality
is shown. First, the catalytic activity is demonstrated by conversion of a suitable sub-
strate for the enzyme that can be assessed by optical microscopy. Secondly, the enzy-
matic e�ciency is quanti�ed and compared for di�erent immobilization parameters.
Finally, the long-term stability of HRP immobilized on the tungsten nanoelectrodes is
investigated.
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3 Results and discussion

3.3.1 Substrates for horseradish peroxidase activity detection

Luminol as a substrate for horseradish peroxidase

The chemiluminescence reaction of luminol in the presence of H2O2 is catalyzed by en-
zymes, e.g. by HRP. The oxidation product 3-aminophthalate is produced in an excited
state and relaxes under the emission of a photon. First experiments were conducted in
solution in a chambered coverglass. The focus of the optics was set into the volume,
and photons in this volume were collected by a 10 × objective (NA = 0.17) and detected
with the FCS unit of the CLSM. In a mixture of luminol and H2O2 in absence of HRP,
a count rate comparable to that of pure H2O, the negative control, was measured. Ad-
dition of the enzyme started the oxidation reaction. Count rates were measured every
30 s and background-corrected by subtraction of the count rate prior to HRP addition.
The count rate increased quickly and reached its maximum shortly after 2min (Fig.
3.11). Then, it decreased continuously and reached the background level after approx-
imately 15min. The delay of the maximal count rate by 2min is most likely caused
by di�usion of the enzyme into the observed volume. Then, luminol molecules in the
proximity of the enzymes are oxidized, and photons emitted by the oxidation product,
3-aminophthalate, are detected. The count rate decreases with luminol consumption,
until the reaction comes to an end.
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Figure 3.11: Background-corrected count rates of photon emission upon relaxation
of excited 3-aminophthalate being formed as the result of the horseradish peroxidase-
catalyzed oxidation of luminol. The reaction was carried out in di�erent sample carri-
ers (chambered coverglass or microscope slide) and photons were collected by di�erent
microscope objectives (10 × or 60 ×).

If the activity of immobilized enzymes is to be monitored at speci�c nanoelectrodes,
an objective with higher magni�cation and numerical aperture (NA) is needed to dis-
tinguish the electrodes. Therefore, the experiment in solution was repeated with a 60
× objective (NA = 0.70). Here, the count rate showed the same trend (Fig. 3.11) with
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3.3 Functionality of dielectrophoretically immobilized enzymes

a quick increase of the count rate, a maximal count rate after 1min, and a continuous
decrease down to the background level after approximately 9min. The maximal count
rate, however, was only 37 % of that measured with the 10 × objective. This is proba-
bly the result of the smaller observation volume of the 60 × objective and the smaller
number of emitting molecules contained therein.

In view of the small dimensions of the electrode chips and the associated low reac-
tion volumes, the sample volume was decreased to less than 10 µL. Luminol and H2O2
were pipetted onto the microscope slide. The 10 × objective was used to obtain the
highest possible count rates in the small reaction volume. Due to its location below
the microscope slide the start of the reaction could be monitored directly upon HRP
addition. After 1min, the maximum was reached (Fig. 3.11), followed by a steep de-
crease within a time span of only 30 s. The background value was reached after less
than 3min. Although the maximal count rate amounted to 70 % of that measured in the
larger sample volume, the fast decay is unfavorable for the determination of enzymatic
activity.

Observations of the non-transparent electrode chip are only possible with an up-
right microscope, and the chip has to be taken from the microscope stage for sample
addition. As the preparation of the electrode chip for microscopic observation takes
at least 1min the luminescence might be decayed for the most part by then. Unfortu-
nately, the sample volume cannot be increased to prolong the reaction as it is limited by
the dimensions of the electrode chip. In spite of the advantages of a chemiluminescent
substrate like luminol that does not need an external excitation source and that is very
sensitive, the fast reaction kinetic and the intensity decrease with substrate consump-
tion rule this substrate out for the detection of HRP activities after dielectrophoretically
immobilization.

Dihydrorhodamine 123 as a substrate for horseradish peroxidase

For the detection of enzymatic activities after dielectrophoretic immobilization at elec-
trodes, the response of the reaction product is supposed to be constant for a longer
period of time. This would allow to determine activities from a single intensity im-
age and to assign intensities to speci�c electrodes and the activity of enzymes immo-
bilized at those electrodes. Fluorogenic substrates are suitable candidates that ful�ll
these requirements. One such substrate is DHR, a non-�uorescent derivative of the
�uorescence dye Rh123.

Its response to HRP addition was monitored with the FCS unit of a CLSM similar to
the measurements of luminol oxidation. The 10 × objective was used again to pro�t
from the larger detection volume and the corresponding higher count rates. HRP and
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H2O2 were mixed with H2O in a chambered coverglass, and the oxidation reaction
was triggered by addition of the substrate DHR. The count rate increased linearly
not only within the �rst 6min that were monitored in intervals of 10 s (Fig. 3.12),
it continued to increase linearly for at least 100min (not shown). This trend is the
result of the increasing number of Rh123 molecules and the repeated excitation of
these �uorescence dyes, which is followed by emission.

The reaction volume was decreased to 10 µL for the subsequent experiment on a
microscope slide to mimic the conditions on an electrode chip. HRP and H2O2 were
again mixed prior to DHR addition. The sample volume contained the same amount of
each reactant as in the chambered coverglass. Nevertheless, the count rate increased
only little as compared to that in the larger sample volume, and it reached a constant
count rate within less than 1min. Still, this constant value exceeded the maximal count
rates obtained from the luminescent reaction of luminol. The fact that the count rate
did not increase further might be the result of bleaching e�ects of the �uorescence
dyes. Even so, these results show the suitability of DHR as a substrate to detect HRP
activity at electrodes.
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Figure 3.12: Background-corrected count rate of rhodamine 123 �uorescence upon
formation by horseradish peroxidase-catalyzed oxidation of dihydrorhodamine 123.
The reaction was carried out in di�erent sample carriers (chambered coverglass or
microscope slide). Inset: Magni�cation of the yellow highlighted region.

Furthermore, the auto-oxidation of DHR had to be investigated to be able to reliably
assign Rh123 formation to HRP activity. In the literature, oxidation of DHR by H2O2
in the absence of enzymes is reported as insigni�cant [148], and while oxidation by
HRP alone occurs at a higher rate, it is still less e�ective than in the presence of H2O2
[131]. Nevertheless, control experiments were performed to rule out factors that could
lead to misinterpretation of the �uorescence measurements. First of all, air oxidation
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3.3 Functionality of dielectrophoretically immobilized enzymes

of DHR in solution [149] was mostly prevented by storing the precursor under oxygen
free conditions in the dark. Additionally, the DHR solution (Fig. 3.13) was checked for
auto-oxidation by �uorescence spectroscopy with excitation at 450 nm. Moreover, the
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Figure 3.13: Emission spectra of a dihydrorhodamine 123 solution, after addition of
horseradish peroxidase, and after subsequent addition of H2O2; λex = 450 nm. Inset:
magni�cation of the yellow highlighted region.

in�uence of enzyme addition and subsequent H2O2 addition was investigated. H2O2
addition lead to a drastic intensity increase, and the solution had to be diluted 1:100 to
work within the optimal dynamic range of the spectrometer. The resulting spectrum
was renormalized by multiplication by 100 to compare the intensities of the di�er-
ent spectra. The �uorescence intensity increased 18 times upon addition of HRP and
further 18 times upon addition of H2O2. These measurements demonstrate that auto-
oxidation of the DHR solution can be neglected and that the formation of Rh123 is a
valid indicator for HRP activity.

3.3.2 Proof of enzymatic activity

Fluorescently labeled HRP was immobilized on a subarray of tungsten nanoelectrodes
by applying 10V at 10 kHz for 20min. The activity of dielectrophoretically immobi-
lized HRP was demonstrated using the formation of the �uorescence dye Rh123 from
its non-�uorescent precursor DHR by enzymatic oxidation in the presence of H2O2.
The enzymatic reaction was investigated qualitatively using �uorescence intensities
of either the HRP label or the product Rh123. The excitation and emission wavelength
ranges of the respective �lters are separated su�ciently so that after the immobiliza-
tion step, the �uorescence from the enzyme label was detected exclusively with the
corresponding �lter set (Fig. 3.14a), whereas no light was detected with the �lter set
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for Rh123 (Fig. 3.14b).

(a) After HRP immobilization; �lter set
for HRP label.

(b) After HRP immobilization; �lter set
for Rh123.

(c) After subsequent oxidation of DHR
to Rh123; �lter set for HRP label.

(d) After subsequent oxidation of DHR
to Rh123; �lter set for Rh123.

Figure 3.14: Fluorescence micrographs of HRP-Oyster-555, immobilized at nanoelec-
trodes, before and after conversion of dihydrorhodamine 123 to rhodamine 123. Each
of the images shows a part of the contacted subarray and smaller parts of the three
non-contacted subarrays.

The enzymatic reaction was started with the subsequent addition of the non-�uores-
cent precursor dye DHR and H2O2 as a co-oxidant. The newly formed Rh123 dye lead
to �uorescence that could be observed with the matching �lter set (Fig. 3.14d). Since
the dye was released from the enzyme after oxidation, it freely di�used away from the
electrodes causing a strong �uorescent background. To enhance the contrast of the
�uorescence micrographs, di�using dye molecules were removed by rinsing the chip
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3.3 Functionality of dielectrophoretically immobilized enzymes

carefully after a reaction time of not more than 5 seconds. Since the dye molecules ad-
hered stronger to the protein than to the SiO2 surface, enough �uorescence remained
for a relative quanti�cation of the reaction product. The decreasing �uorescence in-
tensity of the enzyme label (Fig. 3.14c) is presumably a consequence of absorption of
the excitation light by Rh123 molecules, reducing excitation of the labels.

In addition to the control of DHR auto-oxidation in solution (Fig. 3.13), a direct con-
trol was run on an electrode chip by mixing DHR and H2O2 in the absence of enzyme.
Only a slight increase of the background �uorescence was observed. This background
was subsequently subtracted to evaluate the result of enzymatic activity alone. The re-
maining �uorescence measured in the emission range of Rh123 on the electrode chips
with immobilized HRP can thus be reliably accounted to active enzymes, giving proof
of a preserved enzymatic activity of HRP after dielectrophoretic immobilization.

3.3.3 Quanti�cation of enzyme e�ciency

The �uorescence intensities after the immobilization step and after formation of Rh123
were used as a basis for quanti�cation. Enzyme e�ciency was investigated for HRP
that had been immobilized at di�erent voltages. The microarray evaluation software
GenePix Pro was used to determine mean �uorescence intensities at the electrodes,
since it not only provides an automated detection of ROIs, but also allows to include
ROIs that show no �uorescence.

Enzyme immobilization

The e�ect of the applied voltage on immobilization of HRP and its enzymatic activity
was investigated with voltages ranging from 1V to 20V and for a constant experiment
duration of 20min. The frequency of 10 kHz was chosen according to the results of the
previous optimization to circumvent electrolysis of water and to minimize �uid �ows.

As a negative control, an electrode array was incubated with a solution of the �uo-
rescently labeled HRP without �eld application for 20min. Adhesion of the enzymes
on the SiO2 surface and on the tungsten electrodes due to non-speci�c interactions led
to a general rise in background �uorescence with no preference of the enzymes for
neither tungsten nor SiO2.

For the evaluation of the distribution and of the amount of dielectrophoretically im-
mobilized enzymes, �uorescence intensities from the enzyme labels in ROIs located at
the electrodes were determined. Intensities were background corrected according to
Eq. (2.7). At 1V only an increase in background �uorescence similar to the negative
control was observed with no distinction of the electrodes. At 5V enzymes covered
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about 25 % of the electrodes. Averaging over all 3600 electrodes that are visible in the
micrograph yielded a background corrected average intensity Iav = 0.10 (Fig. 3.15).
If only those electrodes with intensities above the background level were considered,
the intensity amounted to Iav = 0.35. An even distribution of enzymes on nearly all
electrodes was achieved at 10V (Fig. 3.14a) and 20V, i.e., only few electrodes were
not covered by enzymes, and the standard deviations amounted to 19 % or 20 % for the
respective experiments. From both experiments, 2250 electrodes could be evaluated
giving average intensities of Iav = 0.35 and Iav = 0.14, respectively. Consequently, the
amount of immobilized enzymes per electrode is similar for the experiments at 5V and
10V. The intensity drop at 20V, where an increased amount of immobilized enzymes
would be expected, is presumably the result of intensi�ed �uid �ows (see section 3.2.2)
that interfere with dielectrophoretic attraction towards the electrodes. The high volt-
age leads to fast accumulation of enzymes at the electrodes, where enzyme aggregates
are formed, probably due to the increased local concentration. These aggregates are
then dragged away by the �uid �ow, further reducing the amount of enzymes immo-
bilized at the electrodes.

Enzyme activity

For the examination of the enzyme activity on the di�erent electrode chips, DHR and
H2O2 were mixed on the chips. As a negative control, DHR and H2O2 were also added
to an electrode chip without immobilized enzymes. After rinsing the chips with water,
enzyme activity was evaluated using the �uorescence of the newly formed dyes located
at the electrodes, similar to the quanti�cation of immobilized enzymes. For this it is
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Figure 3.15: Amounts of immobilized HRP-Oyster-555 or of the oxidation product
rhodamine 123 in dependence of the voltage used for dielectrophoretic immobilization.

assumed that the relative amounts of adhered Rh123 remain comparable despite the
additional rinsing step. Background corrected average intensities of Iav(5V) = 0.01,
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Iav(10V) = 0.24, and Iav(20V) = 0.04 were determined (Fig. 3.15), showing the same
trend as the intensities of the enzyme labels with the strongest signals on the electrodes
where HRP had been immobilized by applying 10V. These results con�rm the positive
correlation of Rh123 formation and the amount of immobilized HRP.

Enzyme e�ciency

Enzyme e�ciency (EE) is de�ned here as the amount of newly formed Rh123 in rela-
tion to the amount of immobilized enzymes (Eq. (2.7)). From the background corrected
�uorescence intensities, values of EE (5V) = 0.1, EE (10V) = 0.7, and EE (20V) = 0.3
were calculated, respectively (Fig. 3.16). These values take into account the di�ering
coverage of electrodes with enzymes after the immobilization step and the actual ac-
tivity of those enzymes. According to this, the best enzyme e�ciency is obtained after
dielectrophoretic immobilization of HRP at 10 kHz and 10V.
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Figure 3.16: Enzyme e�ciency in dependence on the voltage used for dielectro-
phoretic immobilization of HRP-Oyster-555.

3.3.4 Long-term stability

For biosensing devices it is important that the biomolecules that are responsible for the
sensing reaction remain active from the time of device production until the actual ap-
plication. The development of HRP activity after immobilization was investigated over
a time span of 104 days (Fig. 3.17, data set 1). HRP was immobilized under optimized
conditions (10 kHz, 10V, 10min), and the dry chips were stored at room temperature.
On day 1, DHR and H2O2 were mixed on the chip and rinsed after 2min. The �uo-
rescence intensities at the electrodes were determined from �uorescence micrographs
using the Gwyddion software. The standard deviation of the intensities at electrodes
within one chip was calculated and used as error bars in Fig. 3.17. The experiments
were repeated with a data set that spanned 51 days (Fig. 3.17, data set 2).
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In both data sets, a decrease of activity was observed that roughly followed an expo-
nential decay function (I1 = (2.4 ± 0.5) · 10−5 · exp(−x/(5.8 ± 4.3)) + (1.5 ± 0.5) · 10−5,
R2 = 0.76: I2 = (2.0 ± 0.8) · 10−5 · exp(−x/(3.6±4.6))+ (2.6 ± 0.6) · 10−5; R2 = 0.43; er-
rors were calculated as the standard deviations of the �t parameters). The initial activ-

1 10 100
0

2

4

Chip age / days

I
/ a

.u
.

Data set 1
Data set 2
Exponential decay 1
Exponential decay 2

Figure 3.17: Long-term development of horseradish peroxidase activity when immo-
bilized on nanoelectrodes; storage at room temperature, dry, air exposed, in the dark.

ity was about halved after less than 3 days. It further decreased rapidly to a background
level, which was determined by leveling the intensities obtained from the negative con-
trols conducted with BSA for both data sets individually. Data set 1 reached this level
after approximately two weeks, data set 2 already on the sixth day. The higher inten-
sity measured within data set 2 and on day 51 in particular cannot be assigned with
certainty to enzymatic activity. It is likely that it merely indicates the reproducibility
deviation and the uncertainty of the measurements, which was calculated from the
double determination on day 2 (data set 2) as the ratio of standard deviation and mean
value, and which lies in the range of ± 20 %.

3.3.5 Discussion

Up to this date, the only report on enzymatic activity in combination with DEP was an
indirect approach by Kumemura et al. who generated and manipulated liquid droplets
containing β-galactosidase and �uorescein di-β-D-galactopyranoside, respectively. In
their study, they also demonstrated enzymatic reactions after fusion of droplets [150].

In this chapter, the direct manipulation of enzymes and their activity after perma-
nent dielectrophoretic immobilization has been demonstrated for the �rst time. An
e�cient dielectrophoretic immobilization protocol was developed for HRP enzymes,
and a suitable substrate was identi�ed for the investigation of its catalytic activity.
The non-�uorescent precursor dye DHR was successfully oxidized to the �uorescence
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dye Rh123, thus demonstrating the functionality of dielectrophoretically immobilized
HRP. The applied voltage in�uenced the distribution and the amount of enzymes that
were immobilized. The formation of Rh123 depended on the amount of immobilized
enzymes, and in the present electrode con�guration, it was most e�ective after immo-
bilization of HRP at 10 kHz and 10V.

The chemiluminescent substrate luminol, which was also examined, has the poten-
tial to allow monitoring with time and spatial resolution. However, a continuous-�ow
system would be advisable for such examinations, as microscopic detection after the
preparation of the electrode chip was not possible due to the fast luminescent reaction.

The presented results demonstrate AC DEP as a simple and promising method for
the immobilization of functioning enzymes, which is expected to be applicable to any
enzyme or protein without covalent modi�cations of the molecule or substrate. If an
integration of this method in sensing devices is envisaged, the decrease of enzymatic
activity within a few weeks during storage, which is a common challenge also with
other immobilization methods [151] and also in solution [120], has to be considered.
Although some residual �uorescence that exceeded that of the negative controls could
be measured at the electrodes after storage of the chips for time spans up to two weeks,
the exponential intensity decrease advises fresh preparation of chips with immobilized
enzymes for best results. While short applicability times might be su�cient for sen-
sors used in research laboratories or for prototypes, this is unfavorable for commercial
biosensing devices that should preferably be storable for several months.

Modi�cations of the electrode might help to retain the functionality of immobilized
biomolecules for a longer period of time. One possibility is to use alternative electrode
materials, which might be more biocompatible than bare metal electrodes and, hence,
better suited for sensing devices involving immobilized proteins. Titanium nitride or
titanium silicide for example are materials that can easily be incorporated into the
CMOS fabrication process. Another possibility is to cover the electrode with, e.g., a
thin layer of SiO2 or a self assembled monolayer of spacer molecules [152] to shield
the proteins from the metal surface. Moreover, speci�c storage conditions [153], e.g.
in bu�er solutions with additives, at low temperatures, in dry state with desiccants or
in vacuo, are possible strategies to prolong the functionality of immobilized enzymes.

3.4 Alignment and aligned immobilization in AC

electric �elds

Among the various strategies that have been developed to achieve speci�c orienta-
tions of particles or macromolecules in electric �elds is the alignment between a pair
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of opposing electrodes [73] or IDE [52]. The main challenge concerning molecules that
cannot be visualized directly by optical methods, however, is the determination of the
orientation. On top of this, positive and negative controls are needed to validate the
setup and the experimental procedure. These control samples, however, require statis-
tical distributions or oriented molecules themselves. In this section, suitable samples
and controls for aligned immobilization are identi�ed. An experimental procedure for
the investigation of oriented chromophores is developed. Di�erent polarizer con�g-
urations of the �uorescence microscope setup are compared and validated using the
control samples. With the optimized setup and evaluation protocol, the alignment of
lambda-DNA and of eGFP at IDE is investigated.

3.4.1 Development of an experimental setup

With a �uorescence microscope setup several approaches are possible to orientational
investigations of �uorophores: The excitation light can be polarized, polarized emis-
sion light can be detected, or a combination of polarized excitation light and polarized
detection can be used. This is easily employed by insertion of polarizers into the beam
path (see section 2.2.10.). The di�erent con�gurations were compared using the posi-
tive control sample that consisted of acridine orange molecules embedded in a liquid
crystal, and aligned in an AC electric �eld.

Polarized excitation and polarized emission

Two polarizers in parallel con�guration were inserted into the excitation and emission
path, respectively. The polarizer orientations remained �xed throughout all measure-
ments, while the chip with the sample was rotated. For each chip orientation β , a
�uorescence micrograph was acquired. The same ROIs were selected for evaluation
in all images. The measured �uorescence intensity is expected to stay constant for
statistically oriented samples. For samples with a preferential orientation, an intensity
modulation according to a sin4-function is expected, since both excitation and emission
follow sin2-functions.

The data from acridine orange in a liquid crystal (Fig. 3.18) could be �tted very well
with a sin4-function (R2 = 0.95), proving a preferential orientation of the �uorescence
molecules. For a fully aligned sample, one would expect no �uorescence intensity for
orientations perpendicular to the polarizer orientation. The modulation depth was cal-
culated as Q = Imax−Imin

Imin
= 0.20. The background of approximately 170 is composed

of a constant background that is caused by dark current and camera noise (see sec-
tion 2.2.10) and of a variable background that indicates incomplete alignment of the
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sample or imperfect polarizers. Both factors, incomplete alignment and imperfect po-
larizers, lead to excitation of an ensemble of �uorophores with a broader variation in
orientation angles, thus preventing an intensity reduction to zero.
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Figure 3.18: Fluorescence intensities I of the positive control acridine orange, aligned
in a liquid crystal, in dependence on the chip orientation β . Intensities were detected
with parallel polarizers and �tted by a sin4-function.

This con�guration with two polarizers is favorable for accurate measurements of
the molecules’ orientation, since the position of the maxima of a sin4-function can
be determined more precisely than those of a sin2-function from a single-polarizer
measurement. On the downside, light is �ltered by two polarizers in this setup, and
light intensity is reduced twice. After each repositioning the chip, the focus needs to
be adjusted while alluminating the sample. This might be problematic for samples that
exhibit weaker �uorescence or that are prone to �uorescence bleaching.

Polarized emission

Unpolarized excitation light comprises all polarization planes equally. In a sample with
statistically distributed chromophore orientations, the emission is also unpolarized.
In samples with aligned chromophores, however, the emission is polarized along the
TDMs of the chromophores. This polarized emission can be determined by rotating a
polarizer in the emission light path.

Acridine orange molecules were aligned in liquid crystals, and the sample was ex-
cited with non-polarized light. Fluorescence intensities were measured using a polar-
izer in the emission beam that was rotated in 22.5°-steps, leading to a periodic intensity
modulation (Fig. 3.19) with a ratio Q = Imax−Imin

Imin
= 0.05. This procedure was repeated

for two further chip orientations to ensure that the polarizing e�ect is caused by the
sample. In that case the position of the maxima is shifted for the di�erent sample ori-
entations, whereas polarizing artifacts of the setup would appear at the exact same
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Figure 3.19: Fluorescence intensities I of the positive control acridine orange, aligned
in a liquid crystal, in dependence on th emission polarizer orientation α for di�erent
chip orientations β (symbols), and corresponding sin2 �ts (solid lines).

position regardless of the sample position.
The intensity data were �tted by sin2-functions (with �xed periods of 180°) for each

chip orientation β . Periodic intensity �uctuations were obtained as a result of the
polarized emission of aligned acridine orange molecules. The shifted phases for each
sample orientation prove that the cause for the intensity modulation stems from the
sample. An imperfect alignment, however, is indicated again by the background of
approximately 145. This background is the result of �uorescence by chromophores
with deviating orientations in addition to a �x background. Nevertheless, these results
con�rm the general applicability of an experimental setup with polarized emission for
the determination of �uorophore orientations.

Polarized excitation

If the sample is illuminated with polarized light, only those chromophores that are in
accordance with the polarization are excited. The emitted light is detected in its full
intensity without reduction by the passage through a polarizer.

The �uorescence intensities of acridine orange molecules were measured using po-
larized excitation light while rotating the polarizer orientation. This procedure was
repeated for �ve sample orientations β to be able to di�erentiate between e�ects from
the sample and polarizing artifacts from the optical setup. Additionally, the sample ori-
entations of 1° and 181° are identical so that the agreement of the two data sets serves
as a control for reproducibility and reliability of the data. The intensity variation due to
polarizer rotation exhibited a modulation depth ofQ = 0.16 for the chip orientation 1°.

All data was �tted by sin2-functions (with �xed periods of 180°) (Fig. 3.20a). The
resulting periodic intensity �uctuations were expected from the dependence of ab-
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3.4 Alignment and aligned immobilization in AC electric �elds

sorption e�ciency on the polarization of the excitation light. The �t equations from
the di�erent chip orientations yield shifted phases that correlate very well with the
chip orientations (Fig. 3.20b). The linear �t (ρ = (1.05 ± 0.09) · β + (−13.42 ± 9.94);
R2 = 0.97) has a slope of 1.05, which is very close to the ideal value of 1 for a shift of the
phase o�set upon chip rotation by the same angle. The y-intercept would theoretically
be 0 for a preferential orientation of acridine orange precisely parallel to the electric
�eld. The deviation from 0 and its relatively large standard deviation might be the re-
sult of uncertainties in the determination of the orientation angle of both the chip and
the polarizer. The chip orientation was determined from �uorescence micrographs,
where the angle between the electrode edges and the image margins was measured.
Here, the uncertainty is assumed to be less than ± 1°. Consequently, the uncertainty
of the polarizer orientation is the decisive factor contributing to the deviation of the
y-intercept from 0. This uncertainty was estimated to be no more than ± 5° from the
standard deviations of the phase o�sets obtained from the sin2 �ts. It is also possible
that the polarizer orientation uncertainty additionally includes a �x o�set.
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Figure 3.20: Fluorescence intensities I of the positive control acridine orange, aligned
in a liquid crystal, in dependence on the excitation polarizer orientation α for di�er-
ent chip orientations β (symbols), and corresponding sin2 �ts (solid lines). (b) Phase
o�sets ρ of the sin2 �ts in dependence of the respective chip orientation (symbols) and
corresponding linear �t (solid line).

Similar to the con�guration based on the polarized detection of emission light, this
experimental setup with an excitation polarizer is suited for orientational investiga-
tions of �uorophores. The direct comparison of the two con�gurations favors the ex-
citation polarizer due to its higher modulation depth. Compared to the setup with
two polarizers, the evaluation requires less e�ort, and the intensities are reduced by
only one polarizer. For these reasons, polarized excitation was applied for all further
orientational investigations.
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3 Results and discussion

Validation of the selected setup using a negative control

The microscopic setup with polarized excitation light proved most suitable for the ori-
entational investigation of �uorescence molecules. This setup was validated further
using a negative control. A solution of eGFP molecules was chosen to get a negative
control that is as close to the sample of interest as possible. The eGFP solution was
�lled into the sample chamber of an electrode chip, and the �uorescence micrographs
were taken with the electrode array in focus. Four data sets were acquired follow-
ing the previously described procedure with polarized excitation light. The ROI for
evaluation was set along one of the electrode �ngers. Notably, all four data sets exhib-
ited periodic intensity modulations (not shown), although no variations were expected
from such a sample with statistically distributed �uorophores. Hence, the modulations
were referred to a polarizing e�ect of the optical setup. This e�ect was taken into ac-
count by normalizing the intensity data with reference data (Eq. (2.8), see also section
2.2.10). The resulting corrected intensities show nearly no modulation for the nega-
tive control. The weak modulation at 0° hints towards some residual polarization of
the microscope optics that has not been removed by the correction procedure. Small
as these artifacts are, they might still disguise modulations from samples that are not
perfectly aligned, or they might feign alignment where there is none. To exclude any
ambiguity, the following �uorescence measurements were carried out at several chip
orientations.
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Figure 3.21: Corrected �uorescence intensities of the negative control, eGFP in solu-
tion, in dependence on the polarizer orientation α for di�erent chip orientations β .

The decrease from one image (data point) to the next is almost constant. From one
set of measurements at one chip orientation to the next, intensity increased probably
by �uorescence recovery due to di�usions, since the interval between sets was around
5min as compared to 5 s to 10 s between images within a set. If necessary, this intensity
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3.4 Alignment and aligned immobilization in AC electric �elds

decrease can be considered using a linear or an exponential �t.

3.4.2 Alignment of DNA

Alignment of DNA strands between interdigitated electrodes

Lambda-DNA was stained with PicoGreen, a common �uorescence stain for dsDNA,
and a frequency of 1MHz and a voltage of 25Vwas applied to aluminum IDE with gaps
of 22.2 µm to achieve DNA alignment between the edges of adjacent IDE. The align-
ment of DNA strands was visualized in real-time using �uorescence microscopy. Flu-
orescent bands between the electrodes were observed that spanned the electrode gaps
(Fig. 3.22). Additionally, bright �uorescent spots accumulated along the IDE edges.

Figure 3.22: Stained DNA strands (bright green) stretched between interdigitated elec-
trodes (black) in an AC electric �eld; �uorescence micrograph.

These spots are supposedly caused by coiled DNA. The �uorescent bands stem from
stretched DNA strands that were aligned between the IDE. The intensity within the
bands is not evenly distributed. The brightest areas are located in the center of the
electrode gaps where the bands appear to be wider than at the electrode edges. Since
the electrode gap of 22.2 µm exceeds the length of stretched lambda-DNA (16 µm), only
one end of the DNA strands can be attached to an electrode edge while the other end
is stretched towards the adjacent electrode without making contact. The free end is
more prone to thermal movement and �uid �ow, leading to broader bands. The higher
intensity in the center of the electrode gaps is probably the result of overlapping DNA
strands.

Orientation of PicoGreen in dsDNA

PicoGreen binds to DNA by several binding mechanisms including intercalation be-
tween the base pairs [154]. By stretching and aligning DNA strands between IDE,
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3 Results and discussion

the base pairs form de�ned, parallel ladder steps. As a result of intercalation, the dye
molecules are also aligned in parallel. This alignment can theoretically be detected
by measuring the �uorescence modulation in dependence of the excitation polariza-
tion. The stretching and alignment of DNA strands in AC electric �elds, however, is
a dynamic process. They are not attached permanently at the electrode edges but can
move along the edges, they can be released from the electrodes and attracted anew.
Consequently, the ROIs for orientational investigations have to be selected carefully.
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Figure 3.23: (a) Corrected �uorescence intensities of intercalated PicoGreen molecules
in dependence on the polarizer orientationα for di�erent chip orientations β (symbols),
and corresponding �ts (solid lines). (b) Phase o�sets ρ of the sin2 �ts in dependence of
the respective chip orientation (symbols) and corresponding linear �t (solid line).

Polarized light �uorescence intensities of PicoGreen were measured at four di�er-
ent chip orientations: 0°, 45°, 90° and 135°. For each chip orientation, the polarizer and,
thus, the orientation of the excitation polarization, was rotated in 22.5°-steps from 0°
to 360°. A block of DNA-strands that was visible throughout all four data sets was
selected as ROI. Their mean intensities show periodic �uctuations in dependence on
the polarizer orientation α and an overall decrease of �uorescence intensity. The in-
tensity decrease by photobleaching was accounted for by subtracting a linear approx-
imation from each data set (Eq. (2.10)). Subsequently, sin2 functions were �tted to
the data (Fig. 3.23a). The relatively high intensities obtained from chip orientation
135° are probably the result of newly formed DNA bands in the selected ROI. The
phase o�sets from the sin2 functions correlate linearly with the chip orientation β

(ρ = (−1.03 ± 0.07) · β + (178.54 ± 6.25);R2 = 0.98). The negative slope is caused
by rotation of the polarizer in the opposite direction than in the acridine orange mea-
surements. The absolute value for the slope of 1.03 means that the intensity functions
are shifted upon chip reorientation by the same angle, which can only be the case for
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3.4 Alignment and aligned immobilization in AC electric �elds

aligned samples. From the position of intensity maxima with respect to the polarizer
orientation and the chip orientation follows that PicoGreen dyes are oriented perpen-
dicular to the long axis of the DNA strands, which is in agreement with the concept of
intercalation. These results demonstrate the suitability of the newly developed method
for the determination of �uorophore orientations.

3.4.3 Aligned immobilization of proteins

eGFP was selected as a model protein for aligned immobilization experiments based
on its exceptional structure and its �uorescence properties. The chromophore lies on
the inside of the barrel-like protein structure, and it is stabilized in its conformation
by covalent and hydrogen bonds. The orientation of the chromophore with respect to
the overall protein structure can be deduced from the orientation of the TDM, which
characterizes the interaction with light excitation and emission. On top of this, the
�uorescence emission itself serves as an indicator for structural integrity and proper
folding, since the protein is only �uorescent in its native state.

Immobilization at interdigitated electrodes

IDE were employed for aligned immobilization experiments of eGFP because of their
high tangential electric �eld component as compared to the nanoelectrode arrays. In
the latter, an upright orientation of the protein structure would be expected (Fig. 3.24a-
c). As a consequence of the rotational freedom around the protein’s long symmetry
axis, the orientation of the TDM would be statistically distributed around the micro-
scope optical axis even for perfectly aligned proteins. With IDE, however, proteins
are expected to lie �at or acute-angled on the surface (Fig. 3.24d-f), where di�erences
in TDM orientations would lead to more or less e�ective absorption and emission de-
pending on the polarization of the excitation light. The resulting intensity variations
would be measurable despite rotational freedom of the molecule.

The �rst experiments with eGFP were conducted on ITO IDE that exhibited nar-
rowing electrode �ngers with widths below 20 µm. The electrode material ITO was
thought to be advantageous for �uorescence measurements due to its optical trans-
parency and the lack of re�exions. Two di�erent behaviors were observed for eGFP
depending on the applied frequency. Positive DEP occurred at lower frequencies (≈
10 kHz), where eGFP accumulated at the electrode tips and along the electrode edges
in proximity to the tips. Higher frequencies (> 1MHz) lead to eGFP streamlines on the
electrode centers that were directed outwards. After switching o� the electric �eld,
the proteins di�used away instantly. Consequently, the orientational investigation as
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(a) Ribbon diagram of the
eGFP structure, bottom
view.

TDM

(b) Protein structure cut
open to reveal the chro-
mophore.

(c) TDM orientations for
rotational freedom of the
protein.

(d) Ribbon diagram of the
eGFP structure, side view.

TDM

(e) Protein structure cut
open to reveal the chro-
mophore.

(f) TDM orientations for
rotational freedom of the
protein.

Figure 3.24: Transmission dipole moment (TDM) orientations in eGFP molecules as
expected from X-ray crystallographic data for proteins with rotational freedom around
the longitudinal axis. Perpendicular (a-c) or parallel (d-f) immobilization relative to the
surface.

described in the preceding sections could not be conducted.
On nanoelectrode arrays, the proteins BSA or HRP had been immobilized perma-

nently. There are three critical factors in that these nanoarrays di�er from the ITO
IDE: electrode arrangement, their material and dimensions. The few existing reports
on reversible or permanent dielectrophoretic immobilization of proteins in dependence
on the applied �eld strength [46, 48] hint towards the last factor being decisive. As a
consequence, tungsten IDE with widths of 750 nm and gaps of 450 nm were chosen
for the following experiments. eGFP accumulation was investigated by �uorescence
microscopy in the frequency range between 1 kHz and 10MHz with voltages up to
37V. Low frequencies (< 10 kHz) were unfavorable due to the formation of protein
aggregates on the electrode centers with heterogeneous orientations. Fluid streaming
that prevented protein immobilization occurred preferentially at higher frequencies
(> 1MHz) and higher voltages. At intermediate frequencies (100 kHz - 1MHz), accu-
mulation at the electrode tips starting at a threshold voltage of approximately 5V was
observed. Upon turning o� the electric �eld, proteins di�used away. No �uorescence
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10 µm

(a) Electrode chip with eGFP during
�eld application.

10 µm

(b) Section of a rinsed electrode chip with eGFP
after �eld application. Inset: Magni�cation of
an electrode tip.

Figure 3.25: Reversible (a) and permanent (b) immobilization of eGFP at interdigitated
electrodes; �uorescence micrographs.

could be detected at the electrode tips after rinsing the chips. In the range of 7V to 10V
(100 kHz), protein accumulation occurred not only at the electrode tips but also along
the electrode edges close to the tips, and additionally on the centers of the electrodes’
surfaces starting at about 2 µm distance from the tips (Fig. 3.25). Upon turning o� the
electric �eld, proteins remained immobilized even after rinsing.

Orientation at electrode tips and edges

The orientation of immobilized eGFP molecules was derived by the orientation of its
chromophore, which was determined through the TDM. First, ROIs at the electrode
tips and edges were evaluated. At those ROIs, immobilization was expected as a result
of positive DEP. Fluorescence micrographs with polarized excitation light were ac-
quired of a dry electrode chip. The polarization of the excitation was varied stepwise
from 0° to 450°, and for each 22.5° step a �uorescence micrograph was acquired. For
evaluation, four ROIs were selected at the electrode tips and at the edges, respectively.
Fluorescence intensities of those ROIs were averaged and subsequently corrected (see
section 2.2.10). The data could be �tted very well by sin2-functions (Eq. (2.9)), which
indicates preferential orientations in both ROIs. The resulting functions have phase
o�sets of 78° for the tips and −5° for the edges, respectively (Fig. 3.26), that means
they are shifted by 83° to each other. This shift can only be interpreted as the angle
between the average orientation of eGFP molecules in the two ROIs. This is in agree-
ment with the directions of the electric �eld at the electrode edges and at the tips,
which are orthogonal to each other in those regions. The deviation from exactly 90°
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Figure 3.26: Corrected �uorescence intensities of eGFP immobilized at the tips or
along the edges of interdigitated electrodes, and scheme of the corresponding protein
orientations.

is probably caused mainly by the rounded electrode tips and asymmetries due to lim-
ited photolithographical resolution. Further, minor contributions to the deviation are
uncertainties in the determination of the orientation angle of the chip and the polar-
izer, which were assumed to be less than ± 1° or ± 5°, respectively. Moreover, a �x
o�set of the polarizer orientation is possible in addition to the uncertainty in adjust-
ing the orientation angle. From the phase o�sets an orientation of the chromophores’
TDMs perpendicular to the electric �eld can be deduced. Consequently, the cylindrical
protein structures are aligned with their longitudinal axes parallel to the electric �eld.

Orientation on electrode centers

The accumulation on the electrode centers was assumed to be the result of in indirect
�eld e�ect that moves the �uid towards the electrode centers and carries the molecules
along. Surprisingly, the �uorescence intensity in these regions was higher than at the
edges and at the tips indicating higher amounts of immobilized proteins. This allowed
the acquisition of several data sets for an expanded evaluation procedure. The chip
was rotated after the acquisition of a data set with polarizer rotation from 0° to 450°
in 22.5° steps. Thusly, polarizing e�ects caused by the optical setup could be ruled
out reliably. By rotating the chip and thereby rotating the sample, e�ects caused by
the sample upon rotation of the polarizer were shifted, whereas e�ects caused by the
setup appeared at �x polarizer orientations. This evaluation protocol required a series
of about 100 �uorescence micrographs and as a consequence, �uorescence bleaching
lead to a constant decrease in �uorescence intensity in the course of data acquisition.
This �uorescence bleaching was taken into account by �tting a monoexponential func-
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3.4 Alignment and aligned immobilization in AC electric �elds

tion (Eq. (2.11)) to the corrected data (Fig. 3.27). All six data sets were included in this
�t as the images had been acquired consecutively with only short additional illumina-
tion times between the di�erent chip orientations. The resulting �t parameters I0,d, I∞
were then used as start values for the intensity �ts within the separate data sets ac-
cording to Eq. (2.13). Here, the parameter boundaries were allowed to vary within the
standard deviations of the initial �t parameters. The intensity data sets could be �tted
successfully.
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Figure 3.27: Corrected �uorescence intensities of immobilized eGFP in dependence on
the polarizer orientationα , measured for six consecutive data sets (symbols). The expo-
nential function (solid line) was �tted to the data to account for �uorescence bleaching.

The data sets each exhibit intensity maxima with a period of 180° (Fig. 3.28a) that is
caused by polarizer rotation, which results in a repetition of the plane of polarization
every 180°. Rotation of the chip causes a shift of intensity maxima. As the IDE have
nearly the same orientation on chip orientations 2° (gray) and 183° (dark gray), the
polarizer orientation angle is the same for their intensity maxima. These matching
angles further con�rm the procedure’s validity.

The shift of the intensity maxima positions can be seen more clearly in Fig. 3.28b,
where the shift of the phase o�sets is displayed in dependence on the chip orientation.
The strong linear correlation (ρ = (0.99±0.08)·β+(−9.34±8.41);R2 = 0.97) with a slope
of 0.99 ± 0.08 clearly indicates a sample with preferentially oriented chromophores. As
explained earlier, a slope of 1 results from the rotation of the sample, which causes a
shift of the polarizer orientation for maximum intensity by the same amount – even in
the case of unintended polarization e�ects introduced by the optics. The y-intercept of
(−9.34±8.41) is similar to the one obtained from the �t to acridine orange phase o�sets
(−13.43 ± 9.94). Both intercepts deviate to negative values, indicating a �x deviation
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of the polarizer orientation.
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Figure 3.28: (a) Corrected �uorescence intensities of immobilized eGFP in dependence
on the polarizer orientation α for di�erent chip orientations β (symbols), and corre-
sponding �ts (solid lines). (b) Phase o�sets ρ of the sin2 �ts in dependence of the
respective chip orientation (symbols) and corresponding linear �t (solid line).

Degree of alignment

The maximal possible modulation of �uorescence intensity in this optical setup was
determined using two di�erent polarizing standards: a re�ecting polarizer grid, and
the �uorescent dye acridine orange dissolved in a liquid crystal and being oriented by
the guest-host e�ect in an AC electric �eld [65]. The polarizer grid was chosen for
its perfectly aligned grid structure. However, it does not emit light but only re�ects
it, so that the absolute intensity modulation is very low. In contrast, the �uorescence
intensity of acridine orange is high and produces a higher modulation amplitude. On
the downside, while its degree of alignment should theoretically be close to perfect,
the true value is unknown.

The minimal and the maximal intensity was determined for each sample, and a ra-
tioQ was calculated to allow comparability in spite of the varying absolute intensities:
Q = Imax−Imin

Imin
. As both standards led to the same ratio, it appeared reasonable to de-

�ne their degree of alignment as 100 %. Randomly oriented eGFP in solution exhibited
approximately 4 % modulation that might be caused by residual polarization e�ects of
the optical setup. Immobilized eGFP at the electrode tips, edges and on the electrode
centers yielded modulations of 51 %, 57 % and 61 % (Table 3.2), respectively, proving a
preferential orientation of the immobilized proteins. Several factors are responsible for
this reduction in modulation depth as compared to ideally oriented �uorophores. The
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main contribution to this reduction stems from the rotational freedom around the pro-
tein’s longitudinal axis. As the chromophore is oriented not exactly perpendicular to
the protein structure, its alignment angle will vary even for perfectly aligned proteins
with rotation around the main axis. Thermal motion acts on the whole protein struc-
ture and adds to a broader distribution of chromophore orientations. Furthermore,
experimental uncertainties and measuring inaccuracies have to be considered. eGFP
molecules are aligned more homogeneously on the electrode centers and along the
edges. In those areas, the �uid �ow or the electric �eld lines are in parallel. Contrary,
the electric �eld lines diverge at the tips and cause a higher variation in molecular
orientation.

Sample Imax Imin Q Modulation
Wire grid polarizer 24.9 18.0 0.38 100 %
Acridine orange 108 78.4 0.38 100 %
eGFP, electrode center 20.2 16.8 0.20 61 %
eGFP, electrode edge 35.0 29.5 0.19 57 %
eGFP, electrode tip 45.8 41.9 0.16 51 %
eGFP, solution 539 533 0.01 4 %

Table 3.2: Minimal and maximal intensities and the corresponding intensity modula-
tion of immobilized eGFP and of control samples.

Transition dipole moment orientation

The angle of the chromophore plane in relation to the protein’s symmetry axis δ can
be derived from X-ray crystallographic data. Yet in the original publication for the
protein structure determination of GFP this angle δ is not precisely given. It is referred
to as “roughly perpendicular (60°)” [109], which probably means that the angle was
estimated to lie within the range of 60° to 90°.

As the �uorescence intensity modulation is in�uenced by the orientation of the chro-
mophore’s TDM with respect to the protein’s symmetry axis, the angle δ can also be
derived from the �uorescence intensity modulation upon excitation with di�erently
polarized light. From the similarity of the protein structures of GFP and eGFP and the
orientation of their TDMs [111], it is reasonable to assume a similar angle δ for eGFP
and GFP. An angle of 60° as mentioned in reference [109], however, would lead to a
signi�cant decrease in �uorescence modulation as compared to δ = 90°. The decrease
in �uorescence modulation from measurements with polarized light was quanti�ed by
numerical integration over the absorption cross section for a complete turn around the
protein’s longitudinal axis (Fig. 3.29). For the calculation, it was assumed that proteins
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Figure 3.29: a) Ribbon diagram of the eGFP structure, cut open to reveal the chro-
mophore with its transition dipole moment (TDM); b) Absorption cross section (torus
surface) of the chromophore’s TDM; c) Orientation of the angle δ between the TDM
and the protein’s longitudinal axis. The torus is cut open to illustrate the absorption
cross section for a speci�c excitation polarization angle (yellow).

were aligned perfectly and that measurements were done with an ideal experimental
setup. In this theoretical scenario, an angle δ = 60° would result in a variation of the
TDM orientation by ± 30°, and the intensity modulation would consequently decrease
to only 29 %. It would decrease further for real measurements with an imperfect optical
setup.

Since the experimentally obtained modulation values reach up to 61 %, the angle
between the chromophore’s TDM and the protein’s longitudinal axis must be closer
to 90°. Numerical integration gave an angle δ = 73° that is further supported by close
inspection of the 3D X-ray data. An angle δ between 70° and 75° was determined in
this work from the X-ray crystal model (PDB ID: 2y0g) using the molecular viewers
VMD and PyMOL. The very good agreement with the calculation demonstrates that
AC electrokinetic immobilization together with �uorescence polarization can be em-
ployed for the investigation of TDM orientation within molecules without the need
for crystallization, and, hence, in situ or even in vivo.
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3.4.4 Discussion

The aligning action of electric �elds on elongated micro- and nanoparticles has been
investigated in the last decade mainly for conducting and semiconducting materials
that are of interest for nanomaterial assemblies [80]. A similar orienting e�ect could
be expected in principle for protein molecules in spite of their more globular shapes. In
this work, a setup and measurement protocol for orientational detection was developed
based on a �uorescence microscope. Acridine orange molecules were aligned in a liquid
crystal in a DC electric �eld and were used as a positive control to compare and rate
di�erent polarizer con�gurations of the setup.

A solution of �uorophores was used as a negative control. Principally, �uorophores
in solution have rotational and translational freedom. Short-range interactions be-
tween proteins or between proteins and the surface can, however, lead to temporary
orientational e�ects. If such a sample is considered as a reference and its data is used
to correct the data from the sample of interest, the so-determined degree of alignment
will have the tendency to be underestimated.

The polarizing e�ects of the setup and of the dichroic mirror in particular were
corrected using intensity data of a negative control. While this works �ne for bright
samples with a high degree of alignment, the correction might be insu�cient for sam-
ples with a low degree of alignment, which lead to only weak intensity modulations.
Therefore, multiple data sets at di�erent sample orientations were included in the mea-
surement protocol for a de�nite proof of alignment.

Two inherently di�erent biomolecules, dsDNA and eGFP were aligned in the elec-
tric �elds that had been applied to IDE. Stretching of DNA in AC electric �elds had
been described in literature before [23, 32, 155, 156, 157, 158]. Therein, �uorescence
microscopy was used for observation. Mostly, a frequency of 1MHz was applied for
alignment, which is consistent with the results from this thesis. The orientational e�ect
was explained by interactions of the induced dipole moment with the external electric
�eld. As in most publications, no permanent immobiliation of the DNA strands was
achieved at the IDE used in this work. Despite the dynamic formation of DNA strands
between the IDE, an orientation of the DNA strands parallel to the electric �eld could
be determined. The orientation of the intercalating �uorescence dye PicoGreen was
further determined to be perpendicular to the DNA long axis, as was expected from
intercalation of the dyes between the dsDNA base pairs. These results con�rm the
alignment of DNA strands that had been indicated by the presence of �uorescent bands
between the IDE. It further suggests that this method is suitable for more detailed in-
vestigations of the binding mechanisms of DNA stains. Similar experiments are known
from the literature for the �uorescence dye YOYO, where the orientation of the dyes,
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when intercalated into stretched DNA strands, was determined by �uorescence po-
larization [159, 160]. For further experiments involving aligned DNA molecules, it is
advisable to attach the ends of the strands or the complete strands to reduce detach-
ment, reformation and realignment of DNA in the ROIs for evaluation. Attachment
of the DNA strands at the ends can be achieved by using thiol-bonds [29, 30, 31] or
biotin-avidin bonds [32].

Aligned immobilization of proteins by AC electric �elds has not been reported so far.
In this work, aligned immobilization of eGFP occurred at the tips, edges and centers
of IDE. From DEP theory, only immobilization at electrode tips and along the edges
close to the tips is expected, since ∇|E|2 and, hence, DEP attraction is strongest in those
areas. As opposed to that, ∇|E|2 has a local minimum on the centers of the electrodes.
However, the presented results are supported by similar immobilization patterns that
had been reported for polystyrene particles at a frequency of 70 kHz in experiments
with castellated electrodes [161] and at IDE with applied frequencies between 1 kHz to
30 kHz [162]. The immobilization patterns can be explained by an interplay of positive
DEP, which causes a downward force, and AC EOF, which moves the particles towards
the electrode centers. As the tangential components of the electric �eld are responsible
for electroosmotic �ow [14, 74, 161], the direction of the �ow points towards the elec-
trode centers resulting in particle accumulation along the electrodes’ long axes. Immo-
bilization on the electrode centers started at a distance of about 2 µm from the electrode
tips. In Uppalapati’s publication on microtubule accumulation, a similar behavior was
described: Accumulation started at a frequency-dependent (< 500 kHz) distance from
the electrode gap [97]. According to the detailed discussion of forces in non-uniform
AC electric �elds by Castellanos et al. [14], positive DEP and AC EOF are expected to
be the dominating forces responsible for particle motion in our setup with low con-
ductivities of the protein solutions and applied frequencies of 100 kHz.

An interplay of DEP, AC EOF and additional electrothermal �ows has also been re-
ported in combination with orientational e�ects on, e.g., gold nanorods [163] or micro-
tubules [97] that were aligned with their long axes parallel to the electric �eld. This
is in agreement with the newly presented results from eGFP alignment, where the
proteins were also aligned parallel to the electric �eld. Hence, it is reasonable to as-
sume the same orientation mechanism for the proteins even though their aspect ratio
of 1.75 is signi�cantly lower than that of, e.g., actin �laments, microtubules or DNA,
which commonly have lengths in the micrometer range and diameters in the nanome-
ter range, giving aspect ratios between 100 and 1000. Under the in�uence of an exter-
nal electric �eld, these non-symmetrical objects experience a torque on their induced
dipoles, which is commonly held responsible for their alignment with the electric �eld
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[96, 155, 156].
From the aligned eGFP molecules, structural information was deduced in this work

from the �uorescence intensity modulations upon polarized excitation. The angle be-
tween the chromophore plane and the protein’s long axis, which is not discussed in
the original publication on the crystal structure [110], was calculated to be 73°, which
is in good agreement with the X-ray crystal model. An even more exact determina-
tion might be possible using partial de-excitation to narrow the polarization of the
excitation light [164].

3.5 Additional applications using gold-plated

electrodes

Electric �eld-assisted immobilization of biomolecules on metal electrodes, and aligned
immobilization in particular, has been proven to be useful as one of the �rst steps
in various applications. Gold is widely used as electrode or surface material for bio-
analytic applications. The reactivity of gold with sulfur-containing molecules o�ers
versatile possibilities for surface modi�cations and coupling of biomolecules. As gold
electrodes cannot be fabricated directly in the clean rooms at IHP, other electrode ma-
terials have to be gold-plated after chip fabrication. In this section, the gold-plating of
tungsten cylinder electrodes is described along with �rst experiments aiming at future
applications of nanostructured gold electrodes in bioanalytic applications.

3.5.1 Electrolytic gold-plating of tungsten cylinder electrodes

At the IHP, where the tungsten electrode arrays were fabricated, a protocol for elec-
troless gold-plating had been established within the scope of a diploma thesis [165].
Therein, major challenges involved adhesion of the gold structures and control over
their sizes. The latter is more easily achieved using electroplating, which o�ers the
possibility to adjust parameters like the applied voltage and current during an ongo-
ing experiment.

Tungsten dissolution

Tungsten electrode arrays and a gold-plated copper wire were incubated in gold-plating
solution, and voltages between 1.0V to 3.0V were applied. After varying experiment
durations, the electrode chip was rinsed and dried. The success of gold-plating ex-
periments was investigated using a SEM combined with EDX. What striked �rst in
the elemental analysis was the absence of tungsten at the locations of non-contacted
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electrodes. Only aluminum and traces of titanium from the underlying layer were
detected (Fig. 3.30). The same elements were detected for unsuccessful gold-plating
experiments at current densities below 400Am−2. These results indicate a dissolution
of tungsten in the gold plating solution. The following dissolution mechanism was
suggested in the literature [166, 167]:

W + 6 K3[Fe(CN)6] + 6 KOH −−−→ WO3 + 6 K4[Fe(CN)6] + 3 H2O
WO3 + 2 KOH −−−→ K2WO4 + H2O

W + 6 K3[Fe(CN)6] + 8 KOH −−−→ K2WO4 + 6 K4[Fe(CN)6] + 4 H2O

The dissolution of tungsten in the gold-plating solution was veri�ed with a neg-
ative control, for which the electrode chip was incubated with gold-plating solution
for 15min without applying a voltage. In the subsequent EDX analysis, no tungsten
was detected. As successful gold-deposition had been achieved despite tungsten dis-
solution, no alternative gold-plating solution was tested. To prevent or reduce the
dissolution of tungsten, the voltage for gold-plating was applied prior to addition of
the plating solution in all further experiments.
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Figure 3.30: EDX elemental line scan of three hollow cylinders that used to be �lled
with tungsten.

86



3.5 Additional applications using gold-plated electrodes

Growth of gold structures

The experimental parameters that in�uence the gold-plating process are the applied
voltage, the number or, more precisely, the surface area of electrodes to be plated, and
the duration of the experiment. These parameters determine the current density and
the change in electric charge that is needed for the deposition of gold. A limitation of
the current density decelerates the electrodeposition process and might, hence, help to
gain better control over the gold structures. The in�uence of various parameters was
investigated with the aim to achieve homogeneous gold structures on all electrodes.
For the limitation of current density, a resistor with 1 · 106 Ω was used in some ex-
periments. Voltages between 1.0V and 3.0V were applied for durations of 0.17min to
30min. The current measured was 1.6 µA to 7.0 µA at current densities of 0.5Am−2 to
1800Am−2. The parameters are summarized in Table 3.3.

Chip Voltage Duration Current density Gold structure
name [V] [min] [Am−2]
W86 1.0 17 400 Rings (Fig. 3.31a)
W95 1.0 15 600 Dendritic spheroids
W88 1.0 15 600 Dendritic rings (Fig. 3.31b)
W81 1.5 3 900 Large spheroids; smaller polyhedra
W90 1.5 0.5 1400 Large spheroids; smaller polyhedra;

dendritic rings (Fig. 3.31d)
W84 1.5 0.5 1800 Large spheroids (Fig. 3.31e)
W85 1.5 0.17 1800 Large spheroids
W133 3.0 30 500 Agglomerates of smaller spheroids

(Fig. 3.31c)
W130 3.0 30 700 Agglomerates of smaller spheroids
W131 3.0 30 1300 Rose petal-like, merged gold

structures (Fig. 3.31f)

Table 3.3: E�ect of experimental parameters for electrolytic gold-plating of tungsten
cylinder electrodes on the structure of deposited gold.

Only at current densities of approximately 400Am−2 or higher, gold was detected
at the locations of contacted electrodes. The gold structures were investigated using
the SEM. On some chips, the gold deposits were even visible with a light microscope.
The detected gold deposits di�ered in structure and size. There were, e.g., rings of
gold, polyhedra or spheroids. In the center of some of the gold rings, no tungsten was
detected. Apparently, gold deposition was not dependent on the presence of tungsten.
This was veri�ed by reusing an electrode chip where the �rst gold-plating attempt
(1.0V, 400Am−2) had failed, and the tungsten had been dissolved. The second attempt
at a higher voltage (3.0V, 900Am−2) was successful. From this follows a gold depo-
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sition beginning at the edges of the TiN hollow cylinders that normally enclose the
tungsten electrodes. In the course of the plating process the deposits grow and form
di�erently sized gold aggregates whose shapes depend presumably on the growth ve-
locity that is determined by the current density.

At lower current densities, the growth of gold structures was slower than tungsten
dissolution, which lead to the deposition of gold rings along the TiN edges (Fig. 3.31a).

(a) Rings. (b) Dendritic rings.

(c) Agglomerates of smaller spheroids. (d) Large spheroids, smaller polyhedra.

(e) Large spheroids. (f) Rose petal-like gold structures.

Figure 3.31: Gold-plated tungsten electrodes with di�erent gold structures; SEM mi-
crographs.
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With longer experiment duration, dendritic structures grew from the rings (Fig. 3.31b).
At higher current densities, gold was again deposited at the electrode edges at �rst, but
tungsten signals in the EDX spectra gave evidence that gold growth was faster than
tungsten dissolution. As a result, the whole tungsten surface was covered by gold in
the course of an experiment. Here, spherical shapes of gold particles were favored (Fig.
3.31e). In longer experiments at high current densities, rose petal-like structures were
formed (Fig. 3.31f).

On some chips, the gold particles were not homogeneous in size and shape, and
some of the electrodes were not covered by gold. This is either the result of inactive
electrodes that are not properly connected to the underlying metal layer for the elec-
tric contact or the result of insu�cient adherence of some gold particles. If the gold
particles are removed during an experiment, e.g. by �uid �ow, it might cause delayed
growth of new gold particles that in consequence are smaller.

Gold adherence

Gold particles were observed to be partially removed as a result of �uid �ow during
experiments or of rinsing and drying the chips afterwards. Therefore, gold adherence
was investigated using strips of adhesive tape that were pressed onto the dry chips with
gold-plated electrodes and subsequently removed. Some gold particles were removed
with the strip depending on their size, which was discernible on micrographs of the
chips showing less gold particles. Larger gold particles (Fig. 3.32a vs. 3.32b) were
more likely to be removed than small gold particles (Fig. 3.32c vs. 3.32d). The lower
adherence of big gold particles might be the result of their higher growth velocity,
where the contact of gold to the underlying material is not as close as it is expected
for slower growth.

In addition to a reduced current density, which reduces the growth velocity, the
adherence of gold on metal surfaces after plating processes can be enhanced by clean-
ing steps prior to plating and by annealing after plating. Clean surfaces minimize the
inclusion of contaminants and enable better controlled growth. Pre-cleaning with iso-
propanol/ethanol or with 10 % hydrochloric acid was tested. However, there were no
discernible e�ects of the pre-treatment on the plating process or gold adhesion. This
is probably due to the low contamination of the electrode chips that had been manu-
factured in clean rooms.

Another option to gain better adherence is annealing after the plating process. High
temperatures stimulate thermal motion and facilitate atomic rearrangements towards
higher ordered structures and, hence, more stable bonds. Electrode chips with di�er-
ently sized gold structures were annealed at 300 ◦C for 30min. Annealing signi�cantly
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reduced the amount of gold particles removed by adhesive strips for small gold parti-
cles (Fig. 3.32e vs. 3.32f), whereas large particles were still removed to a large extent.

(a) Large gold particles before adherence
test.

(b) Large gold particles after adherence
test.

(c) Small gold particles before adherence
test.

(d) Small gold particles after adherence
test.

(e) Small gold particles before annealing
and adherence test.

(f) Small gold particles after annealing
and subsequent adherence test.

Figure 3.32: Gold-plated electrodes before (a, c, e) and after (b, d, f) adherence tests;
incident light micrographs.
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Carbon contamination

A further aspect that was noted was the e�ect of SEM measurements on the appearence
of electrode chips and on subsequent gold-plating processes. Regions that had been
scanned with the SEM appeared darker in both light and scanning electron micro-
graphs. This can be explained as follows: In those regions, volatile hydrocarbon com-
pounds that had been adsorbed on the chip surface were presumably cracked by the
electron beam and subsequently polymerized [168]. High magni�cations accelerated
this process due to the increased exposure to the electron beam. The polymeric layer
covered the whole surface including the electrodes, thus shielding the electric contact.
This prevented gold deposition in a gold-plating experiment after SEM measurements,
where sections of all four subarrays had been scanned prior to plating (Fig. 3.33a). In
the scanned region, no deposition of gold occurred, while gold deposits were detected
on most remaining electrodes (Fig. 3.33b). Thus, selective inactivation of speci�c elec-
trode areas can be achieved, giving the opportunity to use a standardized electrode ar-
ray for diverse experiments and to introduce substructures according to present needs.

(a) Electrode chip, scanned before gold-
plating.

(b)The same electrode chip at lower mag-
ni�cation, scanned after subsequent gold-
plating.

Figure 3.33: E�ect of carbon contamination in SEM measurements prior to gold-
plating experiments; SEM micrographs.

Hydrocarbon contamination of the samples can be reduced by cleaning the samples
with solvents like acetone or ethanol and by wearing gloves while loading the sample
chamber of the SEM. The main contamination, however, is probably caused by atmo-
spheric hydrocarbons and oil from the vacuum pump. Consequently, electrode chips
should not be characterized by SEM/EDX before gold-plating.
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3.5.2 Immobilization and activity of enzymes on gold-plated
electrodes

Immobilization of proteins, and of enzymes in particular, on gold electrodes is part
of numerous bioanalytic methods, and there exists a pool of established protocols
for covalent coupling reactions. One of these standard protocols was applied to the
gold-plated electrodes, as was the newly developed dielectrophoretic immobilization
method.

Covalent immobilization

Gold-plated electrodes were incubated in mercapto undecanoic acid (MUA) to allow
adsorption of their thiol groups on the gold surface. MUA is known to form self as-
sembled monolayers (SAM) on gold [169]. For functionalization of the gold-plated elec-
trodes, however, it was not necessary to obtain monolayers. The carboxyl groups of
MUA were activated by a mixture of 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide
(EDC) and N -hydroxysuccinimide (NHS). Enzyme immobilization was accomplished
by subsequent addition of a solution of HRP or HRP-Oyster-555, respectively. Af-
ter HRP-Oyster-555 immobilization, the chips were investigated by �uorescence mi-
croscopy. However, the �uorescence of the label was presumably quenched by gold,
so that no �uorescence could be detected at the electrodes. Addition of DHR, the
non-�uorescent substrate for HRP, with H2O2 as co-oxidant, caused �uorescence in
the wavelength range of the oxidation product Rh123 located at individual electrodes.
Whilst the direct detection of immobilized enzymes was not possible, their presence
could be proved by the subsequent enzymatic reaction. The fact that Rh123 �uores-
cence is not quenched might be the result of the larger distance of these �uorophores
to the gold surface compared to the labels that are directly attached to the enzymes.

Dielectrophoretic immobilization

Gold-plated electrodes were used for dielectrophoretic immobilization of proteins. A
solution of HRP-Oyster-555 was used, and the success of the immobilization reaction
(10 kHz, 10V, 10min) was investigated using �uorescence microscopy by comparing
�uorescence micrographs before and after DEP. Some of the gold-plated electrodes
showed photoluminescence in a broad wavelength range that was detected with dif-
ferent emission �lters, including the �lter matching the emission of HRP-Oyster-555,
which rendered evaluation di�cult. Some luminescing electrodes appeared dark after
DEP, probably caused by immobilized proteins that shielded the gold surface and re-
duced or prevented plasmonic excitation, or by �uorescence quenching on gold. Some

92



3.5 Additional applications using gold-plated electrodes

individual electrodes, however, showed �uorescence that had not been detected before
DEP. As a consequence, quanti�cation was not possible. Although the luminescence
processes are not understood at this point, these experiments show the applicability
of dielectrophoretic immobilization on gold-plated electrodes.

3.5.3 Raman measurements of horseradish peroxidase on
gold-plated electrodes

HRP was dielectrophoretically immobilized on gold-plated electrodes using conditions
optimized for tungsten electrodes (10 kHz, 12V, 5min to 10min). The gold particles
had di�erent sizes and shapes as a result of the experimental parameters used for gold-
plating. Both native HRP and HRP-Oyster-555 were immobilized to identify any in-
�uence of the label on the Raman measurements. Control samples were prepared on
electrode chips where HRP or HRP-Oyster-555 solution was dried without �eld appli-
cation. As a further control, HRP was dielectrophoretically immobilized on non-plated
tungsten electrodes. An overview of the samples prepared for Raman measurement is
given in Table 3.4.

Chip Gold-plating Sample Enzyme immobilization Raman
W62 - HRP-Oyster-555 DEP: 10 kHz, 12V, 8min No signals
W91 Small particles HRP-Oyster-555 DEP: 10 kHz, 12V, 9min No signals
W96 Large particles HRP-Oyster-555 DEP: 10 kHz, 12V, 5min No signals
W98 Large particles HRP-Oyster-555 Dried from solution Broad signals
W97 Large particles HRP DEP: 10 kHz, 12V, 10min No signals
W92 Small particles HRP DEP: 10 kHz, 12V, 10min No signals
W93 Small particles HRP Dried from solution Distinct signals

Table 3.4: Overview of the samples with �uorescenctly labeled and unlabeled
horseradish peroxidase on gold-plated electrodes used for Raman measurements.

Raman measurements were conducted by Dr. Khoa Ly from TU Berlin. Excitation
with a 413 nm laser was expected to yield Raman spectra without surface enhancement
e�ects. Unfortunately, such a spectrum was only obtained for the control sample with
dried HRP (Fig. 3.34, W93, yellow). The control sample with dried HRP-Oyster-555
showed broadened signals caused by the �uorescence label. (Fig. 3.34, W98, orange).
For samples with dielectrophoretically immobilized HRP or HRP-Oyster-555, no Ra-
man signals occurred. The amount of enzyme on these samples is probably too low,
since only a fraction of the protein is immobilized from solution under the experimen-
tal conditions used.
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Figure 3.34: Raman measurements of several samples with �uorescently labeled and
unlabeled horseradish peroxidase.

3.5.4 Discussion

A protocol for electrolytic gold-plating of tungsten cylinder electrodes was developed.
The e�ects of experimental parameters on the size and shape of gold deposits were
investigated. All parameters that in�uence the current density, namely the applied
voltage, the optional series resistor for current limitation, and the number of contacted
electrodes, were decisive for the size and shape of gold deposits. Gold adhesion was
better for slowly grown structures, and it was further improved by annealing of the
chips in succession to plating. At slow growth conditions, however, the electrode ma-
terial tungsten might be dissolved by the gold-plating solution used. While this did
not hamper gold deposition in general, the use of an alternative gold-plating solution
might be advisable for future experiments that require slowly grown structures.

The gold-plated electrodes were considered as a platform for additional bioanalyt-
ical applications. Both immobilization approaches, covalent coupling and dielectro-
phoretic immobilization, seemed to work on the gold-plated electrodes. While the
dielectrophoretic method is accomplished in one step, the covalent approach on SAM
provides more variability concerning further modi�cations that might be necessary for
the use in biosensors [152, 170]. Due to the complex luminescent e�ects of gold, espe-
cially when being nanostructured [171], no quanti�cation of immobilized enzymes was
possible from �uorescence measurements. The same holds true for enzymatic activity.
As the gold-plated electrodes exhibit di�erently structured surfaces, a quanti�cation
using the AFM is not productive. An approach to quanti�cation via �uorescence in-
tensities would be to use of a linker to separate the proteins from the gold surface,
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since the quenching e�ects are distance-dependent [172]. Despite the bene�t of a spa-
tial separation for evaluation of immobilization success and enzymatic activity, it is
disadvantageous for Raman spectroscopy, in particular for SERS, where the proximity
of gold nanostructures is exploited for signal enhancement [173]. Alternatively, �uo-
rescence lifetime imaging might be a promising approach to di�erentiate the signals.

First Raman measurements were done by the cooperation partners from TU Berlin.
The �uorescence label was found to seriously broaden the Raman signals, which is
why future experiments should be done with unlabeled proteins only. As the samples
prepared with dielectrophoretically immobilized enzymes gave no signals, the immo-
bilization conditions have to be optimized to gain much higher protein amounts on the
electrodes.
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4.1 Conclusions

In this thesis, biomolecules like proteins and DNA were aligned and immobilized at
nanoelectrodes using an electric �eld-assisted method. Dielectrophoresis is the most
important electrokinetic e�ect that occurs in the applied inhomogenous electric �elds.
General investigations of molecular dielectrophoresis are sometimes impeded by other
interfering electrokinetic e�ects that lead to motion of the molecules. While there were
systematic studies on the in�uence of particle radius, medium conductivity and the ap-
plied frequency and voltage [14], there had been no attempt to minimize alternating
current electroosmotic �ow through a suitable electrode con�guration so far. In this
thesis, an electrode con�guration was used that had been designed with the intention
to reduce tangential components of the electric �eld and the associated alternating
current electroosmotic �ow. This electrode con�guration consists of a nanoelectrode
array for protein attraction and a distant counter electrode, and this geometry has
been adapted by other working groups in the meantime [55]. The nanoelectrodes were
used for general investigations of molecular dielectrophoresis with the protein bovine
serum albumin (BSA). They comprised the in�uence of experimental parameters like
the frequency and the applied voltage, which are varied in most dielectrophoretic stud-
ies, and of di�erent medium conductivities. Several other research groups had previ-
ously used BSA in insulator-based setups at varying pH and medium conductivity [44],
with di�erent insulating post designs [49], and in electrode-based setups with di�erent
electrode gaps [25].

Apart from the parameters that had already been studied, the e�ect of the experi-
ment duration was quanti�ed in this work, as it had a substantial impact on the amount
of collected proteins that were immobilized permanently at the electrodes. Before the
work for this doctoral thesis had started, a permanent immobilization of proteins had
only been reported once [46]. In that report, nanopillar electrodes were used, and re-
versible or permanent immobilization of �uorescently labeled BSA was observed in
dependence on the electric �eld strength. An electric �eld strength of 5 · 106 Vm−1

was necessary for permanent immobilization of BSA, which is one order of magnitude
higher than that applied in this work. However, it is not the electric �eld strength but
the gradient of the electric �eld squared that is decisive for the dielectrophoretic force
(Eq. (1.1)). It amounts to 1017 V2m−3 for the nanoarray electrodes and to 1020 V2m−3

for interdigitated electrodes as compared to 1014 V2m−3 to 1016 V2m−3 in other studies,
where the attraction of proteins was temporary [41, 49, 72].

It is likely that the electric �eld strengths or, more precisely, the �eld gradients
needed for permanent immobilization cannot be reached with common electrode con-
�gurations. In contrast, these gradients are generated easily with the nanoelectrodes
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used in reference [46] and in this thesis, where the radius of curvature at the top of the
electrodes is in the low nanometer range and, hence, only a few times larger than that
of the biomolecules. Permanent immobilization of proteins or enzymes in particular
[118] is a fundamental step in numerous bioanalytic applications and, hence, immobi-
lization protocols that are simple, fast and cost-e�cient are highly bene�cial for their
development.

Beyond the general investigations of molecular dielectrophoresis, the dielectropho-
retically immobilized proteins were quanti�ed for the �rst time in an absolute manner.
The volumes of deposited proteins on the electrodes were determined using an atomic
force microscope, and a maximal number of proteins contained in those volumes was
calculated on the basis of their packing density in crystals. This approach might only
give an upper limit at this time, but the calculation can easily be re�ned as soon as more
precise information on the speci�c protein interactions and their associated packing
density is available. In addition to the possibility for an absolute quanti�cation, the ef-
fort to operate an atomic force microscope is justi�ed for the detection of samples that
cannot be reliably measured by �uorescence microscopy. This applies for unlabeled
samples, or if the measurements are obstructed by strong luminescent backgrounds.
For such samples, this newly developed method is a promising approach to quanti�-
cation.

With regard to biosensing applications, the proof of a retained biofunctionality of
dielectrophoretically immobilized proteins is crucial. Molecular dielectrophoresis of
an enzyme had only been demonstrated for ribonuclease A, yet without considering
its functionality [40]. Molecular dielectrophoresis of the enzyme horseradish peroxi-
dase was conducted for the �rst time within this work. What is more, its functionality
after dielectrophoretic manipulation was demonstrated. Aside from the publication
on the retained binding ability of antibodies after dielectrophoresis [48], which was
published nearly at the same time from our working group, this is the only report on
the biofunctionality of dielectrophoretically immobilized proteins to date. Long-term
storage, which is an important issue for biosensing devices, was also tested for di-
electrophoretically immobilized enzymes in this work. The samples could be stored
up to two weeks at room temperature. Enzyme stability is a problem also in solu-
tion and with other immobilization methods [120]. Hence, the activity decrease of
dielectrophoretically immobilized HRP is not a criterion for exclusion of this method
for bioanalytical applications, as there remain various storing conditions [174] to be
tested in order to delay the activity loss.

With the aim of improving the sensitivity, an aligned immobilization method was
desirable. For the investigation of the aligning e�ect of electric �elds, a �uorescence
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microscope setup and a suitable measurement and evaluation protocol were developed.
As DNA stretching and aligning between opposed, coplanar electrodes have been re-
ported in quite a number of publications [23, 32, 155, 158], it served as a valuable
control for the applicability of the protocol. Additionally, information on the binding
mechanism of �uorescence stains to DNA can be assessed with this method, which has
already been done for some stains [159, 160]. This approach can be extended to other
new stains and to �uorescent proteins as well.

The aligned immobilization of proteins by electric �elds was demonstrated in this
work for the �rst time. The enhanced Green Fluorescent Protein (eGFP) was chosen for
its �uorescence properties that were needed for orientational investigations with the
developed optical setup. Interdigitated electrodes were employed despite the greater
in�uence of alternating current electroosmotic �ow, because with the optical setup
used, the orientation could only be determined for proteins oriented with their lon-
gitudinal axes parallel to the surface. In a 3D electrode con�guration, however, the
proteins would have an upright orientation with relation to the surface. For orien-
tational investigations in such a con�guration, total internal re�ection �uorescence
microscopy might be a suitable technique, as it exhibits polarization also along the
z-axis as a consequence of the illumination angle.

The proof of aligned immobilization of proteins is the most important �nding of
this work as it veri�es the initial hypothesis. While the aligned immobilization of con-
ducting and semiconducting nanoobjects by electric �elds had been reported multiple
times [80], it was not clear if this method would apply to proteins. As the alignment
of induced dipoles in the nanoobjects is held responsible for the orientational e�ect
[66, 96, 155, 156, 175], alignment of proteins was not at all obvious because these
molecules are smaller and non-conducting. The demonstrated success suggests the
electric-�eld assisted immobilization method for applications that bene�t from a spe-
ci�c and homogeneous orientation of proteins. For biosensing reactions, for example,
this aligned immobilization could lead to improved sensitivities due to enhanced acces-
sibility of the active sites of enzymes or antibodies. It must be kept in mind, however,
that the orientation of the proteins is a result of protein-speci�c properties and, hence,
their induced dipoles. The proteins will always align with the electric �eld and the
direction of alignment can only be in�uenced by suitable electrode geometries that
produce the desired electric �eld.

In addition to the alignment of the proteins, structural information were derived
from �uorescence measurements with polarized excitation: the orientation of the chro-
mophore relative to the eGFP longitudinal axis was determined. The fact that this angle
had not been described in the publication on the X-ray crystal structure [110] suggests
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the use of polarized light measurements to gain structural information also on other
�uorescent proteins without the need to crystallize them.

Control over the orientation of proteins as for example in aligned immobilization is
bene�cial for bioanalytical studies in view of possibly facilitated access to binding sites,
which can lead to enhanced sensitivities of biosensing applications. With regard to bio-
analytical applications in general, gold electrodes o�er more variability than tungsten
electrodes for, e.g. surface enhanced raman spectroscopy [176] or concerning modi�-
cations of the surface by covalent or adsorptive attachment of biomolecules [177, 178].
Since gold cannot be employed in the clean rooms of the Leibniz Institute for Inno-
vative Microelectronics (IHP) where the tungsten nanoelectrode arrays are fabricated,
the electrodes need to be gold-plated afterwards. An electroless gold-plating proto-
col had been applied at the IHP with the intention to use the gold-plated electrodes
in biosensors [165]. Optimizations of gold deposition in electrodeless systems, how-
ever, are limited to the composition of the plating solution, pre- and post-treatment. In
contrast, direct in�uence on the gold deposition rate can be accomplished in electro-
plating by optimizing the current density. With the same equipment that was used for
dielectrophoresis experiments, the tungsten nanoelectrodes were gold-plated success-
fully. The distribution of deposited gold and the nanostructuring was characterized by
scanning electron microscopy.

The gold-plated electrodes with nanostructured surfaces might be bene�cial for sig-
nal enhancement e�ects in Raman measurements [173, 179]. The fact that preliminary
Raman measurements of horseradish peroxidase on gold-plated electrodes were only
successful for those samples with dried enzymes from solution but not for those with
dielectrophoretically immobilized enzymes indicates that the gold-plated electrodes
are generally suitable for Raman measurements. In the samples with dielectrophoret-
ically immobilized enzymes, the amount of enzymes was probably not high enough
and should be increased for future experiments.

All in all, the insights from the presented results contribute signi�cantly to the cur-
rent research in the �eld of molecular dielectrophoresis. They further provide the
prerequisites for future experiments involving the orientational manipulation of func-
tional biomolecules and possibly an incorporation into diverse bioanalytical applica-
tions.

4.2 Summary

Sensitive diagnostic devices are of special interest for prevention, early detection and
monitoring of diseases and to assure a suitable treatment. In these devices, miniatur-
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Conclusions and summary

ized structures from the semiconductor industry are used more and more frequently,
taking advantage of the standardized fabrication protocols and the associated reduced
costs for mass production. Micro- and nanostructures are thus accessible that can be
used to apply electric �elds for the manipulation of biomolecules, e.g. for alignment,
accumulation or immobilization. In biosensors, the biomolecules that are responsible
for the sensing reaction are immobilized on a transducer surface. The transduced signal
is a measure of the concentration of analytes that bind or react with the biomolecules
during the sensing reaction. Speci�c homogeneous orientations of these biomolecules
can lead to facilitated access to their active sites and thus to signal enhancement.

In this dissertation, an electric �eld-assisted method was developed and applied to
achieve immobilization and alignment of biomolecules on metal electrodes in a simple
one-step experiment. Neither modi�cations of the biomolecule nor of the electrodes
were needed. The two major electrokinetic e�ects that lead to molecule motion in the
chosen electrode con�gurations used were identi�ed as dielectrophoresis and alternat-
ing current electroosmotic �ow. To minimize alternating current electroosmotic �ow,
a new 3D electrode con�guration was designed. Thus, the in�uence of experimental
parameters on the dielectrophoretic force and the associated molecule movement could
be studied. Permanent immobilization of proteins was examined and quanti�ed abso-
lutely using an atomic force microscope. By measuring the volumes of the immobilized
protein deposits, a maximal number of proteins contained therein was calculated. This
was possible since the proteins adhered to the tungsten electrodes even after switching
o� the electric �eld. The permanent immobilization of functional proteins on surfaces
or electrodes is one crucial prerequisite for the fabrication of biosensors.

Furthermore, the biofunctionality of the proteins must be retained after immobi-
lization. Due to the chemical or physical modi�cations on the proteins caused by
immobilization, their biofunctionality is sometimes hampered. The activity of dielec-
trophoretically immobilized proteins, however, was proven here for an enzyme for the
�rst time. The enzyme horseradish peroxidase was used exemplarily, and its activ-
ity was demonstrated with the oxidation of dihydrorhodamine 123, a non-�uorescent
precursor of the �uorescence dye rhodamine 123.

Molecular alignment and immobilization - reversible and permanent - was achieved
under the in�uence of inhomogeneous AC electric �elds. For orientational investi-
gations, a �uorescence microscope setup, a reliable experimental procedure and an
evaluation protocol were developed and validated using self-made control samples
of aligned acridine orange molecules in a liquid crystal. Lambda-DNA strands were
stretched and aligned temporarily between adjacent interdigitated electrodes, and the
orientation of PicoGreen molecules, which intercalate into the DNA strands, was de-
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termined. Similarly, the aligned immobilization of enhanced Green Fluorescent Protein
was demonstrated exploiting the protein’s �uorescence and structural properties. For
this protein, the angle of the chromophore with respect to the protein’s geometrical
axis was determined in good agreement with X-ray crystallographic data. Permanent
immobilization with simultaneous alignment of the proteins was achieved along the
edges, tips and on the surface of interdigitated electrodes. This was the �rst demon-
stration of aligned immobilization of proteins by electric �elds. Thus, the presented
electric �eld-assisted immobilization method is promising with regard to enhanced
antibody binding capacities and enzymatic activities, which is a requirement for in-
dustrial biosensor production, as well as for general interaction studies of proteins.
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Appendix

A.1 Abbreviations and acronyms

AC alternating current

AC EOF alternating current electroosmotic �ow

AFM atomic force microscope

a.u. arbitrary units

BG background

BSA bovine serum albumin

BSA-Oyster-647 bovine serum albumin, labeled with the �uorescence dye
Oyster-647

CLSM confocal laser scanning microscope

CMOS complementary metal-oxide-semiconductor

DC direct current

DEP dielectrophoresis

DHR dihydrorhodamine 123

DNA desoxyribonucleid acid

DOL density of labeling

dsDNA double-stranded desoxyribonucleic acid

EDC 1-ethyl-3-(3-dimethylaminopropyl)carbodiimide

EDX energy dispersive X-ray spectroscopy

eGFP enhanced Green Fluorescent Protein

ELISA enzyme-linked immunosorbent assay

FCS �uorescence correlation spectroscopy

GFP Green Fluorescent Protein

HRP horseradish peroxidase
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HRP-Oyster-555 horseradish peroxidase, labeled with the �uorescence dye
Oyster-555

IDE interdigitated electrodes

IHP Leibniz Institute for Innovative Microelectronics

ITO indium tin oxide

MUA mercapto undecanoic acid

NA numerical aperture

NHS N -hydroxysuccinimide

PDB ID Protein Data Bank identi�er

Rh123 rhodamine 123

RNA ribonucleic acid

ROI region of interest

RPE R-phycoerythrin

SAM self assembled monolayers

SAW surface acoustic wave

SEM scanning electron microscope

SERS surface enhanced raman spectroscopy

TDM transition dipole moment

TFP tetra�uorophenyl

TIRF total internal re�ection �uorescence

A.2 Symbols and constants

α polarization orientation angle

β chip orientation angle

δ angle between the chromophore’s transmission dipole moment and
the protein’s longitudinal axis

119



Appendix

ϵ molar extinction coe�cient

ε∗x complex permittivity of a material x

εx relative permittivity of a material x

ε0 vacuum permittivity

E electric �eld strength

EE enzyme e�ciency

FDEP dielectrophoretic force

h height

i imaginary unit

I intensity

K Clausius-Mossotti factor

λ wavelength

∇ gradient

ω angular frequency

rp particle radius

ρ phase o�set

σx electrical conductivity of a material x

t time

U voltage

V volume
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