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Abstract

Surface-enhanced Raman scattering (SERS) is a promising tool to obtain rich chemical infor-
mation about analytes at trace levels. However, in order to perform selective experiments on
individual molecules, two fundamental requirements have to be fulfilled. On the one hand,
areas with high local field enhancement, so-called “hot spots”, have to be created by position-
ing the supporting metal surfaces in close proximity to each other. In most cases hot spots
are formed in the gap between adjacent metal nanoparticles (NPs). On the other hand, the
analyte has to be positioned directly in the hot spot in order to profit from the highest signal
amplification. The use of DNA origami substrates provides both, the arrangement of AuNPs
with nm precision as well as the ability to bind analyte molecules at predefined positions.
Consequently, the present cumulative doctoral thesis aims at the development of a novel
SERS substrate based on a DNA origami template. To this end, two DNA-functionalized
gold nanoparticles (AuNPs) are attached to one DNA origami substrate resulting in the for-
mation of a AuNP dimer and thus in a hot spot within the corresponding gap. The obtained
structures are characterized by correlated atomic force microscopy (AFM) and SERS imaging
which allows for the combination of structural and chemical information.
Initially, the proof-of principle is presented which demonstrates the potential of the novel ap-
proach. It is shown that the Raman signal of 15 nm AuNPs coated with dye-modified DNA
(dye: carboxytetramethylrhodamine (TAMRA)) is significantly higher for AuNP dimers ar-
ranged on a DNA origami platform in comparison to single AuNPs. Furthermore, by attaching
single TAMRA molecules in the hot spot between two 5 nm AuNPs and optimizing the size
of the AuNPs by electroless gold deposition, SERS experiments at the few-molecule level are
presented.
The initially used DNA origami-AuNPs design is further optimized in many respects. On the
one hand, larger AuNPs up to a diameter of 60 nm are used which are additionally treated
with a silver enhancement solution to obtain Au-Ag-core-shell NPs. On the other hand, the
arrangement of both AuNPs is altered to improve the position of the dye molecule within the
hot spot as well as to decrease the gap size between the two particles. With the optimized
design the detection of single dye molecules (TAMRA and cyanine 3 (Cy3)) by means of
SERS is demonstrated. Quantitatively, enhancement factors up to 1010 are estimated which
is sufficiently high to detect single dye molecules.

In the second part, the influence of graphene as an additional component of the SERS sub-
strate is investigated. Graphene is a two-dimensional material with an outstanding com-
bination of electronical, mechanical and optical properties. Here, it is demonstrated that
single layer graphene (SLG) replicates the shape of underlying non-modified DNA origami
substrates very well, which enables the monitoring of structural alterations by AFM imaging.
In this way, it is shown that graphene encapsulation significantly increases the structural
stability of bare DNA origami substrates towards mechanical force and prolonged exposure
to deionized water.
Furthermore, SLG is used to cover DNA origami substrates which are functionalized with a
40 nm AuNP dimer. In this way, a novel kind of hybrid material is created which exhibits
several advantages compared to the analogue non-covered SERS substrates. First, the fluo-
rescence background of dye molecules that are located in between the AuNP surface and SLG
is efficiently reduced. Second, the photobleaching rate of the incorporated dye molecules is
decreased up to one order of magnitude. Third, due to the increased photostability of the
investigated dye molecules, the performance of polarization-dependent series measurements
on individual structures is enabled. This in turn reveals extensive information about the dye
molecules in the hot spot as well as about the strain induced within the graphene lattice.
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Although SLG can significantly influence the SERS substrate in the aforementioned ways, all
those effects are strongly related to the extent of contact with the underlying AuNP dimer.
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Zusammenfassung

Desoxyribonukleinsäure (engl. deoxyribonucleic acid (DNA)) ist nicht nur Träger der Erbin-
formation, sondern wird auch seit den frühen 80er Jahren als Gerüstmaterial in der Na-
notechnologie verwendet. Im Jahr 2006 wurde die bis dato entwickelte DNA-Nanotechnologie
durch die Erfindung der sogenannten DNA Origami-Technik weiter revolutioniert. Diese er-
laubt die Konstruktion vielfältiger zwei- und dreidimensionaler Strukturen durch gezielte
DNA-Selbstassemblierung. Basierend auf der grundlegenden Watson-Crick Basenpaarung in-
nerhalb eines DNA-Doppelstrangs können die gewünschten Zielstrukturen dabei mit hoher
Genauigkeit vorhergesagt werden.
Neben der Entwicklung vielfältiger DNA-Konstrukte eignen sich DNA Origami-Substrate zu-
dem hervorragend zur Bindung funktionaler Einheiten mit der Präzision im Bereich von
Nanometern. Somit lassen sich beispielsweise Goldnanopartikel (AuNPs) präzise anord-
nen. Dies ist von höchstem Interesse im Zusammenhang mit der oberflächenverstärkten
Ramanstreuung (engl. surface-enhanced Raman scattering (SERS)). SERS basiert darauf,
die naturgemäß schwache Ramanstreuung eines Analyten um mehrere Größenordnungen zu
verstärken, indem der Analyt nahe einer Metalloberfläche positioniert wird. Die Verstärkung
der Ramanstreuung beruht hierbei hauptsächlich auf der Wechselwirkung des Analyten mit
dem elektromagnetischen Feld der Metalloberfläche und kann im Zwischenraum zweier be-
nachbarter Metallstrukturen besonders stark ausgeprägt sein.
Die vorliegende kumulative Dissertation beschäftigt sich mit der Entwicklung einer DNA
Origami-basierten Sensoroberfläche für die Anwendung von SERS-Experimenten. Hierbei
werden jeweils zwei AuNPs in gezieltem Abstand an ein DNA Origami-Substrat gebunden und
das verstärkte Ramansignal eines Analyten im Zwischenraum des AuNP-Dimers detektiert.
Zunächst wird das allgemeine Prinzip in Form eines Wirksamkeitsnachweises vorgestellt, in
welchem der Farbstoff Carboxytetramethylrhodamin (TAMRA) als Analyt verwendet wird.
Die darauf aufbauenden Experimente zielen auf eine Verringerung der Nachweisgrenze bis
hin zur Einzelmoleküldetektion ab. Im Zuge dessen werden vielseitige Optimierungsschritte
durchgeführt, die die Größe, die Anordnung sowie die Ummantelung der AuNPs mit einer
dünnen Silberschicht betreffen. Es wird gezeigt, dass durch die Optimierung aller Parameter
die Detektion einzelner TAMRA- und Cyanin 3 (Cy3)-Moleküle mittels SERS möglich ist.
Weiterhin wird Graphen, ein erst im Jahr 2004 entdecktes Material bestehend aus einer
einzigen Schicht Kohlenstoffatome, als weiterer Bestandteil der untersuchten Nanostrukturen
eingeführt. Graphen zeichnet sich durch eine bislang einzigartige Kombination aus optischen,
elektronischen und mechanischen Eigenschaften aus und hat sich daher innerhalb kürzester
Zeit zu einem vielfältigen Forschungsschwerpunkt entwickelt. In der vorliegenden Disserta-
tion wird zunächst die erhöhte strukturelle Stabilität von Graphen bedeckten DNA Origami-
Substraten im Hinblick auf mechanische Beanspruchung sowie auf die Inkubation in deio-
nisiertem Wasser demonstriert. In weiterführenden Betrachtungen werden auch DNA Origami-
Substrate, die mit AuNP-Dimeren funktionalisiert sind, mit Graphen bedeckt, und somit eine
neuartige Hybridstruktur erzeugt. Es wird gezeigt, dass Graphen den Fluoreszenzuntergrund
der untersuchten Farbstoffmoleküle deutlich reduziert und zusätzlich deren Photostabilität
gegenüber der eintreffenden Laserstrahlung effektiv verbessert.
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1
Introduction

Nanotechnology is everywhere. And we encounter its effects throughout our daily lives:
ranging from skin care products, over clothes and sports goods to cars, smartphones and
computers. In all cases, nanomaterials are used as additives to common products resulting
in beneficial properties such as increased electronic capability or higher mechanical stability.
Additionally, nanoparticles (NPs) are highly promising in the field of medical applications, for
instance, to specifically combat cancer cells by means of drug delivery or heat generation [1].
Since nanotechnology is already strongly anchored in countless fields, it is unambiguously a
key technology of the future.

Besides the huge influence of nanotechnology on materials of our daily lives, it also opened
new doors for analytical applications. For instance, Raman spectroscopy, a widely used
analytical method, strongly profits from nanomaterials. In particular, Raman scattering is
an inelastic scattering effect providing rich chemical information, while at the same time,
it is hampered by very low Raman cross sections that are directly reflected in weak signal
intensities. This drawback has been overcome by the development of surface-enhanced Raman
scattering (SERS), an effect that was first observed by Fleischmann et al. in 1974 [2] and
shortly afterwards correctly interpreted by Jeanmaire et al. [3]. Basically, SERS relies on
enhancing the Raman scattering signal of an analyte by placing it in close vicinity to a
metal surface. Especially high field enhancements are generated in the gap between adjacent
metal NPs [4,5]. However, the detection of single molecules by means of SERS is particularly
challenging for several reasons. On the one hand, so-called “hot spots” have to be created that
provide a sufficiently high field enhancement. On the other hand, the analyte molecule has
to be placed directly in the hot spot in order to benefit from the highest field enhancement.
Nevertheless, several techniques for single-molecule-SERS (sm-SERS) have been developed
such as the ultralow concentration approach [6,7], the bianalyte technique [8], as well as NP
dimers connected by bifunctional linkers [9,10]. However, these approaches either suffer from
insufficient control over the hot spot formation and complex statistical analysis or from the
lack of further functionalization.
With the invention of the DNA origami technique by Rothemund in 2006 [11] a tool was
created that allows for the attachment of functional units with nm precision. In this way
both, gold nanoparticles (AuNPs) and analyte molecules can be assembled at predefined
positions making DNA origami predestined templates for SERS applications.
Consequently, the present thesis focuses on the development of a DNA origami-based platform
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for the reliable detection of analytes by means of SERS. Thus, strategies from the field of
material science are applied for analytical interests. The work includes several optimization
steps towards detection limits, structural stability of the DNA origami templates as well as
photostability of the analyte molecules. Throughout the whole thesis, SERS measurements
are accompanied by correlated atomic force microscopy (AFM) in order to combine chemical
and structural information.

In manuscript 1 (M11) the proof-of-principle is presented by introducing the basic approach
of DNA origami templates as substrates for SERS. Herein, triangular DNA origami substrates
are functionalized with AuNP dimers of up to 15 nm. As Raman reporter molecule the well-
established dye carboxytetramethylrhodamine (TAMRA) is used which is either bound to the
AuNPs or to the DNA origami substrate. By optimizing the gap size and hence the hot spot,
TAMRA is successfully detected at a few-molecule level.

In manuscript 2 (M22) the initial DNA origami-AuNP structures introduced in M1 are
optimized in multiple ways aiming at sufficiently high field enhancements for single-molecule
detection. In this context, the geometrical arrangement of the AuNPs is changed, larger
AuNPs with a diameter of 60 nm are used and the interparticle distance is significantly
decreased. Furthermore, a silver enhancement approach is applied in order to obtain Au-Ag-
core-shell NPs providing higher field enhancements compared to bare AuNPs. In this way
the successful detection of single analyte molecules (TAMRA and cyanine 3 (Cy3)) placed in
the center between the two AuNPs is demonstrated. Additionally, the SERS performance of
the optimized structures is quantified by estimating enhancement factors (EFs).

In the context of single-molecule detection it is particularly interesting to gain additional in-
formation about the conformation of the molecule within the hot spot. Therefore, a series of
SERS measurements with varying polarization angles of the incoming and the scattered light
is required. However, SERS measurements are frequently accompanied by photobleaching of
the Raman dyes caused by the laser exposure. Recently, graphene was demonstrated to effi-
ciently reduce the photobleaching of dye molecules in close vicinity and thereby stabilize the
SERS signal over a prolonged period of time [12,13]. For this reason, the impact of graphene
as an additional component to the developed SERS substrate is tested.
Initially, the encapsulation of bare DNA origami substrates by graphene is presented in
manuscript 3 (M33). Herein, the replication ability of graphene as well as its influence
on the structural stability of the underlying DNA origami substrates is investigated.

Finally, in manuscript 4 (M44) the individual components introduced in M1–M3, that is, a
DNA origami template, a AuNP dimer and a single layer of graphene, are combined within
one hybrid material. In this way the unique properties of the individual building blocks
are efficiently merged resulting in highly beneficial SERS substrates. The impact of the
graphene layer on the optical properties of the novel hybrid structures is extensively studied.
In this context, the SERS performance, the appearance of the fluorescence background as well
as the photostability of the dye molecules are subjects of research. Additionally, a deeper
insight of the interplay between the graphene layer and the underlying structures is gained

1 [M1] J. Prinz, B. Schreiber, L. Olejko, J. Oertel, J. Rackwitz, A. Keller, I. Bald, “DNA Origami Substrates
for Highly Sensitive Surface-Enhanced Raman Scattering”, J. Phys. Chem. Lett. 4, 4140–4145 (2013).

2 [M2] J. Prinz, C. Heck, L. Ellerik, V. Merk, I. Bald, “DNA origami based Au-Ag-core-shell nanoparticle
dimers with single-molecule SERS sensitivity”, Nanoscale 8, 5612–5620 (2016).

3 [M3] A. Matković, B. Vasić, J. Pešić, J. Prinz, I. Bald, A. Milosavljević, R. Gajić, “Enhanced structural
stability of DNA origami nanostructures by graphene encapsulation”, New J. Phys. 18, 025016 (2016).

4 [M4] J. Prinz, A. Matković, J. Pešić, R. Gajić, I. Bald, “Hybrid Structures for Surface-Enhanced Raman
Scattering: DNA Origami/Gold Nanoparticle Dimer/Graphene”, Small 12, 5458–5467 (2016).
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by polarization-dependent SERS measurements.

In addition to the four main manuscripts (M1–M4), DNA origami as substrates for ultraviolet
(UV) photon-induced DNA strand breakage (M55) are briefly discussed. Moreover, another
facet of SERS substrates is pointed out in M66, by demonstrating the SERS activity of
gold nanodiscs (AuNDs) synthesized on the basis of phospholipids. Finally, DNA origami
templates are presented as substrates for the assembly of plasmonic gold nanolenses (AuNLs)
(M77).

5 [M5] S. Vogel, J. Rackwitz, R. Schürman, J. Prinz, A. R. Milosavljević, M. Réfrégiers, A. Giuliani, I. Bald,
“Using DNA Origami Nanostructures to Determine Absolute Cross Sections for UV Photon-Induced DNA
Strand Breakage”, J. Phys. Chem. Lett. 6, 4589–4593 (2015).

6 [M6] J. Oertel, A. Keller, J. Prinz, B. Schreiber, R. Hübner, J. Kerbusch, I. Bald, K. Fahmy, “Anisotropic
metal growth on phospholipid nanodiscs via lipid bilayer expansion”, Sci. Rep. 6, 26718 (2016).

7 [M7] C. Heck, J. Prinz, A. Dathe, V. Merk, O. Stranik, W. Fritzsche, J. Kneipp, I. Bald, “Gold nanolenses
self-assembled by DNA origami”, submitted manuscript.
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2
Theoretical background

2.1. Raman scattering

In 1928 Raman observed the so-called Raman effect [14] which is a form of inelastic light
scattering representing the basis of today’s Raman spectroscopy.
Basically, upon light-matter interactions elastic as well as inelastic scattering processes may
occur, which are schematically depicted in Figure 2.1. Both processes are initiated by the
absorption of an incident photon with the energy hν0 resulting in a transition of the molecule
from the singlet ground electronic state S0 to a higher energy level. Depending on the
wavelength λexc of the incoming laser light different types of energy levels may be populated.
On the one hand, non-resonant excitation (Figure 2.1 a) leads to a transition to so-called
“virtual energy levels” [15]. On the other hand, on the condition that the energy of the
incoming laser light is in resonance with one (or more) electronic transition(s) of the molecule,
higher singlet electronic states Sn are populated [16] (Figure 2.1 b). For both, non-resonant
and resonant Raman processes, subsequent relaxation of the molecule to the electronic ground
state S0 (to a vibrational level (v = 0, 1, 2, ...)) causes the emission of another photon whose
energy can be identical (hν0; elastic Rayleigh scattering) or different (h(ν0 ± νk); inelastic
Raman scattering) from the energy of the incident photon [15]. Additionally, in the case of
resonant excitation the molecule can be radiatively deactivated in terms of fluorescence which
represents a competing path to Raman scattering (Figure 2.1 b). Since fluorescence cross
sections σF typically exceed resonant Raman cross sections σRR by approximately 6 orders of
magnitude the detection of Raman signals is often hampered upon resonant excitation [16](see
sections 2.1.2 and 2.3.3 for detailed considerations).

Depending on the involved (vibrational) energy levels the inelastic Raman scattering is clas-
sified in Stokes scattering and anti-Stokes scattering which significantly differ in their ob-
served intensities. This is caused by the Boltzmann-distribution of the population density
for different vibrational levels [17]:

N1

N0
= e

−∆E
kBT (2.1)

where N0 and N1 are the numbers of molecules in the vibrational levels v = 0 and v = 1,
∆E [J] is the energy difference between the two levels, T [K] is the temperature and kB is
the Boltzmann’s constant (kB = 1.38 × 10−23 J K−1). Considering a room temperature of
T = 300 K, the lowest vibrational level (v = 0) of the S0 state is almost entirely populated,
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facing a population of less than 1% for the next vibrational level (v = 1) [17]. Thus, Stokes
scattering is usually far more intense compared to anti-Stokes scattering and consequently
analyzed in most Raman experiments [15]. However, according to equation 2.1 the population
of the vibrational level v = 1 and thus the intensity of the anti-Stokes scattering increases
with increasing temperature. Ultimately, in comparison to Rayleigh scattering the intensity
of Raman scattering is several orders of magnitude lower (approximately 10−6 of the incident
laser light [15]) which is reflected in extremely low Raman cross sections σR (see section 2.1.2
for detailed discussion).

k k

k k

Figure 2.1.: Energy diagram illustrating basic processes in (a) non-resonant and (b)
resonant Raman scattering. For non-resonant excitation “virtual energy levels” are populated
whereas in resonant Raman experiments the excitation wavelength matches an electronic transition
resulting in the competing appearance of fluorescence which often hampers the detection of the pristine
Raman signal. h: Planck’s constant (h = 6.626×10−34 J s), ν0: frequency of the incident laser light,
(ν0− νk): frequency of Stokes scattering, (ν0 + νk): frequency of anti-Stokes scattering, S0: singlet
ground electronic state, S1: singlet first electronic state, v = 0, 1, 2, ...: vibrational energy levels.

2.1.1. Classical approach to Raman scattering

Although a full description of the Raman process requires quantum theoretical concepts, the
basic principle is also accessible in terms of a classical and phenomenological approach [18].
At a staring point, the electric field ~E [V m−1] of the incident laser light induces a dipole
moment ~P [C m] within the probed molecule which is proportional to its polarizability α̂
(equation 2.2) [19]. Herein, α̂ [C m2 V−1] is a tensor of rank two with nine elements [18].

~P = α̂ · ~E (2.2)

The oscillating electric field ~E in turn is described by its amplitude ~E0 [V m−1], its angular
frequency ω0 [s−1] or the corresponding frequency ν0 [Hz] and the time t [s] as [20]:

~E = ~E0 cos(ω0t) = ~E0 cos(2πν0t) (2.3)

Consequently, the induced dipole moment is given by equation 2.4.

~P = α̂ · ~E0 cos(2πν0t) (2.4)

Considering a molecule with Na atoms (Na ≥ 2) yields 3Na−6 (or 3Na−5 for linear molecules)
normal vibrational modes k describing linearly independent vibrations of the atoms around
their equilibrium positions [18]. For a given normal vibrational mode k the displacement of each
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atom upon vibration is then described by the corresponding normal mode coordinate Qk
[20].

As the result of molecular vibrations the molecular and electronic structure of the molecule is
affected which leads to a slight perturbation of the polarizability α̂ [20]. This is approximated
on the basis of a Taylor expansion (around the equilibrium position Qk = 0) [18]:

α̂(Qk) = α̂0 +

(
∂α̂

∂Qk

)
Qk=0

Qk +
1

2

(
∂2α̂

∂Q2
k

)
Qk=0

Q2
k + ... (2.5)

Herein, the molecular vibration for a given normal mode k can be described by a harmonic
oscillation in terms of the normal mode coordinates Qk with the amplitude Q0

k, the frequency
νk [Hz] and the time t [s] [20]:

Qk = Q0
k · cos(2πνkt) (2.6)

For small oscillations equation 2.5 can be reduced to the first two terms governing the induced
dipole moment ~P as [18]:

~P =

[
α̂0 +

(
∂α̂

∂Qk

)
Qk=0

Q0
k cos(2πνkt)

]
~E0 cos(2πν0t) (2.7)

Trigonometric transformation yields equation 2.8 which is composed of the Rayleigh term
correlated to the incident frequency ν0 and the Raman term including the frequency shifts
for Stokes scattering (ν0 − νk) and anti-Stokes scattering (ν0 + νk), respectively [20].

~P = α̂0
~E0 cos(2πν0t)︸ ︷︷ ︸

Rayleigh

+
1

2

(
∂α̂

∂Qk

)
Qk=0

Q0
k
~E0 [cos(2π(ν0 + νk)t) + cos(2π(ν0 − νk)t)]︸ ︷︷ ︸

Raman

(2.8)

Equation 2.8 yields the classical selection rule for Raman scattering, that is, that Raman
scattering exclusively occurs if the polarizability of a given normal vibrational mode changes
during the vibration [15]: (

∂α̂

∂Qk

)
Qk=0

6= 0 (2.9)

Basically, this condition is fulfilled for vibrations that are symmetrical with respect to the
molecule’s centre of symmetry [15]. As a general rule non-polar functional groups are in
most cases Raman-active whereas for the detection of polar functional groups infrared (IR)
spectroscopy, being the complementary approach to Raman spectroscopy, is the method of
choice [21].

2.1.2. Raman cross sections

The concept of cross sections σ has been introduced in order to compare the efficiency of
different optical processes that are directly correlated to an excitation with incident light [18].
Geometrically, it can be understood in terms of an imaginary area surrounding a certain
molecule. The larger the area (which is equal to a high cross section) the higher is the
probability of an interaction with an incident photon.
Typical Raman cross sections σR are on the order of 10−30 cm2 per molecule for non-resonant
excitation [22]. On the contrary, characteristic fluorescence cross sections σF are within the
range of 10−17–10−16 cm2 [23] and thus exceed Raman cross sections by up to 14 orders of
magnitude.
Basically, the Raman cross section depends on the excitation wavelength, the investigated
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vibrational mode as well as on the refractive index of the surrounding medium. Furthermore,
the intrinsic low Raman cross sections σR can be directly influenced by the following factors:

� Resonant excitation: Upon resonant excitation of one of the molecule’s electronic
transitions (see Figure 2.1) the Raman cross section σR can be increased by a factor of
at least 104 [18] and is then referred to as the resonant Raman cross section σRR. Since
the laser wavelength can be chosen to be resonant with different electronic transitions,
a high selectivity of investigated states is obtained. Ultimately, resonant excitation
results in an improved signal-to-noise (S/N) ratio and thus leads to a decreased limit of
detection (LOD).

� Charge transfer processes: If the analyte molecule is adsorbed on a metal surface (in
most cases gold (Au) or silver (Ag)) charge transfer (CT) processes may occur, resulting
in an altered Raman cross section σR,ads in comparison to non-adsorbed molecules
σR,free

[24]. This effect is further discussed in section 2.3.1.

It has to be mentioned, that Raman cross sections are often given in units of cm2 and refer to a
molecule with a randomly-averaged orientation [18]. However, in order to completely describe
the scattering process the direction of scattered photons also has to be considered. This is
realized in the definition of the absolute differential Raman cross section dσR/dΩ [m2 sr−1]
which additionally includes the radiation profile. In this definition Ω is a variable that defines
the direction of scattered light with respect to the incident laser beam [18]. Usually, the values
for absolute differential Raman cross sections are given for Stokes scattering but can also
be revealed for the anti-Stokes process [18].

2.2. Plasmonics

2.2.1. Optical properties of metals

The optical properties of metals can widely be described by the Plasma model which considers
a gas of free electrons moving relatively to a fixed background of positive ion cores if an
electromagnetic field is applied [25]. The oscillation of the free electrons is damped due to
mutual collisions which is characterized by the collision frequency γ [rad s−1] (or its reciprocal
relaxation time τ [s]). The motion of each electron within the free-electron gas is then
described by equation 2.10 [25].

mẋ+mẍ = −e ~E (2.10)

where m [kg] and e [A s] are the mass and the charge of one electron and ~E [V m−1] is the
applied electric field. ẋ [m s−1] and ẍ [m s−2] describe the velocity and the acceleration of
the electron motion.
Assuming harmonic time dependence for ~E, a particular solution of equation 2.10 is given
by x(t) = x0e

−iωt [25]. Within the classical framework based on Maxwell’s equation the
complex dielectric function ε(ω) for the free-electron gas is obtained [18]:

ε(ω) = ε∞

(
1−

ω2
P

ω2 + iγω

)
(2.11)

where ε∞ is the dielectric function of the constant background arising from fixed ions. ω [s−1]
is the angular frequency of light and ωP [s−1] is the plasma frequency which in turn is related
to the number of free electrons per unit volume ne [m−3], to their mass m [kg] and to the
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dielectric function of vacuum ε0 (ε0 ≈ 8.854× 10−12 F m−1) as [18,25]:

ωP =

√
nee2

mε0ε∞
(2.12)

Equation 2.11 is also known as the Drude model [26] and can be separated in real (Re) and
imaginary (Im) terms according to ε(ω) = ε1(ω) + iε2(ω) [18]:

Re[ε(ω)] = ε1(ω) = ε∞

(
1−

ω2
P

ω2 + γ

)
(2.13)

Im[ε(ω)] = ε2(ω) =
ε∞ω

2
Pγ

ω(ω2 + γ2)
(2.14)

Figure 2.2 shows the behaviour of (a) Re[ε(ω)] and (b) Im[ε(ω)] for Au and Ag as a function
of energy theoretically determined by the Drude model (equation 2.11). Additionally, the
experimentally obtained dieletric functions are plotted for both metals (Figure 2.2, dots). As
can be seen in Figure 2.2 a over a wide energy range, Re[ε(ω)] is similar for Au and Ag which
implies that the electronic densities for both metals are comparable [27]. Moreover, the fact
that Re[ε(ω)] exhibits large negative values within the visible range of the electromagnetic
spectrum is the origin of the plasmonic properties of Au and Ag (among other metals) [27].
This relation is further discussed in section 2.2.2.
In contrast, the imaginary part Im[ε(ω)] (Figure 2.2 b) is related to the absorption properties
of a metal [25]. Below 2.0 eV Im[ε(ω)] is similar for Au and Ag. However, above 2.0 eV Im[ε(ω)]
rapidly increases for Au and exhibits a characteristic double-humb structure which is caused
by the appearance of inter-band transitions between valence and conduction bands [27]. Figure
2.2 b clearly displays the energy thresholds for inter-band transitions in Au (Ethr, Au) and
Ag (Ethr, Ag) at approximately 2.4 eV and 4.0 eV, respectively. Consequently, excitations in
the visible range of the electromagnetic spectrum exclusively lead to intra-band transitions
for Ag and to both, intra- and inter-band transitions for Au. This behaviour causes the
discrepancies between calculations for Im[ε(ω)] based on the Drude model (Figure 2.2, lines)
and experimental data (Figure 2.2, dots).
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Figure 2.2.: Dielectric functions ε(ω) for Au and Ag. The real (a) and imaginary (b) parts
of the experimentally determined dielectric functions ε(ω) [28] are plotted (yellow and grey dots) and
compared to the theoretical data based on the Drude model (equation 2.11). (Figure adapted and
modified from ref. [25].)
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2 Theoretical background

2.2.2. Localized surface plasmon resonance (LSPR)

As mentioned before, the negative real part of the dielectric function Re[ε(ω)] is directly con-
nected to the appearance of plasmons – an optical phenomenon which is generally defined
as the collective oscillation of the surface conduction electrons excited by electromagnetic
radiation [29]. Depending on their propagation ability as well as on their spatial confinement
two types of plasmons are distinguished. On the one hand, surface plasmon polaritons (SPP)
occur at flat interfaces between a dielectric material and a conductor and they can propagate
in x- and y-directions for distances of up to hundreds of microns [25,29]. This type of plasmon
is not discussed in detail. On the other hand, localized surface plasmon resonances (LSPR)
result from excitation of surface conduction electrons in nanostructures whose diameter is
much smaller compared to the incident laser wavelength [25]. The induced collective oscilla-
tion is non-propagating due to the spatial confinement to the NP surface which is illustrated
in Figure 2.3 [29].

+++

+++

AuNP

Electric field

Electron cloud

Figure 2.3.: Excitation of the LSPR in a spherical AuNP. The incident laser light induces a
plasmon that is oscillating around the AuNP due to local confinement. (Figure adapted and modified
from ref. [29].)

To characterize the electromagnetic field surrounding the metal sphere, an electrostatic (ES)
approximation can be applied which gives reasonable results for NPs smaller than 100 nm [25].
For larger NPs scattering is gaining in importance and thus more realistic results can be
obtained by Mie theory [18]. Within the ES-approximation it is assumed that the electromag-
netic field remains constant over the volume of the interacting NP since the radius r of the
NP is much smaller compared to the wavelength λ of the light [25]. The dipolar polarizability
α̂NP for a NP with arbitrary geometry is then given by [30]:

α̂NP = (1 + κ)V
ε(ω)− εm
ε(ω) + κεm

(2.15)

where V [m3] is the volume of the NP, εm is the dielectric function of the surrounding medium
and κ is a shape factor. In the case of a spherical particle it is κ = 2 and thus [30]:

α̂sphere = 4πr3 ε(ω)− εm
ε(ω) + 2εm

(2.16)

From equation 2.16 it is obvious that the polarizability for a metal sphere becomes maximum
for the condition that |ε(ω)+2εm| is a minimum. Since ε(ω) is a complex number, ε(ω) = −2εm
cannot exactly be complied but a resonance appears for Re[ε(ω)] = −2εm

[27]. The magnitude
of the resulting polarizability α̂sphere is then determined by the imaginary part Im[ε(ω)] [27].
Moreover, the frequency corresponding to the resonance is referred to as dipolar LSPR
frequency ωLSPR

1. For a sphere described by the Drude model (equation 2.11) the resonance

1 In principle, dipolar as well as multipolar resonances can be excited within metal NPs. Both terms are
related to the angular momentum l and are further discussed in section 2.2.3. Unless otherwise stated, the
LSPR is referred to the dipolar resonance for the subsequent discussion.
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criterion is fulfilled at ωLSPR = ωP√
3

[25].

As a consequence of exciting the LSPR frequency ωLSPR, the electromagnetic field in the
vicinity of the metal surface is influenced. This is quantified in terms of the local field
intensity enhancement factor (LFIEF) which compares the intensity of the electromagnetic
field at a specific point z in presence ( ~E(z, ω)) and absence ( ~E0(z, ω)) of the metal surface
(equation 2.17) [27]. The value of the LFIEF defines whether the electric field at position z is
enhanced (LFIEF > 1) or quenched (LFIEF < 1) due to the presence of the metal.

LFIEF(z, ω) =
| ~E(z, ω)|2

| ~E0(z, ω)|2
(2.17)

In Figure 2.4 a the LFIEF for a Au and a Ag sphere as a function of the incident laser wave-
length is shown (the different scales have to be considered). For both metals a resonance peak
appears at their corresponding LSPR frequency ωLSPR. The different appearances for the two
metal spheres, that is, a sharp peak in the case of Ag and a much broader one for Au can
be explained by the influence of the imaginary parts Im(ε(ω)) of the metal’s dielectric func-
tions [27]. As illustrated in Figure 2.2 b the influence of Im(ε(ω)) is much higher for Au than
for Ag at their corresponding LSPR frequencies ωLSPR, both located within the visible range
of the electromagnetic spectrum (λLSPR, AuNP ≈ 520 nm [31]; λLSPR, AgNP ≈ 420 nm [32]).
Additionally, the maximum LFIEF for the Ag sphere is approximately 130 times higher and
also blue-shifted with respect to the Au sphere.
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Figure 2.4.: LFIEF and hot spots. (a) The LFIEF at point z is depicted for a Au and a Ag sphere
in the ES-approximation as a function of the incident laser wavelength. The corresponding NP sizes
are in the range of 10 nm and hence much smaller compared to the incident wavelength [18,27]. (b) The
localization of hot spots is qualitatively illustrated for a single NP and a NP dimer with two different
gap sizes. The LFIEF values are estimated based on considerations for 30 nm silver nanoparticles
(AgNPs) in water and an excitation wavelength of λexc = 428 nm [22]. (Figure a adapted and modified
from ref. [27].)

In addition to the choice of the metal, the LSPR frequency ωLSPR as well as the LFIEF can be
tuned by many factors of which the most relevant for the present thesis are briefly discussed:

� Size effects: Spherical NPs < 20 nm are mainly absorbing [33]. With increasing size
the scattering is increased leading to increasing radiation losses. Therefore, the LSPR
is damped which is expressed in a broadening and a red-shift of the LSPR peak [27]. In
the case of Ag spheres an increase of the NP size leads to a dramatic decrease of the
LFIEF caused by radiation losses. In constrast, due to the intrinsic optical absorption
(see section 2.2.1) even for small NP sizes, the LFIEF of AuNPs is much less influenced
by radiation effects [18].
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Furthermore, for Au and Ag spheres additional multipolar resonances are progressively
activated with increasing diameter [27]. Multipolar resonances appear at shorter wave-
lengths with respect to the dipolar LSPR peak of the corresponding metal [18].

� Shape effects: Usually, the shift of the LSPR frequency is more affected by changing
the shape of the particle, e.g. its aspect ratio, than simply changing its size. It has
been shown that the LSPR frequency can be tuned from Vis to IR regions by using
differently shaped nanostructures such as spheres, triangles, cubes, prisms, bipyramids,
octahedrons, rods, shells and stars [33]. It has also been reported that the LFIEF is more
pronounced at tips, corners or edges in comparison to flat surfaces which is referred to
as the lightning rod effect [34]. Furthermore, the number of arising LSPR peaks per
nanostructure scales with the number of modes excitable by polarized light and thus
with the complexity of the structure [33].

� Gap effects: If two (or more) NPs approach each other their individual plasmons start
to couple. This results in a redistribution of LFIEFs in the vicinity of the NPs which is
depicted in Figure 2.4 b. For a single NP the highest values for the LFIEF arise at the
poles along the axis of the incident laser field [22]. Especially high LFIEFs are reached
in the gap between two adjacent NPs which is referred to as the formation of a hot
spot. The smaller the gap size the higher is the expected LFIEF (compare NP dimers
in Figure 2.4 b) [22]. However, this effect is also accompanied by a more pronounced
localization resulting in a rapid decrease of the LFIEF with increasing angle θ (Figure
2.4 b, right dimer) [27]. Moreover, plasmon coupling causes the splitting of the LSPR
band in longitudinal (low frequency) and transversal (high frequency) components (see
section 2.2.3) which are not distinguishable in single spherical NPs [27].

2.2.3. Coupling of LSPR

The plasmon hybridization model visualizes the mutual coupling between several plasmonic
structures as an analogue consideration to molecular orbital coupling [35]. The model was ini-
tially designed by Prodan et al. to describe the interactions of plasmons within nanoshells
consisting of a dielectric core and a metal shell [36]. Afterwards it was adopted to explain
interactions in numerous kinds of compositions of various complexity, such as dimers of
nanorods [37,38], nanostars [39], Au-Ag-core-shell nanospheres [40] or Au-Ag-core-shell nano-
cubes [41]. Within the hybridization model the interactions of all elementary components
are considered in order to obtain the resulting plasmon modes of a nanostructure [40].

Plasmon coupling within a AuNP dimer

Considering a AuNP dimer consisting of two identical spheres, two extreme cases can be
distinguished depending on the incoming light being: (a) polarized along the dimeric axis
(longitudinal polarization, Figure 2.5 a) or (b) polarized perpendicular to the dimeric axis
(transverse polarization, Figure 2.5 b).

For longitudinal polarization (Figure 2.5 a) the bonding mode (ρ) and anti-bonding mode
(ρ∗) correspond to in-phase coupling ((Ψ1 +Ψ2), symmetric dielectric fields) and out-of-phase
coupling ((Ψ1 − Ψ2), antisymmetric dielectric fields), respectively [42]. Since the dipoles are
oppositely oriented for the ρ∗ mode, resulting in a net dipole moment of 0, this mode is referred
to as “dark” [43]. Consequently, only the ρ mode (“bright” mode) occurs for longitudinal
polarization which appears red-shifted with respect to the plasmon mode of a single AuNP.
For large distances dgap between the two AuNPs the mutual interactions are weak resulting
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2.2 Plasmonics

in a symmetric splitting of ρ and ρ∗ modes. This is due to coupling between plasmon modes
with the same angular momentum l [43]. According to classical dipole interactions the extent
of splitting scales with 1/d3

gap
[43]. Furthermore, with decreasing distances dgap the splitting

between ρ and ρ∗ modes appears progressively antisymmetric (indicated by the red arrows
in Figure 2.5), which is caused by interactions between dipolar plasmons (l = 1) and higher
multiple plasmons (l > 1). Thereby, the red-shift of the ρ mode is more pronounced than the
blue-shift of the ρ∗ mode [43].
In the case of transverse polarization (Figure 2.5 b) the assignment of the modes is reversed,
that is, the out-of-phase coupling giving rise to the bonding mode (π, “dark” mode) and the in-
phase coupling to the anti-bonding mode (π∗, “bright” mode) [42]. Compared to longitudinal
polarization the resulting LSPR shifts for transverse polarization are less pronounced due to
weaker interactions [42].
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Figure 2.5.: Plasmon hybridization model for AuNP dimers depending on the polariza-
tion of the incoming light. (a) For longitudinal excitation the mode splitting is more pronounced
resulting in a bright in-phase mode. (b) Transverse polarization leads to a bright out-of-phase mode.
(Figures adapted and modified from ref. [42].)

Plasmon coupling within Au-Ag-core-shell NPs

The plasmon hybridization model can also be applied for nanostructures of higher complexity,
such as spherical AuNPs with a surrounding Ag shell (Au-Ag-core-shell NPs) [40]. In order
to express the resulting plasmon modes the individual contributions have to be considered
stepwise from the outer Ag shell to the inner Au core which is qualitatively depicted in the
plasmon hybridization scheme in Figure 2.6.
As a starting point, the plasmonic interactions of the Ag shell with its surrounding is expressed
in terms of plasmon coupling between a Ag sphere and a cavity surrounded by bulk Ag [44].
The interactions between sphere and cavity plasmons, and thus the correlated extend of
splitting in bonding (ρ−) and anti-bonding (ρ+) mode, depend on the Ag shell thickness [36]

(Figure 2.6, hybridization 1). Within a second step the Ag shell ρ− mode couples with the
Au sphere’s plasmon resulting in Au-Ag-core-shell bonding ρ−− and anti-bonding ρ−+ modes
(Figure 2.6, hybridization 2) [40]. As a result, for a single Au-Ag-core-shell NP three linearly
independent dipolar plasmon resonances are obtained, which are ρ+ (anti-bonding, Ag shell),
ρ−− (bonding, Au-Ag-core-shell) and ρ−+ (anti-bonding, Au-Ag-core-shell), respectively [40].
With increasing Ag shell thickness the plasmon coupling between Ag sphere and cavity (Figure
2.6, hybridization 1) becomes less pronounced [36] resulting in a blue-shift of the ρ− mode.
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Consequently, the ρ−− mode of the Au-Ag-core-shell NP is also blue-shifted (indicated by the
red arrows in Figure 2.6).
Since the complexity of the plasmon hybridization scheme would dramatically increase for
the consideration of a Au-Ag-core-shell NP dimer, a third hybridization is only partially
indicated in Figure 2.6 by assuming a mirror-inverted hybridization scheme for a second Au-
Ag-core-shell NP. Several additional mode interactions would have to be considered such as
coupling between the two Ag shells, the two Au cores and the two final Au-Ag-core-shell
NPs. All these modes are highly sensitive to the ratio between Au core and Ag shell, to the
gap size dgap and to the polarization of the incident light [40,43]. Furthermore, with increasing
complexity of plasmonic structures consisting of Au and Ag, inter-band absorption by the
Au component gain further importance which has been demonstrated for asymmetric Au-Ag
heterodimers [42].
Nevertheless, the two aforementioned examples demonstrate possibilities to obtain plasmonic
structures with tailored optical properties.
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Figure 2.6.: Partial plasmon hybridization model for a Au-Ag-core-shell NP dimer. The
mutual plasmon coupling is stepwise described by considering three plasmon hybridization steps start-
ing from the outer Ag shell to the inner Au core. (Figure partially adapted with modifications and
further extensions from ref. [40].)

2.3. Surface-enhanced Raman scattering (SERS)

The two previously discussed approaches of Raman scattering (section 2.1) and Plasmonics
(section 2.2) are merged in the concept of surface-enhanced Raman scattering (SERS) which
will be the topic of the present section.

2.3.1. Enhancement mechanisms

Electromagnetic enhancement

As discussed in section 2.1 within the Raman process light is inelastically scattered by instan-
taneous absorption of one photon and re-emission of a second photon. The weak nature of
Raman signals can be enhanced by placing the analyte molecule(s) in close vicinity to a metal
surface. If the LSPR frequency ωLSPR of the metal is excited, the molecule(s) are affected by
the LFIEF [27]. Since in the Raman process, excitation and emission are connected to each
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other, both, the absorbed as well as the scattered light are enhanced by the LFIEF at their
corresponding frequencies ωL and ωS

[18]. The resulting enhancement factor EF at a specific
point z is therefore given by equation 2.18:

EF ≈ LFIEF(z, ωL) · LFIEF(z, ωS) (2.18)

Since the differences between the LFIEF at ωL and ωS can often be neglected, the simplified
equation 2.19 results, which is known as the | ~E|4-approximation for SERS [27]. By analogy
with equation 2.17 in section 2.2.2 ~E(z, ωL) and ~E0(z, ωL) describe the electromagnetic field
at point z in absence and presence of a metal surface.

EF ≈ LFIEF2(z, ωL) =
| ~E(z, ωL)|4

| ~E0(z, ωL)|4
(2.19)

Although further simplifications (e.g. neglection of polarization within the incident and scat-
tered light) have been applied to obtain equation 2.19, the | ~E|4-approximation can be widely
used to estimate the EF within a SERS experiment [27]. Since this approximation holds for
ωL � ωS or ωL ≈ ωL−ωS, it is especially suitable for excitation in the blue or green spectral
region [18].

The resulting overall SERS intensity can be estimated by the relation given in equation
2.20 [24]:

ISERS = NSERS · IL(ωL) · |LFIEF(ωL)| · |LFIEF(ωS)| · σ2
R,ads (2.20)

where NSERS is the number of molecules involved in the SERS experiment, IL(ωL) is the laser
intensity and σR,ads is the Raman cross section of molecules directly adsorbed on the metal
surface. The latter is a result of chemical enhancement processes which are discussed in the
subsequent section.
It has to be mentioned that the SERS intensity ISERS is highly distance-dependent. In the case
of a metal sphere the distance (r+dmol.-met.) between the molecule and the center of the metal
sphere has to be considered (where r is the radius of the sphere and dmol.-met. is the distance
between the molecule and the metal surface). The corresponding SERS intensity scales with
(r + dmol.-met.)

−12 since the corresponding electric field strength exhibits a (r + dmol.-met.)
−3-

dependence [19].

Chemical enhancement

The term chemical enhancement, which is still controversially discussed, covers a wide range
of effects that do not have any plasmonic origin, but are a consequence of altered electronic
properties of molecules adsorbed on a metal surface [27]. Since the chemical enhancement only
affects molecules which are in direct contact to the metal surface it is also often referred to
as the first layer effect.
Basically, the electronic properties of the molecules are influenced by the presence of the
metal. Depending on the extent of contact different contributions to the overall chemical
enhancement may occur, which are usually difficult to disentangle. On the one hand, already
slight interactions may lead to the appearance of new energy levels within the molecule,
which may represent new resonant excitation channels for the incident laser light [19]. On the
other hand, upon the formation of a molecule-metal-complex, charge transfer (CT) processes
may be enabled. This results in an altered polarizability of the adsorbed molecules, which
is directly related to a different Raman cross section σR,ads in comparison to the one hold
by free molecules σR,free

[18,19]. Thus, the detected SERS intensity is directly influenced (see
equation 2.20). Again, new resonance processes may be enabeld.
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2.3.2. SERS enhancement factors

In analogy to the LFIEF discussed in section 2.2.2., the overall signal enhancement obtained
in a SERS experiment is usually quantified in terms of an enhancement factor EFSERS.
Depending on the experimental setup and the definition of the scientific problem several
definitions of EFSERS have been discussed [45]. For the following discussions it is only referred
to the most general definition (equation 2.21) [46]:

EFSERS =
ISERS/NSERS

IRaman/NRaman
(2.21)

where ISERS and NSERS are the intensity and the number of contributing molecules within
the SERS experiment, whereas IRaman and NRaman represent the same terms under analogue
non-enhanced Raman conditions.
Both, electromagnetic and chemical enhancement mechanisms contribute to the overall SERS
enhancement factor EFSERS. However, electromagnetic enhancement accounts for EFs up to
1011 [16] which significantly exceed EFs from chemical enhancement which are typically on the
order of 10–100 [24].

In many cases the minimum enhancement factor necessary to detect a single molecule within
a SERS experiment EFmin

sm-SERS is of special interest. Its value can be estimated by a rule-of-
thumb (equation 2.22) [22]:

EFmin
sm-SERS ≈

dσR/dΩ

10−19 cm2 sr−1
(2.22)

Thus, for the detection of single dye molecules with a relatively high differential Raman cross
section in the range of 10−27–10−28 cm2 sr−1 an EFmin

sm-SERS of 107–108 is required [19]. On the
contrary, non-resonant molecules with significantly lower differential Raman cross sections
(10−29–10−30 cm2 sr−1) require an EFmin

sm-SERS on the order of 109–1011 [19].

2.3.3. Competing effects in SERS

As in usual Raman spectroscopy, SERS experiments are in many cases accompanied by flu-
orescence and photobleaching upon resonant excitation. Both effects in turn are affected
by the presence of a metal surface and briefly discussed in the following considerations. To
illustrate the competition between the effects a simplified Jablonski diagram [47] is shown in
Figure 2.7.

Surface-enhanced fluorescence (SEF)

Although both, Raman scattering and fluorescence, are two-photon processes the involved
transitions are fundamentally different. First, as already discussed, within the Raman process
light is inelastically scattered by instantaneous absorption and re-emission of two photons.
Second, fluorescence is a stepwise process, which is initiated by the absorption (AB) of a
photon, leading to the excitation of the molecule from the S0 state to a higher electronic
state Sn

[17] (Figure 2.7 with n = 1 as an example). Subsequently, internal relaxation (IR∗)
of the molecule to the lowest vibrational level of the S1 state occurs, which is the starting
point for radiative (i.e. fluorescence (F)) and non-radiative deactivation processes with S0 as
the final state [17]. Hereby, the non-radiative pathway includes internal conversion (IC) to a
higher vibrational level of S0 and subsequent IR∗.
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Figure 2.7.: Simplified Jablonski diagram. Illustration of the electronic states of a molecule and
related radiative and non-radiative transitions. AB: absorption, F: fluorescence, P: phosphorescence,
PB: photobleaching, IR∗: internal relaxation, IC: internal conversion, ISC: intersystem crossing, S0:
singlet ground electronic state, S1: singlet first electronic state, T1: first triplet state.

The fundamental differences in the origins of Raman scattering and fluorescence result in
significant differences regarding their enhancement in close vicinity to a metal surface. The
corresponding enhancement factor EFF is given by equation 2.23 where η is the radiation
efficiency (compare equation 2.18 for the analogue expression of EFSERS) [27].

EFF ∼ LFIEF(ωL) · η (2.23)

Depending on the distance between the fluorophor and the metal surface, the contributions
of LFIEF(ωL) and η compete with each other, resulting in distance-dependent fluorescence
enhancement (EFF > 1) and quenching (EFF < 1). The competition between SERS and
surface-enhanced fluorescence (SEF) as a function of distance to a AuNP surface is depicted
in Figure 2.8. In the case of spherical single AuNPs a maximum SEF has been observed for
distances in the range of approximately 5–10 nm [48,49]. These values are in good accordance
with a general consideration for metal surfaces from ref. [27], which is the basis of the subse-
quent discussion.

>> 10 nm~~ 10 nm

Figure 2.8.: SERS and SEF as a function of distance to the AuNP surface. SERS is
especially pronounced at very small distances whereas the regime for highest SEF intensities is located
at approximately 10 nm distance. For distances much larger than 10 nm none of the two phenomena
is affected by the AuNP surface. (Figure and discussion are based on considerations from ref. [27].)

For distances much larger than 10 nm (point 1 in Figure 2.8) both effects, Raman scattering
and fluorescence, are not influenced by the LFIEF. Due to the higher fluorescence cross sec-
tions σF fluorescence is exclusively detected. At approximately 10 nm (point 2 in Figure 2.8)
the SEF regime is located, meaning that both, Raman scattering and fluorescence, are mildly
enhanced but due to its higher efficiency only SEF is detected. With decreasing distance (few
nm distance; point 3 in Figure 2.8) both local field intensities LFIEF(ωL) and LFIEF(ωS)
start to increase. Since the Raman effect is defined by both (see equation 2.18) SERS is
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progressively observed. On the other hand, although the LFIEF(ωL) leads to a fluorescence
enhancement, the same is at the same time quenched due to growing influence of the condi-
tion η � 1. In total, the fluorescence is therefore partially quenched. For extremely small
distances between the fluorophor and the metal surface (≈ 1 nm; point 4 in Figure 2.8) the
fluorescence is more efficiently quenched since non-radiative deactivation processes outweigh
the radiative pathways. Consequently, at very small distances SERS predominates. Never-
theless, it has to be mentioned that for resonant excitation a remaining fluorescence may be
detected which is called the SERS continuum whose origin is still controversially discussed [50].

Photobleaching

The term photobleaching summarizes several photochemical reactions resulting in irreversible
damage of fluorophors and the related loss of their fluorescence capability [51]. A fluorophor is
especially sensitive to photobleaching reactions within its long-lived triplet state T1 (see Fig-
ure 2.7), since the time frame for possible reactions is significantly prolonged in comparison
to the S1 state (related lifetimes: S1 ≈ ns; T1 ≈ ms–s) [17,51]. As shown in Figure 2.7 the first
excited triplet state is populated upon intersystem crossing (ISC) from the lowest vibrational
level of the S0 state to an excited vibrational level of the T1 state [17]. Since this transition
requires an inversion of the spin multiplicity, it is usually forbidden and only observed un-
der sufficiently intense spin-orbit coupling [51]. Among other origins the probability of ISC is
increased upon collisions with substances that can participate in an electron exchange mech-
anism (e.g. O2) [51].
The photobleaching quantum yield Φpb quantifies the photostability of a fluorophor consid-
ering the photobleaching rate constant kpb [s−1] devided by the sum of the rate constants
for all possible deactivation processes (kr, knr : rate constants for radiative and non-radiative
processes [s−1]) [52].

Φpb =
kpb

kr + knr + kpb
(2.24)

Φpb describes the probability of photobleaching per excitation cycle [51]. Regarding different
chemical classes, carbocyanine and rhodamine derivatives are among the most photostable
dyes with approximately 2 × 105 (Cyanine 5 (Cy5)) or even more than 106 (Rhodamine 6G
(R6G)) possible excitation cycles before photobleaching occurs [51].
By analogy to equation 2.24 the radiative quantum yield Φr is obtained (equation 2.25) and
the resulting number of emitted photons nph per excitation cycle is given by equation 2.26 [52].

Φr =
kr

kr + knr + kpb
(2.25)

nph =
Φr

Φpb
=

kr

kpb
(2.26)

In order to increase the number nph of emitted photons per excitation cycle, several strategies
to decrease kpb or to increase kr have been developed. In this context, chemical strategies
such as triplet quenchers (e.g. mercaptoethylamine (MEA) [53]) and oxygen scavengers [54]

including Reducing and Oxidizing Systems (ROXS) [55], mainly aim at the decrease of kpb,
whereas physical approaches (e.g. exploiting the Purcell effect [56] in order to increase the
photonic mode density) point at the increase of kr.
It has also been demonstrated that coupling of a single dye to a AuNP in the near field
(8.5 nm distance from the AuNP surface) increases the number nph of emitted photons before
photobleaching [52]. Hereby, nph was found to scale with the size of the AuNP from 20 nm to
80 nm.
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2.3 Surface-enhanced Raman scattering (SERS)

2.3.4. Single-molecule-SERS (sm-SERS)

The detection of a single molecule (sm) is subject of extensive research since versatile infor-
mation can be uncovered that is not accessable in ensemble measurements [46]. In contrast
to sm-fluorescence experiments, sm-SERS measurements can provide extensive information
about vibrational modes and thus about the chemical fingerprint of a molecule.
Based on the previous considerations it is obvious that the detection of a single molecule
within a SERS experiment is especially challenging since two fundamental requirements have
to be fulfilled:

� As shown in sections 2.2.2 and 2.3.1 the SERS substrate has to provide a hot spot with
a sufficiently high EF to render single molecule detection possible (see equation 2.22).

� Since the EF rapidly drops within a few nm, the relevant analyte molecule has to be
placed in the hot spot with high accuracy.

With the pioneering reports about sm-SERS in 1997 [6,7], different approaches have been
developed that are briefly discussed with regard to their limitations.

Ultralow concentration approach

In 1997, the Kneipp group [7] and the Nie group [6] independently reported the first detection
of single molecules via SERS using an ultralow concentration approach. This approach is
based on using aqueous collodial solutions consisting of metal particles together with an
ultralow analyte concentration. Additionally, the scattering volume is chosen to be small
enough to contain on average one single analyte molecule per SERS measurement.
However, this approach does not consider that the detected signals only arise from a small
fraction of molecules that are located within a hot spot [22]. The resulting sparse statistics
were subject of long-lasting discussions regarding the evidence of real single moleule events [22].

Bi-analyte approach

The bi-analyte SERS technique (BiASERS) is a statistical approach which was introduced in
2006 by Le Ru et al. [8]. Basically, two distinguishable SERS analyte molecules are used in
concentrations approximately 100 times larger than in the ultralow-concentration approach.
Ultimately, increased concentrations are used in order to improve the reliability of the result-
ing statistics. From a bi-analyte experiment four different types of SERS spectra are detected
originating from: (1) only analyte 1; (2) only analyte 2; (3) a mixture of both analytes; (4)
none of the analytes [8,46]. By studying the relative intensities of both analytes statistically
using a principle component analysis, single-molecule events can be identified in the back-
ground of other signals [22]. Furthermore, by normalizing the data to a reference the EF can
be obtained [45].
The bi-analyte approach was further improved by using isotopically substituted analytes [57–59].
In this way, analytes with the same surface chemistries can be probed and still distinguished
by their different Raman signals.

Nanoengineered self-assembly

Although SERS from single molecules has been demonstrated in various applications, the
two previous approaches mainly suffer from uncontrolled formation of hot spots and unknown
concentration of analyte molecules within the enhancing sites. With increasing progress in the
field of nanoscience, new approaches have been developed in order to generate hot spots by
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2 Theoretical background

controlled arrangement of metal NPs. In this process, especially the formation of NP dimers
has been subject of extensive research. Therefore, bifunctional linkers as well as linkers
with selective recognition ability have been studied [60]. As non-biological linkers mainly
dithiol- [61–63] and diamine-functionalized [9] molecules have been investigated. Furthermore,
biological linkers such as antibodies and antigens, proteins and DNA strands have been used
to connect metal NPs.
Based on this approach two studies aimed at the detection of a single molecule via SERS.
On the one hand, Vlčková et al. linked two 100 nm AgNPs using on average one molecule
of 4-4’-diaminoazobenzene [9]. On the other hand, Lim et al. developed heterodimers of
Au-Ag-core-shell nanodumbbells (GSND) linked by DNA hybridization between two single-
stranded DNA (ssDNA) coating strands modified with one Cy3 molecule [10]. However, the
main drawback of both examples is the lack of universal application. Since the analyte
molecule is incorporated within the linker molecule a subsequent functionalization in order
to detect a wide range of different analytes is excluded.

2.4. DNA nanotechnology

2.4.1. Deoxyribonucleic acid (DNA)

Already in 1869 Miescher identified and isolated deoxyribonucleic acid (DNA) using leu-
cocytes from pus [64]. However, the first strong indication of DNA being the carrier of the
genetic information was found only years later in 1944 by Avery [65]. Going on from this, in
1953 Watson and Crick identified the characteristic double helix structure of DNA as well
as the underlying construction principle, which is based on specific base pairing between the
involved nucleobases [66].
Basically, DNA is a polymer consisting of several monomeric nucleotides (nt) each includ-
ing three covalently linked building blocks: (1) an aromatic nucleobase, (2) the five-carbon
sugar deoxyribose and (3) a phosphate group [67]. The deoxyribose unit and the nucleobase
are connected via the 1’-carbon atom of the sugar [68]. At the same time, sugars of adjacent
nucleotides form a 5’→3’-phosphodiester bond between the 5’-carbon atom of the first nu-
cleotide and the 3’-carbon atom of the second nucleotide [69]. This results in the characteristic
polymeric structure of ssDNA with a negatively charged backbone and a 5’- and 3’-end (Fig-
ure 2.9 a). The involved nucleobases are classified in purine bases (adenine (A) and guanine
(G)) and pyrimidine bases (thymine (T) and cytosine (C)) according to their basic chemical
structure [68]. Among the four bases, two complementary pairs (A–T and G–C) exist, which
can specifically bind via hydrogen bonds (Figure 2.9 b).
Furthermore, double-stranded DNA (dsDNA) is formed via hybridization between two single
DNA strands while meeting the requirements of complementary base pairing. The two hy-
bridizing strands are antiparallel, that is, their 3’- and 5’-ends are opposed to each other [69].
As a result, a double helix strand is obtained, which is roughly 2 nm in width with a helical
periodicity of 10.5 nucleobases or 3.5 nm for a full turn [70] (Figure 2.9 c). Moreover, the
antisymmetric nature of a double helix is characterized by so-called minor and major grooves
with sizes of 7.5 Å and 8.5 Å, respectively [69].
Although the specificity of DNA hybridization is provided by hydrogen bonds, the stability
of a DNA double helix is mainly determined by π–π stacking interactions between adjacent
base pairs, with G–C pairs yielding higher stabilization free energy than A–T pairs [68,71].
Upon DNA hybridization the rigidity is significantly increased which is reflected in persis-
tence lengths of approximately 1 nm for ssDNA and approximately 50 nm for dsDNA [70].
It has to be mentioned that the previous details are valid for the canonical DNA structure
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2.4 DNA nanotechnology

(B-type conformation, right-handed) which is the most frequently occuring in nature [68]. Fur-
thermore, DNA can exist in A-type and Z-type conformations, G-quadruplexes or i-motifs [68].
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Figure 2.9.: Building blocks of DNA and DNA double helix. (a) Structural formula of the four
existing nucleotides within a DNA strand. Each nucleotide consists of a phosphate group, the sugar
deoxyribose and one out of four nucleobases (adenine (A), guanine (G), cytosine (C), thymine (T)).
Several nucleotides are connected via phosphodiester bonds resulting in a DNA single strand with
a negatively charged backbone. (b) Specific base pairing between complementary bases including
two (A–T) or three (G–C) hydrogen bonds (blue dotted lines). (c) DNA double helix and related
dimensions.

2.4.2. DNA as building block for materials

Using DNA as building block for materials is a classical bottom-up approach. The necessary
foundation for DNA nanotechnology was laid in the early 1980s with the development of a
phosphoramidite-based methodology by Caruthers allowing for the synthesis of artificial
DNA sequences [72]. At the same time Seeman came up with the idea of using DNA constructs
in order to facilitate protein crystallography [73]. For several years versatile artifical structures
have been created using the tile-based approach introduced by Seeman [73]. However, with
the groundbreaking development of the DNA origami technique in 2006 [11], the field of DNA
nanotechnology was rapidly guided in a new direction.

Tile-based DNA nanotechnology

Basically, the tile-based approach to DNA nanotechnology relies on creating small DNA
structures (so-called tiles) and connecting them in order to fabricate 3D structures or 2D
lattices. To this end, two fundamental construction principles are applied (Figure 2.10 a):

� Sticky-end cohesion: Sticky-end cohesion is a concept originally applied in the field
of genetic engineering [74]. It was then adopted for DNA nanotechnology in order to
realize end-to-end connections between DNA double helices (Figure 2.10 a, top). On
this occasion, each attending double helix consists of two DNA single strands with dif-
ferent lengths, which leads to an overhang of unpaired nucleotides. Upon hybridization
between the two complementary sticky-ends the double helices are connected [75].

� Crossover junctions: Crossovers are used in order to link double helices side-by-side
(Figure 2.10 a, bottom). This type of junction is introduced by reciprocal exchange
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2 Theoretical background

between two double helices, that is, one single strand leaves its initial helix (Figure 2.10
a, blue strand) and crosses over to the adjacent second helix [76]. The same applies for
a single strand from the second helix (Figure 2.10 a, red strand). Depending on their
relativ polarities (direction of 3’- and 5’-end) of the two helices different crossovers are
obtained [76]. Furthermore, the spacing between successive crossover junctions deter-
mines the gap between parallel helices and thus the rigidity of the whole construct (see
section “DNA origami” for further details) [11].

a c

branched junctionsbranched junctions

triangular motiftriangular motif

6-helix bundle6-helix bundle

crossoverscrossovers

sticky-end cohesionsticky-end cohesion

b

++
hybridizationhybridization

2D AuNP arrangements2D AuNP arrangements

planar tilesplanar tiles

Figure 2.10.: Tile-based DNA nanotechnology. (a) Sticky-end cohesion and crossover junctions
are the underlying construction principles used in the tile-based approach. (b) Differently shaped types
of tiles: branched junctions, 6-helix bundles, planar tiles as well as triangular motifs. (c) Nanoarrays
based on tiles in order to obtain 2D arrangements of AuNPs. (Figure “planar tiles” adapted and
modified from ref. [75]; Figures in c based on ref. [77,78].)

Based on the previously mentioned construction principles versatile DNA-tiles are obtained
which can be categorized in three classes [79] (see Figure 2.10 b for schematic illustration):

� Branched junctions: This type of DNA-tile was initially introduced by Seeman
in his pioneering work about artificially constructed molecular structures using four-
arm branched junctions as an analogue to naturally occuring Holliday junctions [73].
Basically, this type of tile is based on several DNA arms (e.g. 3-arms, 4-arms, 8-arms,
12-arms) all meeting at one central point [76].

� Planar tiles: Planar tiles are constructed by merging several parallel double helices via
crossover junctions. The resulting rigidity can be tuned by the number of introduced
crossovers, resulting in versatile tiles such as double-crossover motifs (DX), three-domain
motifs (TX) or paranemic crossover motifs [76]. A special case is the 3D-DX triangle
motif based on three DX motifs connected in an over-and-under pattern of each edge [80].

� 6-helix bundles: 6-helix bundles also originate from the connection of double helices
by means of crossovers. However, the positions of the introduced multiple crossover
junctions are chosen to result in non-coplanar arrangements [81].

Ultimately, several small DNA tiles can be connected to each other in order to obtain larger
constructs such as 2D lattices or 3D structures. In this way, versatile hollow structures such
as cubes [82], tetrahedrons, dodecahedrons and “bucky balls” [83] as well as 2D [84,85] and 3D [86]

DNA crystals have been realized. Furthermore, lattices have been shown to be suitable for
the arrangement of proteins [87,88] or AuNPs [77,78]. Two exemplary nanoarrays of AuNPs are
shown in Figure 2.10 c.
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2.4 DNA nanotechnology

Although versatile DNA structures have been realized by using the tile-based approach, the
design of complex structures is challenging for several reasons. On the one hand, to obtain
stable DNA branched junctions a minimum of DNA sequence symmetry within the involved
arms is required [76]. Otherwise the resulting structure might undergo misfoldings or branch
migration with the latter one causing the instability of the naturally occuring Holliday
junction [68]. On the other hand, the size of the resulting structures depends strongly on the
used stoichiometry since arrays of DNA tiles are extended as long as sticky-ends exist [89].
Therefore, tile-based DNA nanotechnology is more suitable for the design of small and simple
structures.

DNA origami

Before 2006 some foreshadowing work has been reported already guiding in the direction of
DNA origami. First, the word “RNA origami” was already mentioned in 1994 by Williamson
in the context of 3D structures [90]. Additionally, the first scaffold assembly was used in
DNA-based computing by LaBean et al. [91]. A year later, Yan et al. synthesized the first
barcode-patterned nanoarrays by using a scaffold strand and shorter strands but without any
control over size and shape [92]. Finally, Shih et al. successfully folded a 1.7 kb ssDNA into an
octahedron which is often referred to as the first example of a 3D DNA origami structure [93].
In 2006 Rothemund presented the revolutionary DNA origami strategy to overcome the
drawbacks associated with the tile-based method [11]. The basic principle of this technique is
exemplarily presented for a DNA origami triangle in Figure 2.11 a.
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Figure 2.11.: DNA origami technique. (a) A 7249 nt-long circular scaffold strand (black strand)
is folded into a triangular shape by adding 208 short staple strands (red strands). By extending
the sequence of a staple strand, capture sequences (grey parts of red strands) for subsequent func-
tionalization of the DNA origami template can be introduced. (b) Resulting pegboard with about
200 individually adressable anchor points (grey dots). (c) Packing density of parallel double helices
(white cylinders) in dependence of the spacing between successive crossover junctions (labelled in
blue). (Figure c adapted and modified from ref. [11].)

In Rothemund’s approach one circular 7249 nt-long ssDNA strand serves as scaffold (Figure
2.11 a, black strand) which can be folded into desired shapes and patterns by adding a set
of approximately 200 suitable short ssDNA staple strands (approximately 32 nt, Figure 2.11
a, red strands). Since every single staple strand is complementary to exactely two domains
within the scaffold, the circular strand is progressively folded into the desired shape. Depend-
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ing on the sequences of the staple strands differently shaped nanostructures of approximately
100 nm in size can be created (in his original publication Rothemund presented rectangles,
squares, stars, triangles with sharp edges, triangles with rectangular domains as well as smiley
faces [11]).

By extending a staple strand either at its 3’-end or its 5’-end by additional nucleotides a
ssDNA sequence is introduced which remains unpaired upon DNA hybridization and thus
can act as capture strand for functional units (Figure 2.11 a, grey parts). Since every staple
strand can be modified individually, the resulting DNA origami template ultimately represents
a pegboard with more than 200 adressable pixels (Figure 2.11 b). In this way, versatile entities
such as AuNPs [94], telomeric DNA [95] or fluorophors [96] can be placed on the DNA origami
template at predefined positions.
It has to be mentioned that parallel double helices are not necessarily closely packed due to
electrostatic repulsion between their negatively charged phosphate backbones [11]. In order
to screen the negative charges a sufficiently high amount of positive counter ions (in most
cases Mg2+) is added within the folding process [11]. However, a remaining repulsion leads to
a small gap between adjacent helices whose size is defined by the spacing between crossover
junctions and the distance to the crossovers (Figure 2.11 c). For crossovers separated by
1.5 turns (usually used) a gap of up to approximately 1 nm arises, which is enlarged to
1.5 nm in the case of 2.5 turn spacing [11]. Thus, the minimum distance between functional
entities bound to a DNA origami substrate is determined by (i) the distance between two
helices (in y-direction) and (ii) the distance between adjacent base pairs (3.5 nm for a full
turn; in x-direction). It has to be mentioned that the distances are slightly smaller under dry
conditions.

In order to obtain an arbitrary DNA origami shape, Rothemund described several steps that
are necessary [11]. First, the shape of the desired structures is drawn with the corresponding
dimensions. This shape is then filled with parallel cylinders with diameters equal to the di-
ameter of a DNA double helix and with lengths being an integral multiple of helical full turns.
In order to establish planarity, crossover junctions between adjacent helices are introduced at
1.5 turn spacing. Second, a scaffold strand is folded in the raster passing every single cylin-
der. With this step, further crossover junctions (scaffold crossovers) are introduced. Third, a
computer program creates a set of suitable short staple strands and defines periodic crossover
junctions (1.5 turn spacing). In the last two steps the program calculates the twist of the
scaffold and reduces the strain by optimizing the positions of scaffold crossovers. Further-
more, where possible, adjacent staple strands are fused together to reduce the total number
of staples.

A lot of efforts have been made regarding the formation of three-dimensional structures
consisting of DNA, since they are highly promising in the fields of drug delivery, protein
regulation, catalysis or biomolecule cristallography [79]. The first 3D structures obtained by
Rothemund’s DNA origami technique were presented by Douglas et al. [97], followed by
twisted and curved 3D structures [98] as well as hollow structures [99]. Basically, there are
different strategies to obtain 3D structures. On the one hand, planar 2D DNA origami
structures might be folded and connected at the edges in order to obtain prisms with different
numbers of sides [100], icosahedrons [97] or even a box with an controllable lid [101]. On the other
hand, 3D structures can be obtained by folding a layer of parallel double helices by means of
several crossover junctions resulting in rigid structures consisting of multiple DNA origami
layers [97]. Curved 3D structures have been shown to be available by winding the scaffold
strand in terms of concentric rings with different numbers of crossover junctions which allows
for adjusting the circumference of each ring [99].
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2.4 DNA nanotechnology

The genome of the bacteriophage M13mp18 is by far the most frequently used scaffold for
DNA origami related research, since it is well-studied and only exhibits a minimal secondary
structure including a hairpin stem-loop of 73 nt [70]. However, several scaling-up strategies
have been developed in order to obtain objects that are not limited by the length of the
M13mp18 strand. One of the alternative routes to larger structures relies on connecting
several individual DNA origami by means of sticky-end cohesion [102] or edge-to-edge base
stacking [103]. In contrast, longer scaffold strands have been used such as a 26 kb ssDNA
fragment obtained from long-range polymerase chain reaction (PCR) amplification [104] or a
λ/M13 hybrid scaffold resulting in a 51 kbp DNA origami [105].
Moreover, DNA origami structures have been obtained from a dsDNA scaffold [106] as well as
from a mini-scaffold (2404 bases) [107].

Another interesting field is the development of dynamic DNA nanodevices and nanomachines
in order to confer a certain function on DNA structures. Although small switchable devices
have already been realized before DNA origami existed [108–110], the advent of the DNA origami
technique significantly facilitated the development of dynamic nanostructures. As a result,
several reconfigurable systems have been developed such as a DNA Möbius strip [111], DNA
pliers that can open and close [112], simple DNA origami templates that stepwise reconfigure
into complex, quasifractal patterns [113] or even reconfigurable plasmonic systems [114].
Moreover, DNA origami substrates have been used to create predefined tracks that can be
passed by DNA walkers covering distances of about 100 nm, e.g. a DNA spider with several
legs [115], a nanorobot collecting AuNPs as cargo on its way [116] or a ssDNA motor [117]. The
long-term vision of developing “DNA walkers” is to mimic the movement of naturally occuring
motor proteins [118].

The growing complexity of DNA nanostructures requires further development of existing
software programs. Besides basic software (e.g. GIDEON and SARSE) more sophisticated
tools such as caDNAno [119] and canDo [120] have been evolved allowing for the design of 2D
and 3D structures as well as for the prediction of properties such as flexibility and final shape.

2.4.3. Arrangement of AuNPs on DNA origami

Functionalization of AuNPs with DNA

In 1996 the Mirkin group and the Alivisatos group independently presented novel strategies
in order to functionalize AuNPs by alkylthiol-modified DNA and to assemble them via DNA
hybridization [121,122]. Since then these water-soluble conjugates attracted a lot of attention
in various research fields [123].
A few years later, the first assemblies of DNA-coated AuNPs on 2D DNA arrays have been
reported by Kiehl and coworkers [124,125]. This concept was then extended to DNA origami
substrates by Ding et al. who assembled six different AuNPs on a triangular DNA origami
within one row [94].

Basically, the DNA coating strands consist of three different units: 1) an attachment moiety
which is usually a propyl- or hexylthiol group, 2) a spacer region composed of nucleobases
or synthetic groups such as polyethylene glycol (PEG) and 3) a recognition region which
represents the active part for subsequent hybridization and consists of DNA or analogue
polymers such as ribonucleic acid (RNA), locked nucleic acid (LNA) or peptide nucleic acid
(PNA) (see Figure 2.12 a) [123].

In principle, the DNA coating procedure relies on relatively strong Au-S interactions in com-
parison to Au-citrate interactions resulting in an exchange of citrate ions by thiol-modified
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DNA strands [123]. Since both, the AuNP surface and the DNA strands are negatively charged
the adsorption of DNA is hampered by long-range electrostatic repulsion which is character-
ized by a high salt-dependent Debye-length (λD) [126]. The adsorption can exclusively occur
when the interactions between AuNP surface and DNA strands are dominated by short-
range attraction which is related to a decrease of λD

[126]. Practically, this is achieved either
by adding salt (in most cases sodium chloride (NaCl)) or by reducing the pH [126,127].
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Figure 2.12.: Functionalization of AuNPs with ssDNA. (a) The three units of a DNA coating
strand: a recognition area, a spacer region and an attachment moiety. (b) The DNA density is
stepwise increased by the “salt aging” procedure. (c) Dependence of the surface coverage on the
radius of curvature of the AuNP. For larger particle sizes with a radius r the deflection angle β
between adsorbed DNA strands is increased resulting in larger footprints and thus in a lower surface
coverage. (Figure b and c adapted and modified from ref. [127] and ref. [128], respectively.)

In the case of salt addition the adsortion process is affected in three different ways [129]. First,
the repulsion between AuNP surface and DNA strands is decreased resulting in faster ad-
sorption. Second, the mutual repulsion between the several individual DNA strands is also
reduced which leads to an increase of the final surface coverage. Third, the repulsion be-
tween different AuNPs is diminished with the result of increased aggregation tendency. In
order to achieve a well-balanced compromise between the adsorption of DNA strands and
the aggregation of AuNPs, a so-called “salt aging” procedure was established relying on the
stepwise addition of salt to achieve a progressive increase of the DNA density at the AuNP
surface (Figure 2.12 b) [130,131]. With every salt addition (from (i) to (iv)) the density of DNA
and thus the stability of the AuNPs is slightly increased which is sufficient to stand the next
addition of salt. It has to be mentioned that within the salt aging process the conformation of
adsorbed DNA strands is changed from initially parallel ((ii) and (iii)) to successively upright
(iv) [123] (Figure 2.12 b).
The standard salt aging procedure is practicable up to AuNP sizes of approximately 50 nm [127].
For larger particles one can evade to the low pH method introduced by Zhang et al. [127].
Hereby, the reduced charge repulsion is achieved by protonating A and C bases as well as
partially protonating the citrate units [127].

Basically, the stability of the resulting DNA-capped AuNPs is defined by the DNA density
which in turn is affected by the size and shape of the AuNPs, the chemical attachment moiety,
the spacer sequence as well as the length of the DNA coating sequence [123]. Furthermore, it
was shown, that high salt concentrations, low pH values as well as sonication and heating
result in higher surface coverages [127,131,132].
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First of all, the surface coverage is influenced by the size of the AuNP. This is quantified in
terms of a deflection angle β between adjacent DNA strands and the related footprint which
is a measure of the average area occupied by a oligonulceotide [128] (Figure 2.12 c). Basically,
with increasing AuNP size the radius of curvature is decreased resulting in larger deflection
angles and more expanded footprints. As a result, the surface coverage is decreased with
increasing AuNP size [128].
Upon DNA adsorption exclusion areas at the AuNP surface are created that are no longer
accessable for further DNA adsorption [126]. With increasing length of a DNA strand its
flexibility is also increased which progressively enables hairpin coiling [133]. Thereby the hy-
drodynamic size as well as the electrostatic repulsion of a DNA strand is increased [126]. As a
consequence, longer DNA strands cause larger exclusion areas at the AuNP surface.
Additionally, the spacer regions within the DNA strands significantly influence the stability
of DNA-coated AuNPs. The four nucleobases reveal differently pronounced affinities to Au
with T having the lowest and A the highest affinity [134]. Therefore, T-rich DNA sequences
are more streched on the AuNP surface in comparison to A-rich sequences. Thus T-rich DNA
sequences are more densely packed leading to higher loading capacities [131].

2.5. Graphene

In 2010 Geim and Novoselov were honoured with the Nobel Prize in Physics “for ground-
breaking experiments regarding the two-dimensional material graphene” [135,136]. Graphene is
a one-atom thick 2D material in which sp2-hybridized carbon atoms are arranged in a hon-
eycomb lattice [137]. Initially, graphene was obtained by micromechanical cleavage of highly-
oriented pyrolytic graphite (HOPG) using scotch tape [138]. Afterwards several other produc-
tion methods such as chemical vapour deposition (CVD), graphene growth on silicon carbide
(SiC), liquid-phase exfoliation and molecular beam epitaxy have been developed leading to
graphene lattices that significantly differ in size and quality [139]. Since its discovery, graphene
has attracted much interest in countless research fields due to the unique combination of its
electronic, mechanical and optical properties.

2.5.1. Electronic, optical and mechanical properties

Depending on the number n of layers graphene can exist in many different modifications,
ranging from single-layer graphene (SLG, n = 1) over bilayer graphene (BLG, n = 2), tri-
layer graphene (TLG, n = 3) and few-layer graphene (FLG, n > 3) to graphite (Fig. 2.13 a).
Thereby, adjacent layers are separated by 0.34 nm [137] and can be stacked congruently (AA
stacking) or shifted to each other (AB stacking, ABC stacking) [140]. Within one layer the
carbon atoms are connected by three in-plane σ bonds, whereas π orbitals perpendicular to
the plane enable interactions between different layers [140].

SLG exhibits a unique electronic structure which is characterized by a hexagonal Brillouin
zone with six conical Dirac points (K and K’ points) in which conduction and valence bands
meet each other [140] (Figure 2.13 b). Consequently, SLG is a zero band gap semiconductor
whose Fermi level EF is located at the Dirac point without an external field [137,140]. How-
ever, when a gate bias is applied, EF is shifted above or below the Dirac point, resulting in
free carriers, that is, e− for n-type doping and h+ for p-type doping, respectively [141](indicated
by the green arrows in Figure 2.13 b). The same effect of doping can be obtained by charged
impurities, chemical functional groups or contact to a metal surface [142–144].
For BLG the gapless band structure is changed to parabolic bands touching at the K and
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K’ points [140]. With increasing number of layers the gapless structure is maintained and
graphene becomes successively metallic [140].

n= 3
n= 2
n= 1

graphite0.34 nm

0.34 nm

a b

K

conduction 
band

valence 
band

K‘
K‘

K‘

K K Brillouin zone
EF

Figure 2.13.: Graphene lattice and electronic band structure of SLG. (a) AA stacking of
several graphene layers resulting in SLG (n = 1), BLG (n = 2), TLG (n = 3) up to graphite. (b)
Electronic band structure in SLG represented by Dirac cones (grey cones: conduction band; blue
cones: valence band) which meet at the K and K’ points of the hexagonal Brillouin zone. In pristine
graphene the Fermi level EF is located at the K point.

As a consequence of its inner framework and its electronic band structure graphene ex-
hibits several outstanding properties making it currently to the most intensely studied mate-
rial [143]. First, it is the strongest 2D material ever measured revealing a Young’s modulus
of 1 TPa and an intrinsic strength of 130 GPa [145]. Furthermore, graphene can reversibly
stand tensile strain up to 25% [145]. Second, extreme high electron mobilities on the order of
2× 105 cm2 V−1 s−1 have been measured in graphene [146]. Third, graphene shows an optical
transmittance of 90% with an absorption of approximately 2.3% per layer [147,148]. Fourth, it
reveals a very high thermal conductivity above 3000 V K−1 [149]. Last, graphene is completely
impermeable to any kind of gases [150] and can be easily chemically functionalized [151,152].

2.5.2. Raman scattering of graphene

Raman scattering is a very convenient method in order to study the electronic and structural
properties of graphene. A Raman spectrum reveals versatile information about the number
of graphene layers, the presence of defects and edges, the degree of doping and strain as well
as chemical modifications [153,154]. The main features in a typical Raman spectrum of SLG,
that is, the D, G, D’, 2D and 2D’ bands, are depicted in Figure 2.14.

All Raman features in Figure 2.14 originate from the same elementary events, that is, the
absorption of a photon (blue arrows), emission of a second photon (red arrows) and scatter-
ing of an electron (black arrows). Although those events are depicted separately in Figure
2.14, all processes take place instantaneously. Basically, one can distinguish between first-
order and second-order Raman scattering processes depending on the number of scattering
events taking place [141]. Here, the involved electrons can be scattered in two different ways:
(i) elastically by defects within the graphene lattice (horizontal black arrows in Figure 2.14)
and (ii) inelastically by interactions with phonons [141](black dashed arrows in Figure 2.14).
The G band at approximately 1580 cm−1 is the only feature arising from a first-order scatter-
ing process including only one doubly degenerate phonon mode [141]. The D band at 1339 cm−1

and the D’ band at 1620 cm−1 on the other hand are second-order Raman scattering pro-
cesses in which the electron is scattered twice: elastically by a defect and inelastically by a
phonon [141]. Therefore, both bands require the presence of a defect and are thus indicators
for disorder within the lattice. The main difference between both features is that the D band
originates from a scattering process between two adjacent Dirac cones (= intervalley pro-
cess), whereas for the D’ band the electron is scattered within one Dirac cone (= intravalley
process) [157,158].
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Figure 2.14.: Scattering processes and resulting Raman bands in SLG. A typical Raman
spectrum of SLG is shown with the most characteristic Raman peaks (D, G, D’, 2D and 2D’ bands).
The involved processes for each individual band are illustrated, including absorption of a photon
(blue arrows), emission of a second photon (red arrows), elastic scattering of an electron by a defect
(horizontal black arrows) and inelastic scattering of an electron by a phonon (black dashed arrows).
Additionally, in the case of the 2D band, the three possible scattering paths with the nearest neighbours
of a Dirac cone are depicted, illustrating the strain induced splitting of the 2D band. (Figure based
on ref. [141,155,156].)

Furthermore, the two overtones of the D and the D’ bands, termed 2D and 2D’ bands, are
detected at approximately 2671 cm−1 and 3245 cm−1, respectively. Since both overtones
involve two phonons with opposite wave vectors giving rise to momentum conservation, no
defects are required for their activation [155]. Again, 2D and 2D’ bands differ in terms of their
underlying intervalley and intravalley nature.

As depicted in Figure 2.14, the 2D band stems from an interaction between two Dirac cones
at point K and K’, respectively. In principle, all three adjacent Dirac cones (at point K’)
are potential scattering partners giving rise to three possible scattering paths (1, 2 or 3 in
the top view next to the 2D band in Figure 2.14) [156]. If uniaxial strain is applied to the
graphene lattice the Brillouin zone is deformed resulting in displacements of the Dirac
cones relative to their original positions (the blue and green circles represent the displaced
cones in zigzag and armchair samples) [156]. These perturbations within the scattering paths
are directly reflected in a theoretically predicted splitting of the 2D band in three components.
However, the third peak appears only weakly [156].
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3
Materials and methods

3.1. List of chemicals and DNA strands

The used chemicals and modified DNA strands are summarized in Tables 3.1 and 3.2. For a
complete list of all non-modified staple strands see Table A.1 in the Appendix.

Table 3.1.: List of chemicals.

substance source of supply purity

acetone Sigma-Aldrich1 ≥ 99.5%
Bis(p-sulfonatophenyl)phenylphosphine (BSPP) Sigma-Aldrich1 97.0%

dehydrate dipotassium salt
DL-dithiothreitol (DTT) Sigma-Aldrich1 ≥ 98.0%
ethanol (EtOH) Sigma-Aldrich1 ≥ 99.8%
gold nanoparticles (AuNPs) (citrate stabilized) BBI solutions3 -
HQ silver enhancement kit Nanoprobes2 -
LI silver enhancement kit Nanoprobes2 -
magnesium chloride (MgCl2) Sigma-Aldrich1 ≥ 98.0%
methanol (MeOH) ROTH4 ≥ 99.5%
methyl isobutyl ketone (MIBK) Sigma-Adrich1 ≥ 98.5%
2-propanol Sigma-Aldrich1 ≥ 99.5%
sodium chloride (NaCl) Sigma-Aldrich1 -
sodium dodecyl sulfate (SDS) Sigma-Aldrich1 ≥ 98.5%
Tris-acetate-EDTA (TAE) buffer Sigma-Aldrich1 -

1 Sigma-Aldrich Chemie GmbH, Steinheim, Germany
2 Nanoprobes, Inc., New York, USA
3 BBI solutions, Cardiff, UK
4 Carl Roth GmbH & Co. KG, Karlsruhe, Germany
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Table 3.2.: List of DNA strands.1

DNA sequence (5’→ 3’) source of supply purity

scaffold strand

M13mp18 (supplied in 10 mM Tris-HCl New England Biolabs 2 -
(pH 8.0 @ 25°C), 1 mM EDTA)

staple strands

non-modified staple strands (see Table A.1) IDT 3 desalted
` (t-6s7f) -(AAT)8T4 metabion4 HPLC
` (t-5s6e) -(AAT)8T4 metabion4 HPLC
` (t-4s7f) -(AAT)8T4 metabion4 HPLC
` (t-1s6i) -(AAT)8T4 metabion4 HPLC
` (t1s6i) -(AAT)8T4 metabion4 HPLC
` (t1s8i) -(AAT)8T4 metabion4 HPLC
` (t1s6i) -(AAA)8T4 metabion4 HPLC
` (t1s8i) -(AAA)8T4 metabion4 HPLC
` (t2s5f) -(AAA)8T4 metabion4 HPLC
` (t2s7f) -(AAA)8T4 metabion4 HPLC
` (t5s6e) -(AAA)8T4 metabion4 HPLC
` (t5s8g) -(AAA)8T4 metabion4 HPLC
` (t7s8g) -(AAA)8T4 metabion4 HPLC
` (t-1s6e) -(AAA)8T4 metabion4 HPLC
` (t-1s8g) -(AAA)8T4 metabion4 HPLC
` (t-2s5f) -(AAA)8T4 metabion4 HPLC
` (t-2s7f) -(AAA)8T4 metabion4 HPLC
` (t-3s6e) -(AAA)8T4 metabion4 HPLC
` (t-3s8g) -(AAA)8T4 metabion4 HPLC
` (t-5s8g) -(AAA)8T4 metabion4 HPLC
TAMRA-(t-3s6e)a metabion4 HPLC
TAMRA-(t-2s7f)a metabion4 HPLC
TAMRA-(t-1s6e)a metabion4 HPLC
` (t1s6i) -TAMRA metabion4 HPLC
Cy3-(t-1s6i)a metabion4 HPLC

AuNP coating strands

(ATT)3T4-SH metabion4 HPLC
(ATT)8T4-SH metabion4 HPLC
(TTT)4T-SH metabion4 HPLC
(ATT)8T3(TAMRA)-SH metabion4 HPLC
(TTT)4T(Cy3)-SH metabion4 HPLC
(TTT)4T(TAMRA)-SH metabion4 HPLC
(TAMRA)-(TTT)4T-SH metabion4 HPLC

1 ` and a represent the anchor points to the DNA origami triangle
2 New England Biolabs GmbH, Frankfurt am Main, Germany
3 IDT Integrated DNA Technologies, Leuven, Belgium
4 metabion, Steinkirchen, Germany
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3.2 Sample preparation

3.2. Sample preparation

All steps of the sample preparation are illustrated in Figure 3.1.

3.2.1. 3.2.2.

3.2.4.

3.2.3.

3.2.5.

3.2.6.

self-assembly coating

cleaning

AuNP-DNA origami
hybridization adsorption

3.2.7.

3.2.8.

Ag enhancement

graphene exfoliation.

+

determination of
surface coverage

+

Figure 3.1.: General overview of sample preparation steps. For each step the corresponding
section for detailed information is stated. The dashed arrow indicates the alternative DNA hybridiza-
tion route at the surface of a silicon (Si) wafer (see section 3.2.4).

As Raman reporter molecules the well-established dyes carboxytetramethylrhodamine
(TAMRA) and cyanine 3 (Cy3) were used. In Figure 3.2 the molecular structures are shown
as well as the positions of covalent connection to ssDNA.

O

OO OP

O

O

HN

NO

O

CH3

CH3

N

N

HN

O

O
HO

O
TAMRA

+
H C3

CH3

N N

N

O

OO OP

O

O

HN

NO

O

N N

N

3'- end

Cy3

+

CH3

O

NH

CH3

CH3

CH3

H C3
N

N

5'

3'- end

5'

Figure 3.2.: Molecular structures of Raman reporter molecules. TAMRA and Cy3 are
covalently attached to an alkynylated DNA base. The dye functionalities have been introduced by
the manufactorer (metabion) via click chemistry using C8-alkyne-dU and a dye-azide (TAMRA-azide
(green) or Cy3-azide (blue)) as precursors (see Figure A.1 in the Appendix for molecular structures
of the precursors).

3.2.1. Synthesis of DNA origami substrates

The triangular DNA origami substrates are based on the original design published by Rothe-
mund [11] (see Figure 3.3). Basically, the scaffold strand and staple strands were mixed in
a molar ratio of 1:30 by adding 5 µL of the genome of bacteriophage M13mp18 (cinitial =
250 µg mL−1; cfinal = 5 nM, New England Biolabs) to 40 µL of a staple strand solution
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containing all non-modified staple strands (cfinal = 150 nM for each staple strand, metabion)
for each individual triangle design. For a complete list of staple strand sequences see Table
A.1. Additionally, depending on the design, 1 µL of each capture strand and/or dye-modified
staple strand (cfinal = 100 nM, metabion) and 10 µL of 10x TAE with 100 mM MgCl2 were
added. Each mixture was filled to 100 µL with Milli-Q-water. The individual modifications
for each investigated design are summarized in Table 3.3. The mixture was annealed from
80 °C to 8 °C (cooling rates: 2.0 K min−1 (from 80 °C to 65 °C), 0.5 K min−1 (from 65 °C
to 25 °C) and 1.0 K min−1 (from 25 °C to 8 °C)) using a Primus 25 advanced thermocyler
(Peqlab). To remove excess staple strands from the solution the mixture was spin filtered
two times at 3830 g for 10 min in a centrifuge 5804 (eppendorf) using Amicon Ultra-0.5
filters (100 kDa MWCO, Millipore). In the first filtration step 200 µL (in the second step
300 µL) of 1x TAE with 10 mM MgCl2 were added to the DNA origami solution. After the
purification process approximately 35 µL DNA origami solution resulted. Subsequently, the
concentration of DNA origami triangles was determined via UV-Vis spectroscopy (see section
3.3.3) yielding values in the range of 25–60 nM.

5' 3'

Figure 3.3.: DNA origami triangle. Self-assembled DNA origami triangle upon DNA hybridiza-
tion between the circular scaffold strand (blue strand) and 208 staple strands (red strands) according
to the nomenclature introduced by Rothemund [11]. The capture strand positions are marked with
colored dots. A set of three or four staples of the same color indicate the binding site for one AuNP.
The second AuNP corresponding to the same dimeric design is colored in the same way but marked
with hollow circles.
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Table 3.3.: Overview of DNA origami designs. All investigated systems are shown together
with the related manuscript (M1, M2 or M4). The braces include capture sequences binding the
same AuNP.

Design Origami AuNPs
[Manuscript] captures dye(s) diameter coating gap

5’-(AAT)8T4-3’ - 15 nm 5’-(ATT)8T3X-SH-3’ ≈ 10 nm1
t-5s6e X = TAMRA
t-6s7f
t-4s7f
t-1s6i
t1s6i

[M1] t1s8i

5’-(AAA)8T4-3’ - 40 nm 5’-(TTT)4TX-SH-3’ / ≈ 14 nm1
t-3s6e 5’-(TTT)4T-SH-3’
t-3s8g X = TAMRA
t-5s8g
t5s6e
t5s8g

[M2] t7s8g

5’-(AAA)8T4-3’ - 40 nm 5’-(TTT)4TX-SH-3’ ≈ 7 nm2
t-1s6e X = TAMRA
t1s6i

t-1s8g
t1s8i
t-2s5f
t-2s7f
t2s5f

[M4] t2s7f

5’-(AAA)8T4-3’ TAMRA 60 nm 5’-(TTT)4T-SH-3’ ≈ 7 nm2
t-1s6e t1s6i (3’)
t1s6i

t-1s8g or
t1s8i
t-2s5f Cy3
t-2s7f t-1s6i (5’)
t2s5f

[M2] t2s7f

- - 15 nm 5’-(ATT)8T3X-SH-3’ -
X = TAMRA

[M1]

- - 40 nm 5’-(TTT)4TX-SH-3’ -
or

5’-X(TTT)4T-SH-3’ /
5’-(TTT)4T-SH-3’

[M4] X = TAMRA

- - 60 nm 5’-(TTT)4TX-SH-3’ -
X = TAMRA or Cy3

[M2]

1 estimated from the distance between adjacent DNA base pairs.
2 estimated from a 2.5 nm thick DNA coating per AuNP [159] and a 2.0 nm thick DNA origami template.
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3.2.2. Coating of AuNPs with ssDNA

Initially, AuNPs were coated by DNA using a one-step salt addition method. Up to a AuNP
diameter d of approximately 15 nm (depending on the DNA sequence) this method is working
well. However, with increasing d a salt aging method (for d ≈ 15−40 nm) or a low pH method
(for d ≈ 40−80 nm) turned out to be necessary in order to obtain stable DNA-coated AuNPs.

One-step salt addition

The following preparation of DNA-coated AuNPs is similar to the protocol of Ding et al. [94].
Initially, 5 mg of Bis(p-sulfonatophenyl)phenylphosphine dehydrate dipotassium salt (BSPP)
were added to 15 mL of citrate-stabilized AuNPs (for d = 5 nm or 15 nm), covered with
aluminium foil and stirred for 24 h. Then, NaCl was added to the solution in several steps
until the color of the solution changed from red to purple. Subsequently, the solution was
centrifuged at 500 g for 35 min, the supernatant was discarded and the AuNPs were re-
suspended in 0.3 mL of 2.5 mM BSPP solution, resulting in another change of color back to
red. Then, 0.5 mL MeOH were added leading to a third change of color to black. Again, the
solution was centrifuged at 500 g for 35 min, the supernatant was removed and the AuNPs
were re-suspended in 0.2 mL of 2.5 mM BSPP solution.
Subsequently, phosphinated AuNPs (25 µL) were mixed with a 200-fold excess of thiol-
modified ssDNA (22 µL; 100 µM; sequences are listed in Table 3.3) in 0.5x TAE containing
50 mM of NaCl. Here, the concentration of NaCl was adjusted by adding 0.5 µL of 5 M NaCl
solution in one step. The mixture was stirred for at least 80 h at room temperature. Excess
DNA strands were removed by spin filtering (50 µL AuNP solution + 100 µL (first run) and
200 µL (second run) of 1x TAE with 10 mM MgCl2) using Amicon Ultra-0.5 filters (100 kDa
MWCO, Millipore) at 3830 g for 10 min.

Salt aging method

The salt aging method also requires the above mentioned phosphination steps. Here, for
the DNA coating process phosphinated AuNPs (d = 40 nm, 13 µL) were mixed with a
64000-fold excess of thiol-modified ssDNA (32 µL; 100 µM; sequences are listed in Table 3.3).
Furthermore, 2.9 µL of 10x TAE were added and the mixture was allowed to stir overnight.
Over a period of approximately 7 days, small amounts of a 2 M NaCl solution (0.5–2.0 µL
steps; VNaCl, final = 10.5 µL; cNaCl, final = 360 mM) were added in order to prevent the AuNPs
from precipitation. After each salt addition, the mixture was sonicated (Bandelin Sonorex
Super RK 255 H) for 20 s and subsequently stirred until the next step of salt aging. Excess
DNA strands were removed by spin filtering (approximately 50–60 µL AuNP solution +
100 µL of 1x TAE with 10 mM MgCl2) using Amicon Ultra-0.5 filters (100 kDa MWCO,
Millipore) at 3830 g for 10 min. The subsequent washing process with 200 µL of 1x TAE
with 10 mM MgCl2 at 3830 g for 10 min was performed 4 times. After the last filtration step
no signals from excess DNA strands were detected via UV-Vis spectroscopy anymore.

Low pH method

As an alternative coating procedure the low pH method was used which is based on the
protocol of Zhang et al. [129] with slight modifications.
At first, 0.4 mL of citrate-capped AuNPs were concentrated by centrifugation at 1000 g for
10 min. Then, the supernatant was gently removed and 4 µL of 0.2% SDS solution were
added to 20 µL of the concentrated AuNPs (1–2 nM). Subsequently, 1.8 µL of the ssDNA
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coating strands (sequences are listed in Table 3.3; 100 µM) were added. The mixture was
covered with aluminium foil and allowed to stir for at least 30 min. Subsequently, 8 µL of
50 mM citrate buffer (pH 3, containing three equivalents Na+ for each citrate molecule) were
added stepwise (1–2 µL per step) over a period of 2 h in order to prevent the AuNPs from
aggregation upon addition of the buffer in one single step. Next, 6.4 µL of Milli-Q-water
were added and the mixture was stirred for at least 60 min. Then, 5 µL of 2.5 M NaCl
solution were added in small steps of 0.5–1.0 µL within 2 h (cNaCl, final = 322 mM), again,
to prevent AuNP aggregation. Afterwards the mixture was allowed to stir overnight. The
AuNP solution was centrifuged at 1500 g for 7 min and the supernatant was discarded. In
order to remove excess coating strands the mixture was washed 5 times by adding 200 µL of
1x TAE with 10 mM MgCl2 and 0.02% SDS, followed by centrifuging at 1500 g for 7 min and
discarding the supernatant.

3.2.3. Determination of DNA surface coverage on AuNPs

The DNA surface coverage on AuNPs was determined based on a method published by
Hurst et al. [132] which can only be applied to dye-modified DNA sequences. Initially, the
concentration of DNA-coated AuNPs was determined by UV-Vis spectroscopy (see section
3.3.3). In order to remove all DNA-coating strands from the AuNP surface 10 µL of the AuNP
solution were incubated overnight with 10 µL of 1 M dithiothreitol (DTT) in 1x TAE with
10 mM MgCl2 [2x dilution]. Subsequently, the gold precipitate was removed by centrifugation
at 5000 g for 4 min. Then 17 µL of the supernatant were mixed with 493 µL of 1x TAE
with 10 mM MgCl2 [30x dilution] and the fluorescence of the mixture containing the dye-
modified DNA was measured in triplicate (see section 3.3.4). Then, the fluorescence intensity
was compared to a calibration curve which was prepared by mixing the volumes listed in
Table 3.4. The concentrations of corresponding stock solutions were cdye-DNA = 100 nM (dye:
TAMRA or Cy3) and cDTT = 1 M. As buffer 1x TAE with 10 mM MgCl2 was used.

Table 3.4.: Preparation of a calibration curve in order to determine the DNA surface coverage on
AuNPs. Concentrations of stock solutions: cdye = 100 nM (dye: TAMRA or Cy3); cDTT = 1 M. Each
mixture was filled to 200 µL with 1x TAE with 10 mM MgCl2.

cdye-DNA / nM 0 1 2 4 8 12 20 30 40

Vdye-DNA / µL 0 2 4 8 16 24 40 60 80
VDTT / µL 3.33 3.33 3.33 3.33 3.33 3.33 3.33 3.33 3.33
VTAE / µL 196.7 194.7 192.7 188.7 180.7 172.7 156.7 136.7 116.7

3.2.4. AuNP-DNA origami hybridization

Basically, the hybridization between DNA capture strands within the DNA origami substrates
and the DNA coating strands on the surface of AuNPs can take place either in solution or
on the surface of a Si wafer. The latter method was used for AuNPs with d = 5 nm. With
increasing size the binding yield significantly decreased which is most probably due to less
pronounced diffusion. Consequently, for all other AuNP sizes the hybridization was performed
in solution.
For AuNP-DNA origami hybridization on the surface, DNA origami substrates (2 µL; c ≈
20 nM) were adsorbed on a Si wafer following the steps mentioned in sections 3.2.5 and 3.2.6.
Directly after drying with compressed air, a 20 µL drop of the 5 nm AuNPs (c = 50–100 nM)
was placed on the Si surface. After an incubation time of 20 min at room temperature excess
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AuNPs were removed from the surface by dipping the Si wafer for 10 min in Milli-Q-water.
Finally, the Si wafer was dried with a stream of compressed air.
For AuNP-DNA origami hybridization in solution a total synthesis scale of 10 µL was used
by preparing a mixture of DNA origami substrates and DNA-coated AuNPs in a ratio of
1:1. Subsequently, 2 µL of 1x TAE buffer with 50 mM MgCl2 were added yielding a final
concentration of 10 mM MgCl2. Then, using a Primus advanced 25 thermocycler (Peqlab)
a pre-defined temperature program was applied to the mixture keeping the solution first at
45 °C for 41 min followed by cooling it down to a final temperature of 25 °C in steps of 2 °C
within 20 min (total time: 71 min).

3.2.5. Pre-treatment of Si substrates

After delivery, all Si wafers were covered by sticky stape (Nitto Denko ELP BT150ECM) in
order to prevent the adsorption of impurities. The basic sample preparation was performed
using p-type Si wafers ((100), CrysTec). However, if subsequent graphene exfoliation was
performed a different type of Si wafers with 290 nm thick thermal oxide (SiO2/Si) (IDB
TECHNOLOGIES LTD) was used in order to enable the visualization of graphene flakes by
optical microscopy [160].

Prior to use Si samples were cut into pieces (approximately 1 cm2 × cm2) using a diamond
knife and the edges were thoroughly cleaned from uprising Si powder using non-sterile cotton
tipped applicators (Solon Care) soaked with acetone (pure). For basic sample preparation
the substrates were rinsed with 4 mL EtOH (pure), with 4 mL Milli-Q-water and finally
dried with compressed air. Afterwards the surfaces of the Si wafers were treated either with
a UV lamp (λ = 254 nm, Vilber Lourmat) for 10–15 min or with an ozone cleaner (Diener
electronic, ZEPTO) for 10 min. For mechanical exfoliation of graphene particularly clean
Si surfaces are required. Therefore, subsequent to cleaning with acetone the SiO2/Si wafers
were heated to 250 °C for 10 min using a heating plate, then allowed to cool down to room
temperature and finally treated with the ozone cleaner for 10 min.

3.2.6. Adsorption of DNA origami substrates or DNA origami-AuNP hybrids

Immediately after cleaning a 0.4–1.0 µL drop of the pristine DNA origami solution or the
DNA-AuNP solution was applied on a Si wafer followed by the addition of approximately
40 µL of 10x TAE with 100 mM MgCl2. By changing the volume of added buffer the resulting
surface coverage was adjusted. During an incubation time of 45–60 min the Si samples were
stored in a box partly filled with water in order to increase the humidity and thus to prevent
the drop from drying. Subsequently, the substrates were rinsed with 4 mL of 1:1 Milli-Q-
water/EtOH (pure) and dried with compressed air.

3.2.7. Electroless silver deposition

Two commercially available Ag enhancement kits (LI silver, HQ silver; Nanoprobes) were used
at room temperature and darkened light conditions as recommended by the manufacturer.
The Ag enhancement solutions were freshly prepared prior to use by carefully mixing the
individual components of each kit in equal parts, that is, three components for HQ silver
(initiator, activator and mediator) and two components for LI silver (initiator and enhancer).
Immediately after mixing, a 20 µL drop of the mixture was applied to the DNA-AuNP hybrids
adsorbed on a Si wafer. The deposition time was set to 60 s (HQ silver) or 3 min (LI silver)
and afterwards the Si wafers were rinsed and quickly dipped in Milli-Q-water and finally dried
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with compressed air.
The main difference between both Ag enhancement kits is the mediator component in the
HQ solution which serves as a thickening agent to retard the deposition rate.

3.2.8. Mechanical exfoliation of graphene

Graphene deposition was performed via micromechanical cleavage [138]. Therefore, a flake of
Kish graphite (Naturgraphite GmbH) was repeatedly cleaved between two sheets of sticky
tape (Nitto Denko ELP BT150ECM). Basically, micromechanical cleavage yields high-quality
graphene up to flake dimensions on the order of mm. However, it was found that larger flakes
do not properly adsorb on NP structures. Therefore, the thickness, density and size of
cleaved flakes were adjustedy by shifted overlapping of the two tapes for each cleaving step
(see Figure 3.4). The as-prepared tape was then carefully rolled on top of the SiO2/Si wafers
with the adsorbed structures to be encapsulated. The tape-covered wafers were then stored
in a glass with MIBK at room temperature for the time necessary to remove the tape by its
own (approximately 3 h). Immediately after removal of the tape the wafers were washed two
times with MIBK, then once by 2-propanol and finally dried with a stream of compressed air.
At this stage, usually no SLG flakes are adsorbed. Therefore, the flakes were carefully cleaved
one more time by using another sticky tape. It has to be mentioned that the velocity of peeling
the tape off is of highest importance for the resulting quality and size of the flakes since rapid
peeling leads to intensified ripping.

1 32

Figure 3.4.: Tape preparation for mechanical exfoliation of graphene. The initial flake of
graphite is repeatedly cleaved by shifted overlapping of the two tapes.

3.2.9. Introducing a marker

Prior to analysis by AFM and SERS imaging a slight scratch was introduced to the surface
of a Si wafer using a diamond knife. The scratch serves as macroscopic marker visible in both
images and thus enables the superposition of the data.
This treatment was not necessary in the case of samples covered by graphene since the flakes
themselves serve as indicator for superposition.

3.3. Methods

3.3.1. SERS imaging

SERS images and single spectra were recorded using a confocal Raman microscope (WITec
alpha300) equipped with an upright optical microscope. The corresponding laser beam path
is depicted in Fig. 3.5. The incident laser light (λexc = 532 nm) was first coupled into a
single-mode optical fiber, followed by coupling into the microscope by a laser coupling unit
with integrated polarization unit. Here, the laser light passed a collimating lens, filters and
a beam splitter. Additionally, in the case of polarization-dependent measurements, a half-
wave plate (HWP) was inserted. Subsequently, the laser light was passed through a reflector
slider with Köhler illumination and focused through a 100x objective (Olympus MPlanFL
N, NA = 0.9) to a diffraction-limited spot (1.3 µm2 spot size) on the Si sample. The back-
scattered light was then passed through a notch filter in order to suppress the Rayleigh
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scattering intensity. For polarization-dependent measurements the polarization planes for
laser excitation and detection were adjusted by polarization filters. Subsequently, the light
was coupled into a multi-mode optical fiber (core diameter: 50 µm) and finally reached
the spectrometer (UHTS 300). Within the spectrometer the light was directed onto a grating
(either 600 g mm−1 or 1800 g mm−1) by a collimating lens and afterwards focused by another
focusing lens on the charge-coupled device (CCD) camera (DV401-BV with 1024 × 127 pixel,
26 µm × 26 µm pixel size and an image area of 26.6 mm × 3.3 mm).

100x objective

sample stage

single-mode 
optical fiber

vibration-damped table

532 nm laser

multi-mode 
optical fiber

laser coupling unit
(with integrated polarization unit)

reflector slider

spectrometer

grating CCD

Köhler white-light
illumination

HWP polarization filters

Figure 3.5.: Laser beam path within the confocal Raman microscope. The optical compo-
nents within the microscope are colored in light blue. Components related to polarization adjustment
are highlighted in red (HWP: half wave plate). (Figure adapted and modified from ref. [161].)

The applied laser power was measured using a laser power meter (FieldMaxII-TO, Coherent)
connected to a semiconductor sensor (OP-2 VIS, Coherent) before each measurement. To
this end, the sensor head was positioned in between the scan stage and the selected objective
with a predefined distance.
In Table 3.5 the applied parameters for individual measurements are summarized.

Table 3.5.: Parameters for SERS measurements.

[Manuscript] laser power mode integration accumu- scan size grating
Fig. [µW] time [s] lations [µm2] [g mm−1]

[M1]
Fig. 2 900–1000 image 2 - 15 × 15 600
Fig. 3 400–500 image 10 - 15 × 15 600
Fig. 4 400–500 image 10 - 15 × 15 600

[M2]
Fig. 3 900–1000 image 2 - 25 × 25 600
Fig. 4 900–1000 image 2 - 30 × 30 600
Fig. 5 400–500 image 10 - 28 × 28 600

[M4]
Fig. 2 80 image 10 - 24 × 24 600
Fig. 3 a 900–1000 image 2 - 30 × 30 600
Fig. 3 b (a–c; A–C) 80 image 10 - 24 × 24 600
Fig. 4 25 single spectra 10 1 - 600
Fig. 5 25 single spectra 10 1 - 600

[M6]
Fig. 6 (overview) 13000 single spectra 10 3 - 600
Fig. 6 (inset) 13000 single spectra 10 3 - 1800
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3.3.2. Atomic force microscopy (AFM) imaging

AFM imaging was performed with a Nanosurf FlexAFM connected to a C3000 controller
(Nanosurf) using two different scan heads either for large-area imaging (maximum scan range:
100 µm; resolution: 1.525 nm (xy), 0.152 nm (z)) or for higher resolution (maximum scan
range: 10 µm; resolution: 0.152 nm (xy), 0.046 nm (z)).
All measurements were performed in tapping mode using Tap150Al-G cantilevers (Budget
Sensors) with a force constant of 5 N m−1, a resonance frequency of approximately 150 kHz
and a tip radius of < 10 nm. AFM images were recorded using 512 data points/line, a set-
point between 50–75% and a scan speed between 0.3–0.9 s/line. P-Gain (proportional gain)
and I-Gain (integral gain) were in the range of 500–1000.
After imaging, the data was visualized and analyzed using the software Gwyddion 2.34 (free-
ware). The data was prepared by plane leveling, basic line correction, eliminating stripes
and strokes, removing a polynominal background (if necessary), setting the minimum value
to zero and finally adjusting the color range.

3.3.3. UV-Vis absorption measurements

UV-Vis absorption measurements of DNA origami substrates and AuNPs were carried out
using a Nanodrop 2000 (Thermo Scientific) covering wavelength ranges of 220–350 nm (DNA
origami) or 190–840 nm (AuNPs), respectively. As blank the corresponding filtration solution
(see above) was used: (i) for DNA origami substrates: 1x TAE with 10 mM MgCl2, (ii) for
AuNPs (one-step addition / salt aging): 1x TAE with 10 mM MgCl2 and (iii) for AuNPs
(low pH method): 1x TAE with 10 mM MgCl2 and 0.02% SDS.

The corresponding molar decadic extinction coefficients ε(λ) for individual AuNP diameters
were calculated using equation 3.1 suggested by Liu et al. [162].

lnε(λ) = K · lnd+ C (3.1)

where d [nm] is the diameter of the AuNP, K = 3.32111 and C = 10.80505. For the relevant
AuNP sizes equation 3.1 yields:

ε(λ)5 nm = 1.03× 107 M cm−1 (3.2)

ε(λ)15 nm = 3.96× 108 M cm−1 (3.3)

ε(λ)40 nm = 1.03× 1010 M cm−1 (3.4)

ε(λ)60 nm = 3.96× 1010 M cm−1 (3.5)

Using the calculated values for ε(λ), the corresponding concentrations were determined based
on Lambert-Beer’s law (equation 3.6), where E(λ) is the extinction, c [mol L−1] is the
concentration and b [mm] is the thickness of the absorbing substance (b = 1 mm in the case
of the Nanodrop 2000).

E(λ) = ε(λ) · c · b (3.6)

In order to determine the concentration of the DNA origami substrates the nucleic acid data
for the M13mp18 strand provided by the manufacturer was used (7249 nt; 1 µg of M13mp18 =̂
0.21 pmol =̂ 1.3× 1011 molecules; M = 4.762× 106 g mol−1) [163].
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3.3.4. Fluorescence measurements

Fluorescence measurements were performed in microliter quartz cuvettes (High precision cell,
Hellma Analytics) using a FluoroMax-P (Horiba Jobin Yvon). For all measurements an
integration time of 0.2 s was used and the slit size was set to 5.0 nm. The fluorescence of
TAMRA-modified DNA was measured using an excitation wavelength of λexc = 535 nm and
recording the emission from 550–750 nm. In the case of Cy3-modified DNA the excitation
wavelength was set to λexc = 500 nm and the emission was collected from 520–700 nm.

3.3.5. Scanning electron microscope (SEM) imaging

For SEM imaging a Quanta250 (FEI) with an Everhart-Thornley detector (ETD) in sec-
ondary electron (SE) mode was used working under high vacuum conditions. The accelerating
voltage and the spot size were set to 30 kV and 2.0 nm.
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Discussion

4.1. Main manuscripts

SERS is a powerful tool to obtain rich chemical information about analyte molecules at trace
levels. Although single molecules have first been spectroscopically detected by fluorescence
based methods [164–166], SERS is superior regarding the amount of accessible structural infor-
mation. However, usual SERS measurements are based on enhancing the Raman signal of a
certain analyte by coprecipitation with a metal salt. In this way, randomly distributed hot
spots over the whole solution are created that can differ in terms of the corresponding EF by
several order of magnitudes. Since differently pronounced hot spots contribute to the overall
SERS intensity to various extents, the detected SERS signal of such a colloidal solution is
eventually a sum of an unknown analyte concentration.
Although the detection of single-molecule events has been demonstrated based on the ultralow
concentration approach [6,7] and the bi-analyte approach [8,57–59], both methods do not allow
for the controlled formation of hot spots and a predefined analyte concentration within the
same.
With the uprising field of nanotechnology new doors were opened to design plasmonic struc-
tures either by top-down or by bottom-up techniques. However, with top-down strate-
gies, such as the widely used electron beam lithography (EBL) [167], three-dimensional plas-
monic structures are difficult to obtain and this method is not cost-effective regarding mass-
production [168]. Therefore, new bottom-up approaches relying on the self-assembly of smaller
building blocks into larger constructs were developed. In this context, DNA-based nanotech-
nology attracted particularly high interest since it provides outstanding programmability and
intrinsic biocompatibility at the same time.
Since the electromagnetic field enhancement can reach particularly high values within the gap
between adjacent AuNPs [4,5], a lot of effort has been made in the design of dimeric AuNP
structures connected by DNA strands. Especially Suh and co-workers carried out extensive
research in this field [10,169–171]. In their developed approach two AuNPs are coated with two
types of DNA strands, that is, a protective sequence and a target sequence carrying a Cy3
modification [10]. The stoichiometry is adjusted to make sure that exactly one Cy3 dye is
located in the gap between the two AuNPs upon DNA hybridization. Subsequently a Ag en-
hancement solution is applied in order to decrease the gap size resulting in Au-Ag-core-shell
nanodumbbells that provide EFs on the order of 1012.
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However, since the analyte molecule is part of the DNA hybridization process, this approach
leaves no possibility for the subsequent functionalization of the SERS substrate. This draw-
back can be overcome by using DNA origami substrates as a platform for SERS.

The first assembly of AuNPs on DNA origami substrates was introduced in 2008 by Sharma
et al. who attached either one or two AuNPs to rectangular DNA origami substrates reach-
ing yields higher than 90% [172]. Two years later, Ding et al. assembled six AuNPs with
different sizes (15 nm, 10 nm, 5 nm) in a row on a DNA origami triangle [94]. In this way,
a potential plasmonic nanolens was created with gap sizes < 10 nm. Since then, numerous
DNA origami-AuNP hybrids with versatile architectures have been designed covering a broad
field of applications. On the one hand, AuNP arrangements on DNA origami substrates
are predefined structures for fundamental studies on plasmon coupling [173,174]. On the other
hand, DNA origami-AuNPs hybrids have been used to study fluorescence enhancement [175]

and quenching effects [96] or to build plasmonic waveguides [176]. Moreover, chiral assemblies
of AuNPs on DNA origami have been reported to exhibit plasmonic circular dichroism re-
sponses [177–179].

Although several applications have already been demonstrated using AuNP-DNA origami
hybrid structures, up to this point none of the work aimed at using such structures in the
context of SERS. Therefore, the present study aims at the development of a versatile DNA
origami-based platform that is suitable for the detection of analyte molecules – down to
a single-molecule level – by means of SERS. To this end, dimers of AuNPs are assembled
on triangular DNA origami substrates. By changing the sizes of the AuNPs as well as the
interparticle distances the hot spot is optimized in order to improve the field enhancement.
Furthermore, graphene is introduced as a new building block resulting in enhanced structural
stability of the DNA origami substrates as well as improved photostability of the incorporated
dye molecules.
Throughout the whole thesis, information about different structures is collected by means of
correlated AFM and SERS imaging allowing for the assignment of certain signals to defined
structures. An overview of the four main manuscripts (M1–M4) related to the present thesis
is given in Figure 4.1, showing the investigated structures and the central results (see chapter
6 for full manuscripts and correlated Supporting Information). Figure 4.1 should serve as a
guide for the subsequent superordinate discussion of the main results.

In M11 the overall concept of using DNA origami substrates as a platform for SERS mea-
surements is presented. It has to be mentioned that M1 is the first publication dealing with
this particular combination of techniques. Herein, initial proof-of-principle experiments are
performed using 15 nm AuNPs coated with TAMRA-modified DNA. The TAMRA dyes are
separated from the AuNP surface by a T4-DNA spacer sequence. It is shown that single 15 nm
AuNPs only result in very weak TAMRA signals (see Figure 4.2 a (A) and [M1, Figure 2]).
However, when two AuNPs are attached to one side of the DNA origami with a gap size of
approximately 10 nm, the surface plasmon resonances of the individual AuNPs can couple
resulting in intense TAMRA signals at 1215 cm−1, 1356 cm−1, 1509 cm−1, 1534 cm−1 and
1647 cm−1 (Figure 4.2 a (B) and [M1, Figure 2]). Although both particles are completely
covered by TAMRA molecules, only a small fraction of the dyes – namely those which are
directly located in the hot spot – contribute to a large extent to the SERS signal. However,
in this arrangement the number of dye molecules can only be estimated from geometrical
considerations.

1 [M1] J. Prinz, B. Schreiber, L. Olejko, J. Oertel, J. Rackwitz, A. Keller, I. Bald, “DNA Origami Substrates
for Highly Sensitive Surface-Enhanced Raman Scattering”, J. Phys. Chem. Lett. 4, 4140–4145 (2013).
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Figure 4.1.: Overview of the four main manuscripts M1–M4. All investigated structures are
depicted along with the corresponding main results. In some structures the DNA coating strands are
not shown for better clarity.

This circumstance can be avoided by incorporating the dye molecules in the DNA origami
instead of binding them to the AuNP surface. Therefore, three TAMRA molecules are incor-
porated to the DNA origami in form of dye-modified staple strands. Additionally, two 5 nm
AuNPs are attached to the DNA origami at a nominal distance of 25 nm, thereby surrounding
the TAMRA dyes. In order to determine the optimal distance between the two particles, a Au
enhancement solution is applied leading to a controlled growth of the AuNPs by electroless Au
deposition. This is a method usually used as a staining technique for microscopy applications
in order to improve the detection sensitivity. As a result, the remaining gap size is adjusted
from approximately 13 nm down to 1 nm. Further growth of the Au shell finally leads to
a fusion of both AuNPs. In this respect, it is found that the most intense TAMRA signals
are obtained for AuNP diameters of 25 nm, that is, the two AuNPs are almost touching.
This finding is in good agreement with the supporting discrete dipole approximation (DDA)
simulations ([M1, Figure 3]) as well as with previously reported high field enhancements for
1 nm gap sizes [180].
This finding is further exploited for experiments demonstrating the applicability at the single-
molecule level. To this end, one single TAMRA molecule is placed in the gap between two
5 nm AuNPs at a nominal distance of 25 nm and the size of the AuNPs is increased by
approximately 20 nm according to the findings for three TAMRA molecules. SERS measure-
ments of this structure reveal that the most characteristic TAMRA band at 1647 cm−1 is still
detectable. In particular, it is shown that within the laser spot (approximately 1.3 µm2 spot
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size), 17 individual TAMRA-modified DNA origami substrates give a detectable SERS signal
that is just above the LOD (Figure 4.2 a (C) and [M1, Figure 4]).

AuAg

1
2
2
2

1
3
6
0

1
5
0
7

1
5
3
1

1
5
6

8
1
5
9
6

1
6

5
2

[M2]

AuAg

A

B

C

D

E

F

G

H

I

1000 1200 1400 1600 1800 2000

20

60

40

80

100

120

140

160

180

200

220

240

260

280

300

320

340

360

380

400

420

440

In
te

n
s
it

y
 /
 c

o
u

n
ts

Raman shift / cm

1000 1200 1400 1600 1800 2000

200

600

400

1200

In
te

n
s
it

y
 /
 c

o
u

n
ts

800

1000

1400

Raman shift / cm

[M2]

[M1]

1
5
8
8

1
4
9
5

1
4
7
0

1
4
0
9

1
3
8
4

1
3
5
4

1
3
1
3

1
2
7
6

1
2
3
0

1
1
6
7

1
1
2
4

Cy3 reference

TAMRA reference

a

b

H

1 TAMRA
x2

x2

x2

x2

x2

x2

200 nm 200 nm

200 nm

200 nmK

L

1 TAMRA

2 TAMRA

1 Cy3

I

G

D E F

A B C

L

K

-1 -1

Figure 4.2.: Overview of the correlated SERS and AFM data from M1 and M2. (a)
Detection of TAMRA molecules using different DNA origami-AuNP hybrid structures. Several op-
timization steps finally lead to single-molecule sensitivity (structure I). (b) Detection of single Cy3
molecules using the optimized structure. SERS spectra in a and b are vertically shifted.

It has to be mentioned that the position of the TAMRA molecule bound to the DNA origami
templates is not optimized at this stage. Since the dye molecules are located approximately
5 nm below the axis between the two NPs, and thus not directly in the hot spot, the dyes do
not benefit from the maximum field enhancement (see geometrical considerations in Figure
4.3 a). The maximum EF for two 25 nm AuNPs with a gap size of approximately 1 nm is
expected to be on the order of 106 (for λexc = 532 nm [18]). Due to the small gap size the hot
spot should be highly localized resulting in a significantly lower field enhancement at the dye
position. The resonant excitation of the TAMRA dyes leads to an additional contribution
to the overall field enhancement since the Raman cross section is increased by a factor of at
least 104 under this condition [18]. Consequently, considering both contributions, the highest
expectable EF at the dye position hardly reaches the range where single dye molecules become
detectable (EFmin

sm-SERS ≈ 107–108; see equation 2.22). Since the AuNP diameters vary by
several nm (see [M1, Figure S5]), the gap size for individual structures is also expected to
differ to the same extent. For these reasons, it is highly probable that only a few of the
structures (or at least one structure) located in the laser spot result in a detectable SERS
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signal. This in turn confirms the possibility to reach single-molecule sensitivity with the here
applied structures if the hot spot is sufficiently optimized.

2.5 nm 5.0 nm

a b

DNA origami 

DNA origami 
Au

Au

Au

Ag

2.0 nm

Au core: 5 nm
Au shell: 20 nm
    : dye

Au core: 60 nm
Ag shell: 2.5 nm
    : dye

Figure 4.3.: Geometrical considerations for different DNA origami-AuNPs arrangements.
In both cases the DNA origami template is not shown in full length. Since the dye molecule is either
located at the 3’-end or the 5’-end of a staple strand it is slightly protruding from the DNA origami
template. (a) Two 5 nm AuNPs with a 20 nm thick Au shell are attached to one side of the DNA
origami substrate (the dotted lines imply that a spherical growth of the Au shell is not possible since
the structures are adsorbed on Si wafers). This design is initially used in M1. Assuming a 2.5 nm thick
DNA coating surrounding the AuNPs, the hot spot is located approximately 5.0 nm above the DNA
origami template. Consequently, a single dye molecule incorporated in the DNA origami template is
not correctly aligned to profit from the highest field enhancement. (b) By attaching the two AuNPs
to different sides of the DNA origami template, it is ensured that the single dye molecule is positioned
in the axis between the particles (red line) and thus within the hot spot (design presented in M2 with
two 60 nm AuNPs and a Ag shell of approximately 2.5 nm).

The high relevance and timeliness of the approach introduced in M1 is reflected by several
similar reports that were published shortly afterwards [159,181,182].
First, Thacker et al. assembled two 40 nm AuNPs on a multi-layer DNA orgami platform
with two predefined grooves. In this way, sub-5 nm gap sizes were created. SERS measure-
ments of single dimeric structures were performed by rinsing them with a R6G solution. The
resulting SERS signal was estimated to arise from approximately five R6G molecules and the
corresponding EFs were calculated to be in the range of 105–107.
Second, Pilo-Pais et al. attached four 5 nm AuNPs at the corners of a rectangular DNA
origami substrate. Subsequently, the size of the AuNPs was increased to approximately 50 nm
by using a Ag enhancement solution resulting in estimated gap sizes of 3 nm. To perform
SERS measurements the four-particle assemblies were incubated in a 4-aminobenzenethiol
(4-ABT) solution resulting in covalent attachment of the Raman reporter molecules to the
metal surface. By combining the SERS signals of the four-particle assemblies with the signal
arising when only one particle is attached to the DNA origami template, an EF of ≈ 100 per
NP was estimated.
Third, Kühler et al. attached two 40 nm AuNPs to different sides of a three-layered DNA
origami block leading to an estimated gap size of 6 nm under dry conditions. As Raman
reporter molecule SYBR Gold was used which binds to the minor grooves within dsDNA. It
was estimated that 25 SYBR Gold molecules are located within the hot spot. The EFs were
calculated by finite-difference time-domain (FDTD) calculations yielding a maximum value
of 2× 106 in the center of the hot spot and an averaged value of 1.4× 105 over the whole hot
spot area.
The main difference between these three reports and the approach introduced in M1 is the
way the Raman reporter molecules are incorporated within the DNA origami-AuNP assem-
blies. In all three cases the number of analyte molecules contributing to a certain SERS signal
is based on geometrical considerations similar to the one for TAMRA-coated AuNPs in M1
([M1, Figure 2]). However, the DNA origami technique allows for the positioning of a known
number of analyte molecules at predefined positions by incorporating them directly in the
DNA origami template. This strategy is followed in M1 (Figure 4.2 a (C) and [M1, Figures
3, 4]) and further applied for the detection of single molecules by SERS.
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The experiments published in M1 are initial qualitative results with the priority of pre-
senting the proof-of-principle. However, the detection of single molecules by SERS requires
higher field enhancements as well as a precise placement of the analyte molecule within the
hot spot. Therefore, in M22 several optimization steps are presented. First of all, larger
TAMRA-coated AuNPs with a diameter of 40 nm are used in order to increase the signal
enhancement. They are arranged into dimers at one side of the DNA origami substrate with
a maximum gap size of 14 nm ([M2, Figure 1 a]). Single-structure correlations reveal that
the most characteristic TAMRA peak at 1652 cm−1 is detectable for this particular design
(Figure 4.2 a (D–E) and [M2, Figure 3]). The spectral position of this peak is shifted by
5 cm−1 with respect to the results shown in M1, which is attributed to altered dye-modified
DNA coating sequences.
The same structures are used in order to test the effect of a Ag shell surrounding the AuNP.
From a plasmonic point of view, AgNPs exhibit several advantages towards AuNPs, since the
SERS performance of Ag within the visible range of the electromagnetic spectrum is superior
to that of Au (see section 2.2). However, AgNPs are more difficult to synthesize and they
suffer from rapid oxidation under ambient conditions which leads to difficulties regarding
DNA functionalization [183–185]. Therefore, only a few reports deal with DNA origami sub-
strates functionalized with AgNPs [186–188]. In M2, a compromise is used by first attaching
AuNPs to a DNA origami template and afterwards surrounding them with a Ag shell. This
method is widely used in order to enhance the visualization in immunoelectron microscopy
techniques [189]. Furthermore, it was applied by others, e.g. for scanometric DNA array de-
tection [190] or to fuse small metal seeds on DNA origami templates [191]. By varying the Au
core diameter and Ag shell thickness, this method allows for tuning the optical properties of
the core-shell NPs [192] which makes it a predestined technique for SERS [10,192,193].
In M2 SERS signals of individual structures before and after the Ag enhancement process
are compared. It is clearly shown that the SERS signal of individual structures are increased
upon the Ag enhancement process (Figure 4.2 a (G) and [M2, Figure 4]). However, the
origin of the field enhancement is difficult to reveal since in this arrangement the TAMRA
molecules are incorporated between the Au core and the Ag shell. Furthermore, in some cases
strong bands from the DNA coating arise upon Ag enhancement ([M2, Figure S4 and Table
S1]).
The increased field enhancement upon electroless Ag deposition is further exploited in single-
molecule experiments. Since the LFIEF is highly sensitive to the interparticle gap, reaching
immense values at approximately 1 nm distance, a new design was developed in which the
two AuNPs are attached to opposite sides of the DNA origami triangle ([M2, Figure 1 b]).
This design exhibits several improvements. First, the gap between the AuNPs is halved with
regard to the previously used arrangement, resulting in a distance of approximately 7 nm
(assuming 2 nm thickness of the DNA origami and 2.5 nm thickness of the DNA coating per
AuNP). Second, by incorporating a single dye to the DNA origami substrate, it is ensured
that the Raman reporter molecule is located directly in the axis between the two particles
and thus in the hot spot (see Figure 4.3 b). However, due to the altered arrangement the
DNA origami template can not flatly adsorb on the Si wafer and is thus no longer visible in
the AFM images (for AuNPs sizes ≥ 60 nm). In order to reduce the flexibility of the attached
AuNPs a fourth capture strand per AuNP is introduced. Additionally, larger AuNPs with a
diameter of 60 nm are used. In this context, it is necessary to change the coating strategy,
since the previously applied salt aging method fails for AuNPs larger than 40 nm (see sec-
tion 3.2.2). Again, the AuNPs sizes are increased by electroless Ag deposition, resulting in

2 [M2] J. Prinz, C. Heck, L. Ellerik, V. Merk, I. Bald, “DNA origami based Au-Ag-core-shell nanoparticle
dimers with single-molecule SERS sensitivity”, Nanoscale 8, 5612–5620 (2016).
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Au-Ag-core-shell dimers with Ag shell diameters of approximately 2.5 nm and a remaining
gap size of 2 nm. Particular attention is paid to the incubation time of the Ag enhancement
solution in order to prevent the fusion of the two particles. Accompanied FDTD simulations
reveal that keeping all parameters the same but further increase the Au core size to 80 nm
would lead to a decrease of the LFIEF at the dye position ([M2, Supporting Figure S7]).
Therefore, subsequent experiments are performed by using 60 nm AuNPs.

In the case of TAMRA as Raman reporter molecule the most prominent TAMRA band at
1652 cm−1 is detectable for two molecules and only one single dye molecule placed in the
hot spot. However, in both cases the signal intensity hardly exceeds the S/N ratio (Figure
4.2 a (H, I) and [M2, Figure 5 a]). By using Cy3 as an alternative dye much higher
signal intensities for the characteristic Raman bands at 1167 cm−1, 1354 cm−1, 1384 cm−1,
1470 cm−1, 1495 cm−1 and 1588 cm−1 are observed (Figure 4.2 b (K, L) and [M2, Figure
5 b]). The different behaviour of TAMRA and Cy3 is hereby assigned to different Raman
cross sections of the two dyes within the hot spot.
In order to quantify the field enhancement in terms of an esimated EF, a reference system is
necessary. However, due to the appearance of an intense fluorescence background at λexc =
532 nm, normal Raman spectra of TAMRA and Cy3 cannot be recorded. Therefore, single
60 nm that are coated with dye-modified ssDNA (either TAMRA or Cy3) serve as reference
system with a known EF of approximately 9 × 105 [194]. To this end, the average number of
dye-modified DNA per AuNP is determined by fluorescence spectroscopy using the protocol
of Hurst et al. [132]. It is found that the surface coverage with TAMRA-modified DNA
exceeds the one for the analogue Cy3-modified DNA by approximately 22%. This is most
probably caused by a higher sterical demand of the Cy3 modification leading to a larger
exclusion area on the AuNP surface (see molecular structures of both dyes in section 3.2
(Figure 3.2)). Additionally, for each dye, SERS signals of 15 single 60 nm particles are
recorded and averaged. It has to be mentioned that in both cases a wide distribution of
SERS signal intensities is observed (see Figure A.2). This observation will be explored in
more detail in the context of graphene encapsulated AuNPs in M4. From the strongest
averaged SERS bands (1652 cm−1 for TAMRA; 1470 cm−1 and 1588 cm−1 for Cy3) EFs on
the order of 108 for TAMRA and 109–1010 for Cy3 are estimated which are in good agreement
with the supporting FDTD simulations and sufficiently high to detect single molecules.

All previously discussed SERS spectra in M1 and M2 result from the detection of an un-
polarized scattering signal. However, especially in the case of single molecules, polarization-
dependent measurements would be of great interest since they should provide extensive infor-
mation about the conformation of the molecule within the hot spot. To this end, in practice,
a series of SERS measurements using different polarization angles is required. However, up
to this stage, under the here applied conditions, series measurements significantly suffer from
photobleaching (see Figure A.3). As soon as photobleaching occurs, a change in the SERS
signal intensities can no further be assigned to a polarization-induced effect. Therefore, a
strategy to overcome the drawback of photobleaching is a crucial step towards polarization-
dependent measurements.
In view of the above, the impact of graphene to the developed SERS substrates is studied.
Since the discovery of graphene by Novoselov et al. in 2004 [138] this ultrathin material at-
tracted a lot of interest due to its unique combination of optical, mechanical and electronical
properties. Several reports deal with the combination of graphene and AuNPs for several
applications, such as biosensing, bioimaging or drug delivery [195].

Recently, graphene was demonstrated to suppress the photobleaching of dye molecules in
close vicinity. In 2014 Liu et al. investigated metal NPs (Cu, Ag and Au) that were encapsu-
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lated by FLG [12]. The probe molecules (cobalt phthalocyanine (CoPc)) were immobilized by
a Langmuir-Blodgett technique and the detected SERS signals from graphene encapsulated
AuNPs were stable over a period of 160 s. The suppression of the photobleaching was at-
tributed to a decreased catalytic activity of the metal surface and π–π interactions between
the graphene shell and the CoPc molecules.
Almost at the same time, a similar observation was made by Zhao et al. who used a Ag
surface covered with SLG [13]. R6G was immobilized either on top or in between these two
components. In both cases the photostability was significantly improved in comparison to
R6G molecules on a bare Ag surface. This was verified by detecting a SERS signal over a
period of 8 min.

Combining DNA origami with graphene is quiet innovative since, up to this date, is has only
been subject of discussion in the report of Yun et al. [196]. Herein, nanopatterns of DNA
origami on chemically modified graphene oxide are presented. In contrast to the publication
of Yun et al., the work presented in the following is based on pristine graphene that is
exfoliated on top of functionalized or bare DNA origami substrates.
In M33 it is shown that the structural stability of bare DNA origami substrates is significantly
enhanced upon graphene encapsulation. The covering sheet of SLG replicates the shape of
the DNA origami triangles – even the inner holes – very well which is confirmed by AFM
imaging (Figure 4.4 a and [M3, Figure 2]). The replication ability of graphene has also
been demonstrated by others in the context of ds plasmid DNA [197] and 2D double-crossover
lattices [198]. Furthermore, in M3 the maximum force that is required to damage the DNA
origami substrates is determined by AFM manipulation in contact mode. It is shown that the
force threshold for graphene encapsulated DNA origami is over one order of magnitude higher
in comparison to non-protected ones (Figure 4.4 b and [M3, Figures 4, 5]). In addition, the
behaviour towards deionized water is tested, demonstrating that graphene encapsulated DNA
origami structures remain intact for at least 30 min, whereas non-protected substrates are
already damaged on a time scale below 1 min (Figure 4.4 c and [M3, Figure 8]).
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Figure 4.4.: AFM images from M3. (a) DNA origami triangles adsorbed on SiO2/Si. The lower
part of the DNA origami substrates is covered by SLG. Scale bar: 500 nm. (b) Non-covered DNA
origami substrates exhibit a force threshold of ≈ 2.5 nN (top), whereas encapsulated substrates stay
intact up to an applied force of ≈ 56 nN (bottom). Scan areas: 1 × 1 µm2 (top), 500 × 500 nm2

(bottom). (c) Comparison of non-protected (left) and graphene covered DNA origami substrates after
30 min of incubation in deionized water. Scale bar: 500 nm.

3 [M3] A. Matković, B. Vasić, J. Pešić, J. Prinz, I. Bald, A. Milosavljević, R. Gajić, “Enhanced structural
stability of DNA origami nanostructures by graphene encapsulation”, New J. Phys. 18, 025016 (2016).
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Besides the influence of graphene on the developed SERS substrates, which will be discussed
hereafter, the enhanced structural stability of DNA origami substrates upon graphene en-
capsulation might be advantageous for using these structures in bottom-up fabrication meth-
ods [199].

Finally, in M44 all building blocks presented so far, are merged within a novel kind of hybrid
material. To this end, a DNA origami substrate is first functionalized with a dye-modified
40 nm AuNP dimer and subsequently covered with a single layer of graphene (Figure 4.5 a
and [M4, Figure 1]). In this way, the unique properties of each individual building block are
efficiently merged.
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Figure 4.5.: Summarized results from M4. (a) AFM image of a large graphene flake covering
underlying AuNPs. (b) Correlated SERS and (phase) AFM data for three individual AuDG hybrid
structures. Scale bars: 200 nm. (c) Polarization-dependent SERS measurements of one representative
AuDG hybrid. The folds within the SLG lattice, which are visible in the phase AFM image (left),
can be correlated to strain-induced features in the SERS spectra (right). Scale bar: 100 nm. (d)
Photobleaching rates of individual AuNP dimers and AuDG hybrids obtained from the temporal
evolution of the TAMRA band at 1654 cm−1 upon prolonged laser exposure.

In order to test the competing influence of the AuNPs and graphene on incorporated TAMRA
molecules, SERS signals from covered and non-covered single 40 nm AuNPs are initially com-
pared. To this end, two different positions of the TAMRA molecules within the hybrid
structures are carefully investigated ([M4, Figure 2]). Depending on the internal position of
the TAMRA modification within the AuNP coating strands, two cases are distinguished:
(i) the TAMRA molecules are located close to the AuNP surface and (ii) the TAMRA
molecules are separated from the AuNP surface by a DNA spacer of 13 bases. It is shown that
the TAMRA fluorescence background visible in the SERS spectra is efficiently quenched when
the dyes are positioned in close proximity to the AuNP surface ([M4, Figure 2 a,b]). This is
in good agreement with a previously published distance-dependent fluorescence quenching [96].
Additionally, when the two different types of AuNPs are covered by graphene, the involved
dye molecules are sandwiched in between the AuNP surface and the graphene layer. In this
arrangement it is shown that the interplay between the individual building blocks is highly

4 [M4] J. Prinz, A. Matković, J. Pešić, R. Gajić, I. Bald, “Hybrid Structures for Surface-Enhanced Raman
Scattering: DNA Origami/Gold Nanoparticle Dimer/Graphene”, Small 12, 5458–5467 (2016).
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dependent on the relative positions of dye molecules within the hybrid structure ([M4, Fig-
ure 2 b,d]). For dye molecules close to the graphene layer (but further away from the AuNP
surface) the fluorescence of the TAMRA dyes is only quenched if the interaction between
graphene and dye molecules is strong enough ([M4, Figure 2 d]). For the opposite case, that
is, the TAMRA dyes are in close vicinity to the AuNP surface (but further away from the
graphene layer) the TAMRA fluorescence is efficiently quenched for all AuNPs resulting in a
clean baseline and a decreased S/N ratio ([M4, Figure 2 b]). Since the TAMRA molecules
are not directly in contact with the covering layer of graphene, the underlying mechanism of
fluorescence quenching is postulated to be based either on an energy transfer from excited
TAMRA molecules to SLG or on a DNA-mediated charge transfer process from the AuNP
to SLG. Both possibilities are schematically depicted in Figure 4.6.

charge transferenergy transfer

SLGSLG

a b

Figure 4.6.: Postulated mechanisms for the fluorescence quenching within graphene cov-
ered AuNPs. (a) Energy transfer from excited dye molecules to SLG. (b) Charge transfer from the
AuNP to SLG mediated by the DNA coating in between.

Furthermore, in agreement with the observation in M2 for dye-coated 60 nm AuNPs (see
Figure A.2), non-covered dye-coated 40 nm AuNPs exhibit a wide distribution of SERS
signal intensities ([M4, Figure 2 a,c]). On the contrary, the distribution of TAMRA signals
for graphene encapsulated AuNPs is significantly narrower. The same effect is found for
40 nm AuNPs that are coated with Cy3-modified DNA (Cy3 located close to the AuNP
surface) ([M4, Figure S2]). In this context, the higher reproducibility of SERS signals is
assigned to a more stable environment of the dye molecules upon graphene protection.
Based on the findings for single AuNPs, dimeric structures are synthesized using 40 nm
AuNPs with TAMRA close to the AuNP surface. SERS spectra of individual AuNP dimers
and DNA origami-AuNP dimer-graphene (AuDG) hybrid structures are compared revealing
the characteristic TAMRA bands at 1219 cm−1, 1361 cm−1, 1509 cm−1, 1538 cm−1, 1570 cm−1

and 1654 cm−1 in all cases. Again, the most intense band at 1654 cm−1 is slightly shifted
with respect to the results in M1 and M2 which is attributed to altered interactions between
the AuNP surface and the dye molecules upon graphene encapsulation. Additionally, for the
graphene covered AuDG hybrids the characteristic graphene features at 1586 cm−1 (G band)
and 2670 cm−1 (2D band) are visibile with the G band interferring with the TAMRA band
at 1570 cm−1 (Figure 4.5 b and [M4, Figure 3]).

In 2010, graphene itself was found to provide Raman enhancement – an effect that is termed
graphene-enhanced Raman scattering (GERS) [200] – resulting in EFs ranging from less than
10 to approximately 100 [200,201]. In contrast to the electromagnetic enhancement caused by
metal substrates, GERS is based on a charge transfer process and is therefore only significant
if the distance between the analyte molecules and graphene is less than 1 nm [202]. However,
in all measurements related to M4 no indication for an additional enhancement caused by
graphene is found. For the sake of completeness it has to be mentioned that the surface
plasmon resonance of graphene is located in the range of THz [203] and accordingly does not
support the electromagnetic mechanism under the here applied conditions.
As previously mentioned for the single AuNPs, the extent of contact between the graphene
layer and the underlying structure significantly influences the detected SERS signal. In or-
der to get a better understanding of the mutual interaction between AuNPs and graphene,
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polarization-dependent SERS measurements of single AuDG hybrids are performed. In this
context, Raman scattering can provide extensive information about uniaxial strain applied
to graphene which is indicated by shifting and splitting of the G band [204,205] and the 2D
band [156]. Upon graphene encapsulation the underlying structure also induces local strain
within graphene. The corresponding polarization-dependent SERS experiments (Figure 4.5 c
and [M4, Figure 4]) reveal that the 2D band is splitted in two components for certain polariza-
tion angles which are directly correlated to the direction of folds visible in the corresponding
AFM image. Although the laser spot size (approximately 1.3 µm2) is much larger than the
strained area, the recorded SERS spectra exhibit contributions from both areas. From the
amount of the 2D band splitting it is estimated that the underlying structure induces a uni-
axial strain component of 1–2% within SLG.
Ultimately, a clear polarization dependence of the TAMRA signals is observed, offering new
insights about the dye molecules within the hot spot. These information are only accessible
due to a significantly improved photostability of the TAMRA molecules upon graphene encap-
sulation. This effect is quantified by determination of photobleaching rates for three AuNP
dimers and three AuDG hybrids upon prolonged laser exposure of 800 s. It is found that
the photobleaching rate is reduced by approximately one order of magnitude upon graphene
encapsulation (Figure 4.5 d and [M4, Figure 5]). Again, the extent of contact between the
AuNPs and the graphene layer determines the efficiency of photobleaching reduction. Fur-
thermore, two contributions to the overall photobleaching rate can be identified: (i) heating
effects due to the laser exposure and (ii) reactions with ambient oxygen. On the one hand,
the latter contribution can be excluded for AuDG hybrids since SLG is impermeable to any
kind of gases [150]. On the other hand, the photobleaching effect is especially pronounced in
the hot spot due to plasmonic heating [206,207]. Since SLG is known to be an excellent heat
conductor [149], the arising heat can be dissipated by grahene if the extent of contact with the
underlying AuNPs is sufficiently high.

4.2. Side projects

In addition to the manuscripts discussed in section 4.1, the present thesis also includes results
from side projects which are either related to DNA origami substrates, SERS or a combina-
tion of both.
In M55 DNA origami substrates are used to determine absolute cross sections for UV photon-
induced DNA strand breakage. To this end, two target DNA sequences (TT(ATA)3TT and
TT(CTC)3TT) with a biotin marker on the 5’-end are bound to a triangular DNA origami
template at predefined positions. Upon vacuum UV irradiation with energies around the
ionization threshold of the involved nucleobases (6.50, 7.29, 8.44 and 8.94 eV), DNA strand
breaks occur which either proceed via the DNA backbone or via fragmentation of the nucle-
obases. Subsequent to irradition the strand breaks are identified by treating the DNA origami
substrates with a solution of streptavidin, which binds to the biotin markers of intact target
DNA sequences. In this way, intact strands can be visualized by means of AFM imaging.
Ultimately, DNA origami substrates are demonstrated to be a reliable technique to determine
absolute cross sections for DNA strand breakage.
In M66 the metallization of phospholipid nanodiscs (NDs) is investigated. These systems are

5 [M5] S. Vogel, J. Rackwitz, R. Schürman, J. Prinz, A. R. Milosavljević, M. Réfrégiers, A. Giuliani, I. Bald,
“Using DNA Origami Nanostructures to Determine Absolute Cross Sections for UV Photon-Induced DNA
Strand Breakage”, J. Phys. Chem. Lett. 6, 4589–4593 (2015).

6 [M6] J. Oertel, A. Keller, J. Prinz, B. Schreiber, R. Hübner, J. Kerbusch, I. Bald, K. Fahmy, “Anisotropic
metal growth on phospholipid nanodiscs via lipid bilayer expansion”, Sci. Rep. 6, 26718 (2016).
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highly promising to study the structure of membrane proteins, since they can provide a native-
like environment. NDs are assembled from the membrane scaffold protein variant MSP1D1
and negatively charged DMPG (1,2-dimyristoyl-sn-glycero-3-phospho-1’-rac-glycerol) lipids.
Subsequently, the NDs are functionalized with positively charged amine-coated AuNPs (di-
ameter 1.4 nm). Upon electroless gold deposition metallized AuNDs are obtained, which are
extensively characterized by versatile techniques including SERS measurements. The cor-
responding SERS spectra exhibit several characteristic peaks in the spectral regions from
800–1500 cm−1 and from 2800–3000 cm−1 arising from the phospholipids. Since these peaks
do not occur in the spectra of non-metallized NDs this investigation demonstrates the SERS-
activity of metallized AuNDs.
In M77 again, SERS substrates based on DNA origami templates are subject of research.
However, in contrast to the main manuscripts discussed in 4.1, M7 deals with the assembly
of three differently sized AuNPs (10 nm, 20 nm and 60 nm) in order to obtain so-called gold
nanolenses (AuNLs). In particular, the AuNPs are assembled in three different spatial ar-
rangements either on one side or on different sides of the DNA origami substrate. The SERS
performance of each AuNL design is studied at the single-structure level and the SERS signals
are correlated to AFM, SEM and dark-field-microscopy of the individual structures. When
only the 10 nm AuNP is coated with TAMRA-modified DNA it is found that the highest
SERS signals arise from the design with the 20 nm, the 10 nm and the 60 nm AuNPs ar-
ranged in one row (design 20-10-60) on the same side of the DNA origami substrate. For the
20-10-60-AuNL with the most intense SERS signal an EF of 1.4× 106 is estimated which is,
however, expected to be underestimated for reasons that are discussed in M7. The 20-10-60
design is further investigated by selectively labelling the 20 nm AuNP and the 60 nm AuNP
with TAMRA. It is demonstrated that the area of highest field enhancement is located in the
gap between the 10 nm and the 20 nm AuNP.

7 [M7] C. Heck, J. Prinz, A. Dathe, V. Merk, O. Stranik, W. Fritzsche, J. Kneipp, I. Bald, “Gold nanolenses
self-assembled by DNA origami”, submitted manuscript.

54



5
Summary and outlook

In the previous chapters the development of a novel SERS substrate was presented, which
is based on a DNA origami triangle functionalized with a AuNP dimer. The structures
were synthesized via DNA hybridization between capture strands protruding from the DNA
origami substrate and coating strands on the AuNP surface. All structures were investigated
by correlated AFM and SERS imaging in order to assign the chemical information to a certain
structure.
Initially, the potential of using DNA origami substrates for SERS applications was qualita-
tively verified on a few-molecule level. By optimizing the hot spot between the two AuNPs
in multiple respects, the LOD could be significantly lowered, finally reaching single-molecule
sensitivity. In this context, the optimization steps were related to the size and the metal
of the NPs, to their interparticle gap size as well as to the position of the Raman reporter
molecule (TAMRA or Cy3). Finally, the optimized structures, that is, a Au-Ag-core-shell
NP dimer (Au core: 60 nm; Ag shell: 2.5 nm; gap size: 2 nm) attached to a DNA origami
template, were found to exhibit EFs up to 1010 which is sufficiently high to detect single dye
molecules.
The SERS substrates were further improved by introducing a single layer of graphene. Besides
the positive effect of SLG on the structural stability of DNA origami substrates, it turned
out to be a highly beneficial additive to the initially explored SERS substrates. In particular,
SLG can efficiently suppress the photobleaching of the investigated TAMRA molecules since
it is impermeable to ambient oxygen and dissipates heat arising from the plasmonic nano-
structure. Furthermore, novel insights concerning the interplay within AuNP-graphene hy-
brid structures were obtained.
In the overall context, the developed SERS substrate was extensively characterized in terms
of its potentials and limitations. Ultimately, based on the obtained insights, the novel SERS
substrates are highly promising systems for future analytical and bioapplications.

Throughout the whole thesis dyes were used as Raman reporter molecules in order to benefit
from the additional resonant contribution to the EF. To obtain the same signal intensity for
non-resonant molecules, the resonant contribution to the EF (≈ 105) has to be compensated
by the number of analyte molecules contributing to the overall signal. Thus, approximately
105 non-resonant molecules measured in a bulk sample would result in the same SERS signal
intensity, corresponding to a LOD in the range of 10−18 M. Although different SERS-based
approaches were demonstrated to reach LODs in the femto- [208] or attomolar [209] range, the
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main advantage of the DNA origami based substrates is the universal usability. In particular,
the same basic system can be applied for the detection of a wide range of substances by
simply adjusting the receptor molecule for an individual analyte. In this context, the system
may also be extended to multiplexing experiments of several different analytes.

In order to use the developed SERS substrates to study the structure of biologically relevant
molecules, such as DNA, aptamers or proteins, several points have to be considered. First of
all, it has to be ensured that the field enhancement is sufficiently high for a gap size that is
large enough for the corresponding biomolecule. To this end, the DNA origami design has
to be altered with regard to a more accessible anchor point. Furthermore, it has to be noted
that increasing the gap size has two main effects: (i) a reduced maximum EF within the hot
spot and (ii) a less pronounced localization of the overall hot spot area. The resulting “mild”
enhancement over a larger volume might be beneficial in terms of more evenly distributed
SERS signals arising from individual structures. Furthermore, plasmonically induced heating
effects should be less pronounced, thereby meeting the requirements of inherently delicate
biomolecules. In this context, SERS measurements in solution are inevitable in order to mimic
a more realistic environment and to ensure that the biomolecules are correctly aligned within
the hot spot. Although the overall SERS signal obtained by such ensemble measurements is a
sum of numerous individual molecules, structural information as well as insights in dynamic
processes, such as protein folding or DNA strand breakage, might become accessible.
To detect a SERS signal from a single biomolecule additional effort has to be done to adjust
the hot spot for the needs of the individual biomolecule. One challenge is the significantly
lower Raman cross section of a biomolecule in comparison to a dye molecule due to non-
resonant excitation. Accordingly, this amount has to be compensated by a higher LFIEF
at the analyte position. The exact matching of the LSPR of the plasmonic nanostructure
with the laser excitation line was not a primary interest in the present thesis. Consequently,
by precisely tuning the LSPR of a core-shell NP dimer towards the laser excitation line, an
even more efficient SERS process should result. In view of future biological applications,
Ag-Au-core-shell NPs might be advantageous over the opposite core-shell system since the
biocompatibility of a AuNP is maintained.

The novel approach of merging DNA origami substrates, AuNPs and graphene within one hy-
brid structure might also be advantageous in the field of cell-target applications. Both, AuNPs
and DNA origami substrates are compatible with cellular uptake due to their sizes [195,210].
In the last few years, it was already demonstrated that graphene-AuNP hybrid structures
are interesting systems for bioimaging, photothermal therapy or drug delivery [195]. For in-
stance, it has been verified that AuNPs wrapped by graphene-oxide can serve as efficient drug
carrier systems allowing for an even distribution of the anticancer agent doxorubicin inside
cancer cells [195]. In another study, DNA origami substrates have been loaded by the same
chemotherapy drug via intercalation and subsequently internalized by tumor cells [211]. This
approach has been demonstrated to efficiently circumvent doxorubicin resistance.
In this repsect, hybrid structures consisting of a DNA origami substrate, AuNPs and graphene
might be beneficial drug carrier systems, since they could provide biocompatibility merged
with interesting optical, thermal and mechanical properties.

The aforementioned examples elucidate the high diversity of nanotechnology, ranging from
fundamental analytical applications to improved health care and the development of new
materials. A high proportion of the future research in this field will – more or less obviously –
affect our daily lives.
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ABSTRACT: DNA nanotechnology holds great promise for the
fabrication of novel plasmonic nanostructures and the potential to
carry out single-molecule measurements using optical spectroscopy.
Here, we demonstrate for the first time that DNA origami
nanostructures can be exploited as substrates for surface-enhanced
Raman scattering (SERS). Gold nanoparticles (AuNPs) have been
arranged into dimers to create intense Raman scattering hot spots in
the interparticle gaps. AuNPs (15 nm) covered with TAMRA-modified
DNA have been placed at a nominal distance of 25 nm to demonstrate
the formation of Raman hot spots. To control the plasmonic coupling
between the nanoparticles and thus the field enhancement in the hot
spot, the size of AuNPs has been varied from 5 to 28 nm by electroless
Au deposition. By the precise positioning of a specific number of
TAMRA molecules in these hot spots, SERS with the highest sensitivity down to the few-molecule level is obtained.

SECTION: Physical Processes in Nanomaterials and Nanostructures

Surface-enhanced Raman scattering (SERS)1 provides both
single-molecule sensitivity2−5 and rich chemical informa-

tion and thus enables the multiplexed detection of analyte
molecules at trace levels.6 DNA-based plasmonic nanostruc-
tures such as nanogap particles and nanodumbbells were shown
to be very efficient SERS substrates with extremely high
enhancement factors for Raman scattering.7−9 However, a
versatile SERS substrate requires not only a controlled
arrangement of nanoparticles but also specific anchor points
for analyte molecules to enable quantitative analyte detection.
The fabrication of substrates for highly sensitive and
quantitative SERS represents the greatest challenge in current
SERS research as it requires (i) a precise arrangement of metal
nanoparticles to optimize the Raman scattering from the SERS
hot spot, (ii) sophisticated surface functionalization for the
immobilization of analytes in the hot spot, and (iii) accurate
control of analyte concentration in the SERS hot spots. In this
work, we thus demonstrate SERS from gold nanoparticle
(AuNP) dimers immobilized on DNA origami substrates with a
specific number of analyte molecules positioned in the hot
spots in between the AuNPs.
DNA origami nanostructures10 are versatile substrates for

arranging metal nanoparticles into two- and three-dimensional
arrays.11−13 Due to the tunable plasmonic coupling between the

nanoparticles, assemblies with tailored optical properties can be
synthesized in this way.13 DNA origami nanostructures
furthermore enable the spatially controlled positioning of single
analyte molecules with nanometer precision, which has recently
been exploited in fluorescence enhancement studies.14,15 The
use of DNA origami nanostructures as scaffolds to arrange
AuNPs thus allows for the engineering of SERS hot spots by
control of the interparticle gap and precise quantification and
positioning of molecules in these gaps.
The DNA−AuNP hybrids presented here are based on

triangular DNA origami nanostructures, which are formed by
hybridization of the single-stranded (ss) M13mp18 viral DNA
scaffold with a suitable set of 208 short staple strands.10

Selected staple strands can be individually modified for instance
for the binding of analyte molecules, or they can be simply
extended to provide protruding ss anchoring sites for the
hybridization with DNA-coated AuNPs. To bind the AuNPs,
three adjacent staple strands for each AuNP are extended with a
capture sequence (see the Experimental Methods section for
details). The AuNPs are coated with thiol-modified ssDNA,
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complementary to the capture sequences located on the DNA
origami structure (Figure 1).12 By hybridization, two AuNPs

are bound at predefined positions to one DNA origami triangle
to form a dimer. Due to the coupling of the surface plasmon
resonances of the individual AuNPs, a Raman hot spot is
formed in the interparticle gap. Figure 1 shows triangular DNA
origami structures with two 5 nm AuNPs placed at a nominal
distance of 25 nm. The interparticle distance of a total of 242
individual AuNP−DNA origami assemblies was measured by
AFM (see Supporting Information Figure S1 for a larger AFM
image). In agreement with the nominal value, the resulting
distribution in Figure 1b reveals an average interparticle
distance of 25.8 nm with a fwhm of 18.9 nm.
To demonstrate the SERS detection of specific target

molecules by means of the hybrid AuNP−DNA origami
structures, we used carboxytetramethylrhodamine (TAMRA) as
a Raman reporter molecule. In initial experiments, we coated 15
nm AuNPs with thiol-modified ssDNA, carrying a TAMRA
modification at the 5′-side of the thiol group (Figure 2a).
Figure 2b shows an AFM image of disperse DNA/TAMRA-
modified AuNPs adsorbed to an oxidized Si wafer. The
corresponding SERS spectrum shown in Figure 2d was
collected by confocal Raman microscopy using a 532 nm
laser for Raman excitation. Previous studies revealed only a
rather weak electric field enhancement in the vicinity of single
AuNPs upon excitation of the surface plasmon resonance,
resulting in an enhancement factor of 10−103 depending on the
size of the AuNPs.16 Consequently, the blue SERS spectrum in
Figure 2d shows only a very weak TAMRA-characteristic signal
at around 1650 cm−1. However, the Raman signal becomes
considerably stronger when the AuNPs are bound to DNA
origami nanostructures at a distance of 25 nm to form AuNP
dimers (see the red spectrum in Figure 2d). An AFM image of

Figure 1. Immobilization of AuNPs on DNA origami triangles. (a)
Scheme illustrating the attachment of two DNA-coated AuNPs to the
DNA origami substrate by DNA hybridization. (b) Atomic force
microscopy (AFM) image of triangular DNA origami structures
carrying two 5 nm AuNPs at a nominal distance of 25 nm. The
histogram shows the experimentally determined distribution of the
center-to-center distance between the two AuNPs, which is based on
AFM images (see the Supporting Information). The bin size was 4 nm.

Figure 2. SERS measurements using TAMRA-coated AuNPs. (a) Illustration of AuNPs functionalized with DNA via a thiol group. The ssDNA is
additionally modified with the fluorescent dye TAMRA (green) at the position indicated with X. (b,c) AFM images of 15 nm TAMRA−DNA-coated
AuNPs (b) dispersed on a Si/SiO2 substrate and (c) arranged on DNA origami substrates. (d) SERS spectra obtained from the samples shown in (b)
and (c). For dispersed and isolated AuNPs, only a weak SERS signal is detected at around 1650 cm−1. The SERS spectrum of the DNA origami-
bound AuNPs on the other hand shows bands at 1647, 1534, 1509, 1356, and 1215 cm−1, which correspond to the characteristic SERS signals of
TAMRA. The comparatively strong SERS signal is due to the DNA origami-directed formation of hot spots between the two AuNPs. The blue
spectrum is shifted vertically by 65 counts. On average, the concentration of AuNPs in the DNA origami samples (red spectrum) is about 2.6 times
higher than that of the single AuNP sample (blue spectrum).
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TAMRA−AuNP−DNA origami substrates is shown in Figure
2c. The visible Raman bands at 1647, 1534, 1509, 1356, and
1215 cm−1 are all characteristic SERS bands for TAMRA.17,18

Due to the close proximity of the AuNPs on the DNA origami
substrates, the surface plasmon resonances of the individual
AuNPs can couple to form localized hot spots with particularly
high electric field enhancement, which results in a correspond-
ingly strong Raman signal. To exclude a Raman enhancement
due to image charges on Si,19 different substrates have been
used for DNA origami adsorption, and no differences were
found in the SERS intensity (Figure S4, Supporting
Information).
However, it is not clear how many TAMRA molecules are

located in the hot spots and contribute to the SERS signal. The
red Raman spectrum shown in Figure 2d originates mainly
from the TAMRA molecules located within the hot spots
between the two AuNPs. To estimate the total number of
molecules contributing to the SERS signal, we consider the
laser focus area of 1.3 μm2. On the basis of our AFM images, we
can assume that on average about 12 well-assembled DNA
origami structures are located in the laser focus area and that
each 15 nm AuNP is covered by a maximum of 200
oligonucleotides,20 about 10% of which are actually located in
the hot spots. Accordingly, the total number of molecules
contributing to the signal is on the order of 102−103.
However, with the DNA origami technique, it is possible to

exactly control the number of dye molecules in the hot spot. To
this end, we modified three staple strands in the DNA origami
substrate with TAMRA at the 5′-end such that the three
TAMRA molecules were placed in between the AuNPs, that is,
in the hot spot (Figure 3a). In this arrangement, the AuNPs
were coated with DNA without TAMRA modification, that is,
there are exactly three TAMRA molecules immobilized on each
DNA origami triangle. Because the number of analyte
molecules is considerably lower compared to the arrangement
shown in Figure 2, the hot spots have to be further optimized in
order to yield stronger electric field enhancement. When using
15 nm AuNPs at a distance of 25 nm, the gap size of 10 nm is
too large to enable few-molecule detection. However, if larger
AuNPs (e.g., 20 nm) are used, the yield of well-assembled
AuNP dimers will be rather small due to steric hindrance.
Therefore, we first immobilized two 5 nm AuNPs on the DNA
origami substrates and increased their size by electroless Au
deposition to optimize the gap size. By varying the incubation
time, it was possible to exactly control the size of AuNPs on the
DNA origami substrate and thus their interparticle gap (see
Figure S5, Supporting Information). The diameters of the
AuNPs have been extracted from their heights in AFM
topography images, which were determined to be 12, 20, 25,
and 28 nm. Subsequently, the samples have been analyzed by
scanning electron microscopy (SEM) and Raman spectroscopy
(Figure 3b). In addition to the SEM images and the SERS
spectra obtained from the differently sized AuNPs, Figure 3b
shows near-field simulations of the electric field enhancement
in the vicinity of AuNPs in the discrete dipole approximation
(DDA).21,22 At a diameter of 20 nm, the surface plasmon
resonances can couple, and a localized hot spot appears. The
field enhancement is strongest at a diameter of 25 nm when the
two AuNPs are almost in direct contact. At larger diameters, the
two AuNPs are fused together and rather behave like rough
nanorods, as indicated by the appearance of a strong second
plasmon resonance in the absorbance spectra shown in Figure
S6 (Supporting Information). This results in a weaker field

enhancement localized around the ring in the center. The
corresponding SERS spectra in Figure 3b confirm the results of
the simulations (see also Figure S7 (Supporting Information)
for comparison of the measured SERS intensity with the
intensity of the electric field in the hot spot according to the
simulations). The strongest bands in the SERS spectrum of
TAMRA (located at around 1650 and 1350 cm−1, the spectral
positions are indicated by dashed vertical lines) are clearly
visible for 20 nm particle size and become even more
pronounced for 25 nm AuNPs. Additional signals result from
the DNA surrounding the AuNPs. At larger AuNP diameter
(28 nm), the TAMRA signal decreases considerably due to the
weaker and more localized field enhancement when no gap
between the AuNPs is present.

Figure 3. AuNPs arranged into dimers on DNA origami substrates
with three single TAMRA molecules positioned in the resulting hot
spots. (a) Scheme of the DNA origami substrate carrying three single
TAMRA molecules between two AuNPs. In contrast to the system
shown in Figure 2, no TAMRA is attached to the AuNPs. (b)
Scanning electron micrographs of DNA origami−AuNP hybrid
structures having AuNP diameters ranging from 12 to 28 nm (left,
scale bar is 100 nm), the DDA simulations of the normalized electric
field intensity |E|/|E0| in the vicinity of the AuNP dimers (center), and
corresponding SERS spectra (right). The spectral positions indicated
by the dashed lines are located at 1357 and 1647 cm−1, respectively.
The size of the AuNPs was controlled by electroless deposition of
preattached 5 nm AuNPs. By variation of the deposition time, the size
of the AuNPs can be precisely tuned. In the SERS spectra, the
characteristic band of TAMRA at around 1650 cm−1 appears at a
AuNP diameter of 20 nm, in agreement with the appearance of a
localized hot spot in the DDA simulations. The intensity of both the
hot spot and the corresponding SERS spectra reaches a maximum at a
AuNP diameter of 25 nm. At about a 28 nm AuNP diameter, however,
the TAMRA signal decreases considerably due to the fusing of the two
AuNPs and consequently weaker and more localized hot spots, as is
confirmed by the DDA simulations shown on the left.
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These experiments demonstrate that detection of three
TAMRA molecules per DNA origami structure is possible with
SERS using optimized AuNP dimers. In order to explore the
possibility of single-molecule detection, a single TAMRA
molecule was placed in the hot spot of AuNPs with 25 nm
diameter. The schematic of the SERS substrate, recorded SERS
spectra, and an AFM image are shown in Figure 4. The red
SERS spectrum is the same as that in Figure 2 (with the
fluorescent background removed) and is shown as a reference.
The black spectrum represents an average of several spots on
the surface, whereas the blue spectrum was obtained from a
single spot. Both spectra (black and blue) exhibit a weak band
at 1647 cm−1 that corresponds to the most intense Raman band
of TAMRA and thus originates from the single TAMRA
molecules in the hot spots. The signal-to-noise ratio (S/N =
(Isignal − Ibaseline)/σnoise, with I being the signal intensity and σ
the standard deviation) for this band is 5.8 (black spectrum)
and 4.7 (blue spectrum), which is just above the detection limit
of S/N = 3. Figure 4c shows an AFM image of the spot from
which the blue SERS spectrum was recorded indicating that the
Raman signal is due to a maximum of 17 DNA origami
structures, that is, 17 independent single TAMRA molecules.
The height profile shown in Figure 4c indicates that the AuNPs
have an optimal diameter of 23−25 nm. This demonstrates the
possibility to reach few-molecule sensitivity with optimized
DNA origami-based SERS substrates. The additional Raman
bands observed in the black spectrum in Figure 4b are due to
the A/T-containing DNA sequences surrounding the AuNPs.
The most pronounced DNA signal is detected at 1589 cm−1,
which is due to the C−N stretching vibration of the A ring.23

The signal at 1275 cm−1 can also be assigned to the A ring, and
the signal at 1093 cm−1 is due to the PO2 stretching vibration
within the DNA backbone.24 The weak band at 1451 cm−1 can
be assigned to third-order Raman scattering from the Si/SiO2
substrate. Control experiments using AuNP dimers on DNA
origami substrates without TAMRA modification did not show
any signal at around 1650 cm−1 (Figure S8, Supporting
Information).
In summary, we have demonstrated SERS from AuNP

assemblies on DNA origami substrates. By exploiting the local
addressability of the DNA origami nanostructures, AuNPs were
arranged into dimers with tunable particle spacing in order to
create localized and well-defined hot spots between the
particles. We have shown that the electromagnetic field
enhancement in the hot spots can be strong enough to excite
specific and detectable Raman modes in fluorophores located in
the hot spots. By optimizing the particle size and thus the gap
size between the particles to obtain highest field enhancements,
we were able to identify specific Raman bands of single
TAMRA molecules attached to the DNA origami substrates.
Due to the high spatial control provided by the DNA origami

technique, the hot spots can be further optimized, for instance,
by realizing more complex nanoparticle arrays such as trimers
of AuNPs.25 Furthermore, our DNA origami-based SERS
substrates can be developed into nanoscale SERS sensor chips
by incorporating capture sites for target biomolecules into the
hot spots. This can, for instance, be achieved by positioning a
single aptamer in the hot spot that can bind to a single target
protein.26 Because the SERS technique provides rich chemical
information, the combination of several target-specific DNA
origami nanosensors may thus enable the multiplexed
detection6 of a variety of different analyte molecules at a
single-molecule level.

■ EXPERIMENTAL METHODS
Triangular DNA origami were synthesized as previously
described27 from the M13mp18 viral scaffold (New England
Biolabs) using the original design by Rothemund.10 For the
binding of the AuNPs, three staple strands per AuNP (t-6s27f,
t-5s26e, t-4s27f, and t-1s6i, t1s6i, t1s8i in Rothemund’s original
notation) were extended on their 5′-end by the capture

Figure 4. SERS measurements using DNA origami-directed AuNP
dimers with a single TAMRA molecule placed in the hot spot. (a)
Illustration showing the functionalization of the DNA origami
substrate with a single TAMRA molecule in the center between two
AuNPs. (b) SERS spectra of TAMRA−DNA-coated 15 nm AuNPs
arranged on DNA origami substrates (red) and DNA origami
structures modified with a single TAMRA molecule placed in the
hot spot between two 25 nm AuNPs (the black spectrum is an average
of several spots, and the blue spectrum was obtained from a single
spot). In the blue and black SERS spectra, the TAMRA signal at 1647
cm−1 is still detectable. The other signals at 1589, 1275, and 1093
cm−1 are ascribed to the DNA surrounding the AuNPs, whereas the
weak band at 1451 cm−1 is due to the Si/SiO2 substrate. (c) AFM
image of the same spot from which the blue SERS spectrum was
obtained. Accordingly, a maximum of 17 isolated TAMRA molecules
contribute to the Raman signal in the blue spectrum. On the right, the
height profile of a AuNP dimer indicated by a blue line in the AFM
image is shown.

The Journal of Physical Chemistry Letters Letter

dx.doi.org/10.1021/jz402076b | J. Phys. Chem. Lett. 2013, 4, 4140−41454143

6 Manuscripts

64



sequence 5′-(AAT)8T4-3′. For the introduction of the three
TAMRA molecules, three staple strands located between the
capture sites (t-3s6e, t-2s7f, and t-1s6e) were modified to carry
a 5′ TAMRA modification. For the DNA origami with only one
TAMRA modification, only the modified staple strand t-1s6e
was used. All staple strands were purchased from Metabion.
DNA-coated AuNPs were prepared similar to the protocol of

Ding et al.12 Phosphinated AuNPs were coated with DNA in
0.5 × TAE with 50 mM NaCl (both from Sigma Aldrich) by
adding a 200-fold excess of 3′ disulfide-modified oligonucleo-
tides of the sequence 5′-(ATT)3T4-3′ (for 5 nm AuNPs) or 5′-
(ATT)8T4-3′ (for 15 nm AuNPs) (Metabion). The resulting
solution was left at room temperature for at least 80 h.
Unbound oligos were removed by spin filtering the AuNP
solution (50 μL + 200 μL of 1 × TAE with 10 mM MgCl2,
Sigma Aldrich) using Amicon Ultra-0.5 filters (100 kDa
MWCO, Millipore) for 10 min at 2400 g, followed by washing
with 300 μL of 1 × TAE-MgCl2. For TAMRA-modified 15 nm
AuNPs, oligonucleotides of the sequence 5′-(ATT)8T3X-SS-3′,
with X = TAMRA, have been used (Metabion).
A 2 μL aliquot of the DNA origami sample (concentration ≈

20 nM) was incubated for 1 h in 48 μL of 10 × TAE with 200
mM MgCl2 on epi-polished Si(100) substrates with native
oxide (1 × 1 cm2, cleaned in an O2 plasma). The substrates
were then washed with 10−15 mL of 1:1 H2O/ethanol and
dried in a stream of N2.
For hybridization of the adsorbed DNA origami with 5 nm

AuNPs, 20 μL of the AuNP solution (50−100 nM) was then
deposited on the substrate and incubated for 20 min at 21 °C.
Excess AuNPs were removed by dipping the substrate for 10 s
into Milli-Q water followed by drying in a stream of N2.
The hybridization of DNA-modified 15 nm AuNPs to the

DNA origami structures was performed in solution by
incubation of an equimolar mixture (concentration of AuNPs
and DNA origami ≈ 50 nM) for 7 h at 30 °C. Subsequently,
the DNA origami structures were deposited on Si(100)
substrates, as described above. The DNA-modified 15 nm
AuNPs without a DNA origami substrate were deposited on
Si(100) in the same way.
Electroless deposition was performed at 21 °C using

GoldEnhance LM/Blot from Nanoprobes. The four solutions
were mixed as suggested by the manufacturer and diluted 1:1 in
1 × TAE-MgCl2 buffer before applying 20 μL of the resulting
solution to the Si substrates with the adsorbed AuNP-decorated
DNA origami. The deposition time was varied between 30 and
100 s before washing the sample with 1 mL of Milli-Q water.
The size of the AuNPs was determined as a function of
deposition time from AFM images, and a constant growth rate
of 2.5 Å/s was obtained (see Figure S5, Supporting
Information). AFM imaging was performed in air using a
Bruker MultiMode 8 (Figures 1, 4, S1, and S5 (Supporting
Information)) and a Nanosurf FlexAFM (Figures 2 and S2
(Supporting Information)) scanning probe microscope oper-
ated in tapping mode.
SERS spectra have been recorded using a confocal Raman

microscope (WITec 300α) equipped with an upright optical
microscope. For Raman excitation, laser light at 532 nm was
used that was coupled into a single-mode optical fiber and
focused through a 100× objective (Olympus MPlanFL N, NA
= 0.9) to a diffraction-limited spot of about 1.3 μm2. The laser
power was set between 0.4 and 1 mW, and the integration time
was either 2 s (for TAMRA coated AuNPs, Figure 2) or 10 s
(for TAMRA bound to DNA origami structures; Figures 3 and

4). The coverage of DNA origami structures was chosen such
that about 10 DNA origami structures were located in the laser
focus area. The Raman spectra presented in Figures 2 (red) and
4 (red and black) are averages from different spots. The other
displayed Raman spectra were collected from a single spot and
correlated with AFM images using the following procedure: (i)
introduction of a macroscopic marker, namely, a scratch in the
Si samples, (ii) scanning of approximately the same 15 × 15
μm2 area close to the marker by AFM (1024 × 1024 pixels) and
confocal Raman microscopy (30 × 30 pixels), (iii)
identification of pronounced surface features in both images
that allow for an overlay of the images, and (iv) assignment of
individual Raman spectra to surface topography recorded by
AFM.
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6.1 Proof-of-principle

Supporting Information

“DNA Origami Substrates for Highly Sensitive Surface-Enhanced Raman
Scattering”

1. Methods

Preparation of DNA-coated AuNPs
DNA-coated AuNPs were prepared similar to the protocol of Ding et al. [1] First, 2 mg of
Bis(psulfonatophenyl) phenylphosphine dihydrate dipotassium salt (BSPP, Sigma Aldrich)
were added to 15 mL of the colloidal gold solution (5 nm and 15 nm diameter, citrate-
stabilized, BBInternational), covered with an aluminium foil and stirred slowly for 24 hours.
NaCl was then slowly added to the solution until the color changed from red to purple, at
which point the solution was centrifuged for 30 min at 500 g. The supernatant was gently
removed and 0.3 mL of 2.5 mM BSPP solution was added to re-suspend the particles, indicated
by another color change from black purple to dark red. After addition of 0.5 mL methanol
the solution was centrifuged another 30 min at 500 g. After removal of the supernatant, the
particles were re-suspended in 0.2 mL of 2.5 mM BSPP solution. The AuNPs were coated with
DNA in 0.5x TAE with 50 mM NaCl (both from Sigma Aldrich) by adding a 200-fold excess
of 3’ disulfide-modified oligonucleotides of the sequence 5’-(ATT)3T4-3’ (for 5 nm AuNPs), or
5’-(ATT)8T4-3’ (for 15 nm AuNPs), respectively (Metabion). The resulting solution was left
at room temperature for at least 80 hours. Unbound oligos were removed by spin filtering the
AuNP solution (50 µL + 200 µL of 1x TAE with 10 mM MgCl2, Sigma Aldrich) using Amicon
Ultra-0.5 filters (100 kDa MWCO, Millipore) for 10 min at 2400 g, followed by washing with
300 µL of 1x TAE-MgCl2. For TAMRA-modified 15 nm AuNPs, oligonucleotides of the
sequence 5’-(ATT)8T3X-SS-3’ with X = TAMRA have been used (Metabion).

AFM imaging
AFM imaging was performed in air using a Bruker MultiMode 8 (Figure 1, 4, S1, and S5) and
a Nanosurf FlexAFM (Figure 2 and S2) scanning probe microscope operated in tapping mode.
Soft tapping cantilevers Tap150Al-G from BudgetSensors with a force constant of nominally
5 N/m and a tip radius of < 10 nm have been used. The AFM images were obtained from
samples deposited on Si(100) (Figure 1, Figure 2b, and Figure 4) or mica (Figure 2c).

DDA simulations
DDA simulations have been performed using DDSCAT 7.2. [2,3] The number of dipoles
was kept rather constant for all simulations at about 28,000. The refractive index of the
environment was adjusted to 1.24 in order to reproduce the position of the plasmon resonance
of the DNA-coated AuNPs (520 nm) obtained from absorption measurements. The near-field
images (Figure 3) were obtained at an excitation wavelength of 532 nm with the polarization
being parallel to the dimer axis.

SEM imaging
SEM imaging was performed on a Zeiss Gemini Supra 40 instrument using 3 kV acceleration
voltage.
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2. Characterization of DNA origami - AuNP hybrids by AFM

Figure S1: AFM image of a DNA origami sample functionalized with two 5 nm AuNPs. The image
was used to characterize the center-to-center distance of AuNPs.

3. AFM image and Raman spectra of AuNPs covered with TAMRA modified
DNA

1.2µm

Figure S2: AFM image of AuNPs covered with TAMRA modified DNA deposited on a Si surface.
Single isolated AuNPs are visible, but also clusters of different size. On the top-right corner the
end of the scratch in the Si substrate is visible that is used to correlate AFM and confocal Raman
microscopy images. Correlated confocal Raman microscopy allows for an assignment of Raman spectra
to the isolated AuNPs and clusters. The indicated positions correspond to the Raman spectra shown
in Figure S3.

Figure S3: Raman spectra obtained from the positions indicated in the AFM image shown in Figure
S2. Single AuNPs show only a very weak signal originating from the strongest band from TAMRA.
The AuNP clusters show a significant fluorescence background and TAMRA specific Raman bands.
For larger clusters stronger signals from the surrounding DNA are obtained. The blue spectrum is
shifted vertically by 140 cts and the red spectrum is shifted vertically by 80 cts.
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4. SERS spectra on different substrates

Figure S4: SERS spectra of 15 nm AuNP dimers covered with TAMRA modified DNA and immo-
bilized on DNA origami triangles, which are adsorbed on two different substrates, quartz glass and
Si. Due to the strong signal on the quartz glass substrate an enhancement ascribed to image charges
present on Si can be excluded. Both spectra are baseline corrected and represent the sum of ten single
spectra.

5. AuNP growth rate

 

5. AuNP growth rate 

 

 
Figure S5. AuNP size as a function of deposition time as determined by AFM. 

 

6. Simulated absorbance spectra 

 
Figure S6. Simulated absorbance spectra of AuNP dimers with 25 nm distance in 

dependence of particle diameter. The spectra have been averaged over polarizations being 

parallel and perpendicular to the dimer axis. Note that no significant red shift of the plasmon 

Figure S5: AuNP size as a function of deposition time as determined by AFM.

6. Simulated absorbance spectra
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Figure S5. AuNP size as a function of deposition time as determined by AFM. 

 

6. Simulated absorbance spectra 

 
Figure S6. Simulated absorbance spectra of AuNP dimers with 25 nm distance in 

dependence of particle diameter. The spectra have been averaged over polarizations being 

parallel and perpendicular to the dimer axis. Note that no significant red shift of the plasmon 
Figure S6: Simulated absorbance spectra of AuNP dimers with 25 nm distance in dependence of
particle diameter. The spectra have been averaged over polarizations being parallel and perpendicular
to the dimer axis. Note that no significant red shift of the plasmon resonance at 520 nm is observed
with increasing AuNP diameter.
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7. Comparison of SERS intensity and electric field intensity

Figure S7: SERS signal intensity of the 1650 cm−1 band and electrical field intensity according to
DDA simulations (see Figure 3) plotted against AuNP diameter.

8. SERS spectrum of control sample (pure DNA)

Figure S8: SERS spectra of a control sample of DNA origami structures carrying two AuNPs but no
TAMRA modification were recorded (integration time 10 s). Most spectra do not show any detectable
SERS signal, but in some spectra SERS signals are detected that are due to the DNA surrounding
the AuNPs. A typical SERS spectrum with DNA background signals is shown here.
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DNA origami based Au–Ag-core–shell
nanoparticle dimers with single-molecule SERS
sensitivity†

J. Prinz,a C. Heck,a,b,c L. Ellerik,a V. Merkc and I. Bald*a,b

DNA origami nanostructures are a versatile tool to arrange metal nanostructures and other chemical enti-

ties with nanometer precision. In this way gold nanoparticle dimers with defined distance can be con-

structed, which can be exploited as novel substrates for surface enhanced Raman scattering (SERS). We

have optimized the size, composition and arrangement of Au/Ag nanoparticles to create intense SERS hot

spots, with Raman enhancement up to 1010, which is sufficient to detect single molecules by Raman scat-

tering. This is demonstrated using single dye molecules (TAMRA and Cy3) placed into the center of the

nanoparticle dimers. In conjunction with the DNA origami nanostructures novel SERS substrates are

created, which can in the future be applied to the SERS analysis of more complex biomolecular targets,

whose position and conformation within the SERS hot spot can be precisely controlled.

Introduction

The DNA origami technique introduced by Paul Rothemund in
20061 is a versatile tool that allows for the programmable
folding of DNA in various shapes and patterns. Since then, the
technique has extensively been applied in order to create for
instance three-dimensional structures such as 3D curved struc-
tures2 or structures with switchable conformations based on
DNA regulation.3 Recently, a new approach for the formation
of higher-order 3D objects via shape recognition and without
base pairing has been demonstrated.4 Since DNA origami tem-
plates can be easily modified in numerous ways this technique
is frequently used in the field of analytical science. Several
DNA origami based studies use atomic force microscopy (AFM)
for analytical applications e.g. for the detection of inorganic or
organic targets,5 to analyze enzymatic DNA repair activity6 or
to study DNA strand breaks.7,8 Furthermore, optical methods
such as fluorescence spectroscopy are widely used for the ana-

lysis of DNA origami templates e.g. to perform super-resolution
imaging9 or to study G-quadruplex folding.10

One of the main advantages of DNA origami templates is
the possibility of arranging functional units, e.g. gold nano-
particles (AuNPs), with nm precision, which makes it a pre-
destined technique for the study of plasmonic effects11,12 and
surface-enhanced spectroscopies.

Surface-enhanced spectroscopies are based on the enhance-
ment of the electromagnetic field close to metal nanoparticles
(NPs) upon excitation of their surface plasmon resonance. This
can result in enhanced optical signals such as fluorescence
and Raman scattering. Particularly high field enhancement
can be generated in the gap between adjacent NPs due to a
coupling of the individual surface plasmon resonances.13,14

Thus, to benefit from highest field enhancements it is
required to control the position of the AuNPs with respect to
the analyte molecules.

Depending on the distance to the plasmonic nanostructure
a fluorescent dye can be subject to fluorescence quenching15

or fluorescence enhancement.16 At close distance to the NP
surface analyte molecules can also be detected by surface-
enhanced Raman scattering (SERS).17–20 SERS is a particularly
interesting technique since the Raman signal can be enhanced
by many orders of magnitude, which renders the detection of
single molecules possible.21,22

Apart from using ultralow analyte concentrations different
approaches aiming at the detection of SERS from single mole-
cules have been developed. On the one hand, the bi-analyte
method has been introduced by Le Ru et al.,23 which is based
on the measurement of a mixture of two substances with dis-

†Electronic supplementary information (ESI) available: Additional information
about materials and methods, designs of DNA origami templates, height pro-
files, additional SERS spectra, assignment of DNA bands, SEM images,
additional AFM images, FDTD simulations, additional reference spectra for Cy3
and detailed description of EF estimation, simulated absorption and scattering
spectra. See DOI: 10.1039/c5nr08674d

aInstitute of Chemistry, University of Potsdam, Karl-Liebknecht-Str. 24-25, 14469

Potsdam, Germany. E-mail: bald@uni-potsdam.de
bBAM Federal Institute for Materials Research and Testing, Richard-Willstätter Str.

11, 12489 Berlin, Germany
cDepartment of Chemistry + SALSA, Humboldt-Universität zu Berlin, Brook-Taylor-

Str. 2, 12489 Berlin, Germany
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tinguishable SERS spectra. Subsequently, single-molecule
events have to be asserted by a statistical analysis. The bi-
analyte method has been improved by isotopic labelling of
dyes resulting in spectral shifts of certain SERS peaks.24 On
the other hand, dimers of Au–Ag-core–shell NPs with tailored
gap size have been used for single-molecule SERS. Suh et al.
presented gap-tailored Au–Ag core–shell nanodumbbells pro-
viding enhancement factors (EFs) of the order 1012 as well as
gold nanobridged nanogap particles generating EF values
between 108–109 for about 90% of the enhancing sites.25,26 In
both cases the gap sizes were in the range of 1 nm and the EFs
were high enough for the detection of single Cy3 dyes.

The use of DNA origami structures as scaffolds for SERS
active nanostructures is particularly attractive due to their ver-
satility with respect to further functionalization. Additionally,
the DNA origami technique represents a bottom-up approach,
which allows for the production of a large number of plasmo-
nic nanostructures at once. Such processes are much more
cost-effective than widely used top-down lithography
methods.27 Here, we present DNA–AuNP hybrids that are opti-
mized in various respects in order to increase the SERS sensi-
tivity to a single-molecule level. To the best of our knowledge,
this is the first study that combines the DNA origami tech-
nique with SERS to detect single molecules. Furthermore, we
have estimated EFs for selected nanostructures through direct
correlation of AFM and Raman images.

Here, we present structures based on triangular DNA
origami substrates that are functionalized with AuNP dimers.
The DNA origami substrates are folded during a hybridization
process between the M13mp18 ssDNA scaffold strand and 208
suitable ssDNA staple strands.1 By modification of certain
staple strands with a capture sequence that protrudes from the
DNA triangle anchor points for AuNPs are introduced (see
Experimental section for details). Fig. 1 illustrates the attach-
ment process of AuNP dimers to the DNA origami template.
Two different strategies (Fig. 1a and b) are pursued that differ
in terms of the positions of AuNPs as well as analyte molecules
(carboxytetramethylrhodamine (TAMRA), cyanine 3 (Cy3);

molecular structures shown in Fig. 1c). In both strategies the
attachment process is realized via DNA hybridization between
the ssDNA capture sequences (5′-(AAA)8T4-3′) and the ssDNA
coating strands (5′-(TTT)4T-SH-3′) covering the AuNPs. In strat-
egy (a) two 40 nm AuNPs are attached to one side of the DNA
origami template by three anchor points per particle resulting
in structure 1. In that case the AuNPs are covered with a
TAMRA-modified sequence (5′-(TTT)4TX-SH-3′; X = TAMRA)
and a non-TAMRA-modified thiolated DNA strand used as a
spacer to reduce the TAMRA concentration on the AuNP
surface. In contrast, in strategy (b) one single analyte molecule
(TAMRA or Cy3) is incorporated into the DNA origami template
by modification of one staple strand. In the following step two
60 nm AuNPs are attached to different sides of the DNA
origami template by four anchor points per particle resulting
in structure 3a (TAMRA) or 3b (Cy3). The different DNA–AuNP
hybrids (structures 1, 3a, 3b) are further modified by electro-
less silver deposition yielding DNA-Au–Ag-core–shell hybrids
(structures 2, 4a, 4b). For subsequent Raman and AFM studies
the hybrid structures are adsorbed on Si substrates.

Single-particle SERS measurements are performed by corre-
lation of AFM images and Raman maps as illustrated in Fig. 2.
For SERS experiments a confocal Raman microscope and a
532 nm excitation laser is used resulting in resonant excitation
of TAMRA or Cy3. AFM (Fig. 2, blue frame) and SERS images
(Fig. 2, red frame) are superimposed by means of a marker on
the Si surface. This approach allows for a direct assignment of
SERS signals to specific DNA–AuNP hybrid structures. In this
way the effect of NP structure modification on the SERS
enhancement is revealed.

In Fig. 3 correlated AFM images and SERS spectra for single
DNA origami substrates functionalized with a 40 nm AuNP
dimer covered with TAMRA-modified DNA (structure 1) are
shown. The maximum gap size of approximately 14 nm
between the two individual particles is estimated by consider-
ing the number of DNA bases located in the DNA origami
between the two center positions of the particles (see Fig. S1 in
the ESI† for details). Within the remaining structural flexibility

Fig. 1 Formation of AuNP dimers using DNA origami substrates. The attachment process is realized by DNA hybridization between ssDNA capture
strands protruding from the substrate and the complementary ssDNA coating of the AuNPs. (a) Two 40 nm AuNPs coated with the dye-modified
sequence 5’-(TTT)4TX-SH-3’ (X = TAMRA) are attached to one side of the DNA origami template resulting in structure 1 with an estimated gap size of
14 nm. Subsequent silver enhancement leads to Au–Ag-core–shell NPs with a decreased gap size (structure 2). (b) For single-molecule measure-
ments one dye molecule (either TAMRA or Cy3) is incorporated in the DNA origami template. The attachment of two 60 nm AuNPs to different sides
of the DNA origami ensures the position of the dye to be exactly in the hot spot (structures 3a, 3b). Subsequent addition of a silver layer results in
structures 4a or 4b. (c) Raman reporter molecules used in the present study with the covalent connection between dye and ssDNA marked in both
molecular structures. Structures 1, 2, 3a and 4a are functionalized with TAMRA whereas structures 3b and 4b contain a Cy3 modification.
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of the AuNPs connected to the DNA origami platforms the
AuNPs might approach each other slightly during the drying
process due to a temporarily increased salt concentration.
Thus, the minimal gap size is determined by the DNA coating
which is assumed to be 2.5 nm per AuNP. In Fig. 3a AFM
images of three individual and well-defined DNA–AuNP
hybrids (i, ii, iii) are presented (height profiles shown in
Fig. S2 (ESI†)). The corresponding SERS spectra are shown in

Fig. 3b (cyan spectra). In all three cases the most prominent
TAMRA band at 1652 cm−1 has been detected with an intensity
of approximately 5–10 cts (highlighted in grey). For compari-
son a reference spectrum obtained from single 60 nm AuNPs
covered with TAMRA-modified DNA is shown, which contains
the characteristic TAMRA bands at 1222, 1360, 1507, 1531,
1568, 1596 and 1652 cm−1 (black spectrum). Since single
40 nm AuNPs covered with TAMRA are found to give extremely
weak SERS signals (see Fig. S3 (ESI†)) under the presently
applied conditions we conclude that the detected signal for
structures i–iii mainly arises from TAMRA molecules located in
the hot spot formed in-between the two particles. To estimate
the number of TAMRA molecules that contribute to each of the
three SERS spectra we assume that one 40 nm AuNP is covered
with 430 oligonucleotides.28 Furthermore, half of the DNA
coating strands are modified with a TAMRA molecule and we
assume about 10% of all coating strands being located in the
hot spot. Therefore, a maximum of approximately 40 TAMRA
molecules contribute to each SERS spectrum (i–iii) presented
in Fig. 3b. It should be emphasized that among all correlated
hybrids with structure 1 only those revealing the strongest
SERS signals are presented. Thus, the dimers i–iii are expected
to have smaller gap sizes than 14 nm.

To further improve the Raman signal enhancement an
additional Ag layer is grown on the AuNPs which is expected to
result in an increase of the electromagnetic field enhancement
for two reasons: (a) Ag exhibits a better enhancement perform-
ance in the visible range of the electromagnetic spectrum,29

(b) the gap size between the two NPs is reduced upon the
silver shell growth. In order to compare the effect of the silver
shell, SERS and AFM data of selected nanostructures have
been collected before and after the silver enhancement process
(Fig. 4). In Fig. 4a an AFM image of one representative hybrid
structure with silver shell is shown. The DNA origami triangle
is most probably hidden beneath the Au–Ag core–shell struc-
ture in the AFM image. Since the vertical resolution in AFM
images is higher than the lateral resolution by a factor of up to
100 the shell thickness can be determined from the height
difference in the associated cross sections. The height profile
shown in Fig. 4b indicates a thickness of the silver shell of
approximately 10 nm in vertical direction (see height profiles
of analogue dimers without silver shell in Fig. S2 (ESI†) for
comparison). In Fig. 4c the corresponding SERS spectra are
shown demonstrating an overall increase of the SERS intensity
after electroless silver deposition (grey spectrum). In addition
to the bands at 1360 cm−1 and 1652 cm−1 two other character-
istic spectral features for TAMRA at 1507 cm−1 and 1531 cm−1

become visible (highlighted in grey). Principally, the effect of
photobleaching is observed upon consecutive laser exposures
under the here applied conditions. Therefore, the detected
SERS signals after silver deposition are expected to result even
from a smaller number of TAMRA molecules compared to the
initial measurement. Although this experiment demonstrates
an increase of the SERS intensity upon silver enhancement the
origin of the SERS signals in structure 2 is difficult to reveal
since the dye molecules are completely embedded in the silver

Fig. 2 Illustration of correlated AFM and SERS imaging. AFM and SERS
images are superimposed using a scratch on the Si as a marker in order
to correlate structural and chemical information. In this way SERS
signals can clearly be assigned to defined structures (the laser spot dia-
meter is approximately 1.3 μm). For better visualization the large scan-
size AFM image is shown in transparent colors.

Fig. 3 Single nanostructure correlations of 40 nm AuNP dimers
covered with TAMRA-modified ssDNA (structure 1). (a) AFM images of
three individual DNA–AuNP hybrids. (b) SERS spectra of the nano-
structures i–iii showing the most prominent TAMRA peak at 1652 cm−1

(cyan spectra). For comparison a reference spectrum containing charac-
teristic TAMRA bands at 1222, 1360, 1507, 1531, 1568, 1596 and
1652 cm−1 is shown (black spectrum). The number of TAMRA molecules
contributing to each of the spectra i–iii is estimated to be approximately
40. SERS experiments were performed with laser excitation at 532 nm,
laser power of 900–1000 µW and 2 s integration time.
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shell. This may lead to charge transfer processes between Ag
and the TAMRA molecules resulting in possible contributions
from chemical enhancement. Moreover, with regard to the
silver shell thickness of approximately 10 nm also DNA strands
from the AuNP coating as well as from the DNA origami tem-
plate might be embedded in the silver shell. Although the
Raman cross section for TAMRA is considerably higher than
the Raman cross sections for DNA for some hybrids clear SERS
bands arising from the DNA can be detected (see Fig. S4 and
Table S1 (ESI†) for an example). This observation is ascribed to
two effects: on the one hand, the number of individual DNA
bases incorporated in the silver shell is significantly higher in
comparison to the number of TAMRA molecules. On the other
hand, the two AuNPs are fused together upon silver shell
growth resulting in a rod-like plasmonic particle. This can also
be seen in scanning electron microscopy (SEM) images shown
in Fig. S5a.† Since metal rods are known to provide the
maximum electromagnetic enhancement at the particle tips30

new hot spots are created that provide better SERS enhance-
ment for the DNA located at the end of the tips than for the
embedded TAMRA molecules. Consequently, core–shell systems
with reduced silver shell thicknesses are necessary in order to
reduce the amount of embedded DNA in the shell as well as to
avoid the relocation of hot spots. To improve the control of the
shell size another silver enhancement kit (HQ silver, Nano-
probes) was used for subsequent experiments since it is charac-
terized by a thickening agent to retard the deposition rate.

To explore the suitability of DNA origami based SERS sub-
strates for the detection of single molecules the design was
optimized taking the following aspects into account (struc-
tures 3 and 4; strategy shown in Fig. 1b): first, placing the
single dye molecule with high accuracy in the hot spot is a
crucial condition since the EF decreases strongly within dis-
tances of a few nm away from the NP surface.31 This condition
is fulfilled by attaching the two individual AuNPs to opposite
sides of the DNA origami and placing the dye molecule into
the axis in between the AuNPs. Moreover, in this arrangement
the initial gap size is reduced to 7 nm (assuming 2 nm thick-
ness for the DNA origami template and 2 × 2.5 nm thickness
for the DNA coating surrounding the AuNPs). Second, finite-
difference time-domain (FDTD) calculations revealed that Au–
Ag-core–shell NP dimers (2.5 nm Ag shell and 2 nm gap size)
with 60 nm Au cores show a superior electromagnetic field
enhancement compared to 40 nm or 80 nm Au cores (see
Fig. 5c and S7 (ESI†)). Consequently, the initial size of the
AuNPs was increased to 60 nm and a thin Ag coating was
added, which further reduces the gap (see Fig. S5b and S5c†).
Third, an additional (-fourth) anchor point per AuNP was
introduced to the DNA origami template in order to reduce the
flexibility of the AuNP attachment position.

In Fig. 5a correlated Raman spectra and AFM images for
structure 4a (TAMRA as analyte molecule) are presented.
Initially, an experiment with two TAMRA molecules placed
into the gap has been performed (dimer i). In the corres-
ponding AFM image the triangular DNA origami is no longer
visible which is valid for all hybrids with structure 3 or 4. This
is due to the fact that the AuNP dimers are immobilized on
the Si surface, while the DNA triangle can no longer lie flatly
on the surface resulting in a twisted arrangement of the hybrid
structures (see AFM image of a corresponding dimeric struc-
ture with two 40 nm AuNPs in Fig. S6†). The corresponding
SERS spectrum for dimer i (light cyan spectrum) exhibits a
weak band at 1652 cm−1 (highlighted in grey) which originates
from a maximum of both TAMRA molecules located in the hot
spot. Furthermore, the same peak was detected for only one
TAMRA molecule incorporated in the DNA origami substrate
(dimer ii). Additionally, a second weak band that is assigned
to TAMRA is visible at 1507 cm−1 (also highlighted in grey).
These experiments demonstrate that the detection of TAMRA
at a single-molecule level is possible using the optimized
hybrid structure 4a. However, the use of TAMRA suffers from
very low SERS intensities (with signal-to-noise ratios of 3.6–6.3
for the strongest TAMRA signals) and the fact that the detec-
tion is mainly based on the presence of a single peak at
1652 cm−1.

In order to confirm the single-molecule detection of the
analyte molecule the same experiment was repeated with one
Cy3 molecule incorporated into the DNA–Au–Ag hybrid struc-
ture instead of TAMRA (structure 4b, Fig. 5b). The comparison
of both single-molecule SERS spectra reveals that most spectral
peak positions coincide for dimer iii and iv. All these bands at
1167, 1354, 1384, 1470, 1495 and 1588 cm−1 (highlighted in
grey) are also visible in the reference (black spectrum) and

Fig. 4 Comparison of correlated AFM images and SERS spectra before
and after the silver enhancement process. (a) AFM image of one selected
DNA–AuNP hybrid with silver shell (structure 2) after 3 min of incubation
(LI silver). (b) The height profile of the dimer shown in (a) indicates the
growth of the silver shell. (c) Corresponding SERS spectra of the dimer
shown in (a) before (cyan spectrum, 1) and after (grey spectrum, 2) elec-
troless silver deposition. Spectrum 1 exhibits only the two most charac-
teristic TAMRA bands at 1360 cm−1 and 1652 cm−1 (highlighted in grey).
In comparison to spectrum 1 the overall SERS intensity in spectrum 2 is
increased due to the silver shell. Furthermore, two additional spectral
features at 1507 cm−1 and 1531 cm−1 arising from the TAMRA dyes
become detectable for the core–shell system. SERS experiments were
performed with laser excitation at 532 nm, laser power of 900–1000 µW
and 2 s integration time.
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thus can be assigned to Cy3. Some spectral features matching
the reference spectrum are only present either in the SERS
spectrum of dimer iii or in the one for dimer iv (marked with
dashed lines). In the case of dimer iii (light blue spectrum) an
additional band at 1124 cm−1 as well as overlapping bands in
the range between 1270–1310 cm−1 have been detected, which
arise also from the Cy3 molecule. The band at 1553 cm−1 is
only visible as a shoulder in the reference spectrum. Another
reference spectrum for Cy3, which confirms the presence of
that band can be found in the ESI (Fig. S8†). In contrast, the
SERS spectrum for dimer iv (dark blue spectrum) reveals a
spectral feature at 1230 cm−1 arising from Cy3 that is only very
weakly present in the spectrum of dimer iii. The observed
differences between the recorded spectra (absence or presence
of certain bands as well as intensity ratios) are ascribed to
slight conformational variations in every individual structure.
On the one hand, the position of the dye relative to the axis of
the dimer is certainly different for every hybrid structure,
which might lead to preferential enhancement of specific
bands. On the other hand, the size ratio between Au core and
Ag shell slightly differs which has been reported to have an
effect on the plasmon coupling.32 The high background in the
SERS spectrum of dimer iv (Fig. 5b, dark blue line) which is
visible for some nanostructures is most likely caused by some
residues from the Ag enhancement solution. In summary, the
experiment shows that using Cy3 as analyte molecule gives a
clear evidence of single-molecule SERS for two reasons: (a) the

intensity of the SERS bands is considerably higher than for
TAMRA, (b) the detection of a single Cy3 molecule is based on
at least six bands (detected for both dimers iii and iv).

In order to find out whether single-molecule SERS sensi-
tivity can be expected for the structures 4a and 4b EFs have
been estimated, which are generally based on a comparison of
the SERS signal with that of the same molecule in normal
Raman conditions.31 Recording a normal Raman spectrum of
TAMRA and Cy3 at 532 nm is hampered by a strong fluo-
rescence background. Thus, the characterization of a reference
system with known EF is necessary. Since SERS spectra of a
single 60 nm AuNP covered with dye containing DNA
(sequence: 5′-(TTT)4TX-SH-3′; X = TAMRA or Cy3) show clear
bands with an acceptable signal-to-noise ratio this system was
chosen to serve as a reference, whose EF was reported pre-
viously.33 First, the number of dye molecules per NP has been
determined using a fluorescence based approach following the
protocol of Hurst et al.34 Second, the average SERS intensity
for a single AuNP has been determined by correlating AFM
and SERS data for approximately 15 TAMRA and 15 Cy3
labeled NPs. In the case of TAMRA the intensities of the band
at 1652 cm−1 have been averaged whereas for Cy3 the bands at
1470 cm−1 and at 1588 cm−1 serve as references. Third, the EF
for a single 60 nm AuNP was assumed to be 9 × 105 according
to Hong and Li.33 Relating the EF from the literature to the
reference system and in turn to all individual hybrids shown
in Fig. 5 reveals an estimated EF for every single dimer i–iv

Fig. 5 Experiments at the single-molecule level. (a) Correlated AFM and Raman study for structure 4a with two (dimer i) or only one (dimer ii)
TAMRA molecule incorporated. In both cases peaks arising from TAMRA have been detected (highlighted in grey). (b) Analogue experiment to (a) by
using a single Cy3 as analyte molecule (structure 4b). Several Cy3 bands are visible in the SERS spectra of both dimers iii and iv (highlighted in grey).
Additionally, the dotted lines mark spectral positions of Cy3 which can either be detected for dimer iii or dimer iv. SERS experiments were performed
with laser excitation at 532 nm, laser power of 400–500 µW and 10 s integration time. (c) FDTD calculations showing the distribution of the electro-
magnetic field enhancement that can be expected for a single 60 nm AuNP (top) as well as for a dimer consisting of two 60 nm AuNPs with a
2.5 nm silver shell (below). The dimer is separated by the 2 nm thick DNA origami template that is arranged concentrically in the simulation. For exci-
tation a 532 nm laser line is assumed.
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(see Fig. S9 and S10 (ESI†) for detailed information). All relevant
values used for the EF estimation are summarized in Table 1. It
turned out, that the EFs for the Cy3 containing systems (dimer
iii and iv) are of the order of 1010, that is one order of magni-
tude higher than the EFs for the systems with TAMRA (dimer i
and ii). This can be explained by a higher Raman cross section
of Cy3 in comparison to TAMRAwithin the hot spot.

In order to confirm the experimentally estimated EFs FDTD
simulations for a single 60 nm AuNP (Fig. 5c, top) as well as
for a 60 nm AuNP dimer (2.5 nm Ag shell, gap size 2 nm)
(Fig. 5c, below) have been performed assuming excitation with
532 nm. In the case of the dimer the area with EFs in the
range of 107 or higher is expanded over approximately 5 nm in
y direction reaching a maximal EF of 1010. Thus, the locali-
zation of a single dye molecule incorporated into the DNA
origami structure within the hot spot is highly probable. More-
over, the experimentally estimated EFs coincide with the simu-
lated ones. However, the EFs revealed by FDTD simulations are
only based on the electromagnetic enhancement and do not
consider additional effects such as the contribution due to
resonant excitation of the analyte which can result in an
increase of the intensity up to 5 orders of magnitude.35 On the
other hand, the simulation is based on the excitation with
light polarized along the dimer axis. Since in the experiment
non-polarized light was used the simulation overestimates this
contribution. Additionally, the experimentally estimated EFs
are based on the EF from ref. 33 which has been determined
using a 647 nm laser for excitation. Since the EF is directly cor-
related to the excitation wavelength the listed values only rep-
resent a first approximation. However, it should be noted that
for 532 nm excitation the electromagnetic field enhancement
is higher (see FDTD simulations in Fig. S11 (ESI†) for 647 nm
excitation) resulting in a total EF of a single 60 nm AuNP that
is about 10 times higher. Fig. S12† shows the simulated
absorption and scattering spectra of the Au–Ag core–shell

nanostructures, which exhibit maximum cross sections at
549 nm and 561 nm, respectively, corresponding roughly to
the excitation laser used in the current experiment (532 nm).

Experimental section
Synthesis of DNA origami structures

Triangular DNA origami structures (design published by
Rothemund1) were synthesized as previously described36 using
the M13mp18 virus strand (New England Biolabs) as scaffold.
For AuNP attachment either three (structures 1 and 2) or four
(structures 3a (4a), 3b (4b)) staple strands per AuNP were
extended at the 5′-end by the capture sequence 5′-(AAA)8T4-3′.
The positions of the capture strands were t-3s6e, t-3s8g, t-5s8g
(according to the nomenclature used by Rothemund) and
t5s6e, t5s8g, t7s8g (for structures 1 and 2) or t-1s6e, t1s6i,
t-1s8g, t1s8i and t-2s5f, t-2s7f, t2s5f, t2s7f (for structures 3a
(4a), 3b (4b)). For incorporation of one single TAMRA molecule
in the DNA origami design (structure 3a (4a)) a modified
capture strand t1s6i carrying a TAMRA functionality at the
3′-end was used. For the DNA origami with one Cy3 molecule
(structure 3b (4b)) the staple strand t-1s6i with a
Cy3 modification at the 5′-end was incorporated. Except of all
extended or dye-modified sequences (ordered from metabion)
all ssDNA staple strands were purchased from Integrated DNA
Technologies. The annealing process from 80 °C to 8 °C was
realized using a Primus 25 advanced thermal cycler (Peqlab).
In order to remove excess staple strands the resulting DNA
origami solution (approx. 35 µL volume) was spin filtered two
times at 3830 g for 10 min using Amicon Ultra-0.5 filters
(100 kDa MWCO, Millipore). In the first run 200 µL (in the
second run 300 µL) of 1× TAE with 10 mM MgCl2 were added
to the DNA origami solution. The final concentration of the
DNA origami structures was determined via UV-Vis absorption

Table 1 Experimentally obtained data from SERS and fluorescence measurements used for the estimation of EFs

TAMRA

System I (1652 cm−1)/cts Nr. TAMRA/system I (1652 cm−1)/cts (per TAMRA) EF

60 nm AuNP [TAMRA] (reference) 28 4805 ± 556 5.83 × 10−3 9 × 105 a

Dimer i 3 2 1.5 2 × 108

Dimer ii 3 1 3.0 5 × 108

Cy3

System I (1470 cm−1)/cts Nr. Cy3/system I (1470 cm−1)/cts (per Cy3) EF

60 nm AuNP [Cy3] (reference) 30 3745 ± 672 8.01 × 10−3 9 × 105 a

Dimer iii 119 1 119 1 × 1010

Dimer iv 130 1 130 1 × 1010

System I (1588 cm−1)/cts Nr. Cy3/system I (1588 cm−1)/cts (per Cy3) EF

60 nm AuNP [Cy3] (reference) 40 3745 ± 672 1.07 × 10−2 9 × 105 a

Dimer iii 30 1 30 3 × 109

Dimer iv 65 1 60 5 × 109

a Reference EFs adopted from ref. 33.
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spectroscopy (NanoDrop 2000, Thermo Scientific) to be in the
range of 25–60 nM.

DNA-coating of AuNPs

Citrate-capped AuNPs with a size of 40 nm or 60 nm were pur-
chased from BBI Solutions. 40 nm AuNPs were modified
similar to the protocol of Ding et al.37 whereas 60 nm AuNPs
were coated following the protocol of Zhang et al.38 with slight
modifications concerning concentrations, reaction times and
the use of 0.02% sodium dodecyl sulfate (SDS, Sigma Aldrich)
as an additional stabilizing agent (see the ESI† for complete
coating procedures). Finally, the concentration of as-prepared
AuNPs was quantified by measuring the absorbance at 527 nm
(for 40 nm AuNPs) or 538 nm (for 60 nm AuNPs) (NanoDrop
2000, Thermo Scientific). Related molar extinction coefficients
have been calculated to be 1.03 × 1010 M cm−1 (40 nm AuNPs)
or 3.96 × 1010 M cm−1 (60 nm AuNPs) using the equation
suggested by Liu et al.39

DNA hybridization

The hybridization process between ssDNA capture strands pro-
truding from the DNA origami template and ssDNA coating
strands located at the surface of the AuNPs was realized in
solution with a synthesis scale of 10 µL. Therefore, the DNA
origami solution and the AuNP solution were mixed in a ratio
of 1 : 1 (approx. 0.4 nM). Additionally, 1× TAE buffer was added
and the final concentration of MgCl2 was set to 10 mM. Using
the Thermocycler a temperature program was applied to the
mixture keeping the solution at 45 °C for 41 min and after-
wards cooling down to 25 °C in steps of 2 °C within 20 min.

Preparation of Si substrates

Si samples (p-type, (100), CrysTec) were cut into pieces (1 ×
1 cm2 in size), then rinsed with 4 mL ethanol (pure, Sigma
Aldrich) and with 4 mL Milli-Q-water and finally dried in a
stream of compressed air. Next, the Si samples were put under
a UV lamp (λ = 254 nm; Vilber Lourmat) for 10 min to increase
the hydrophilicity of the surface. A 0.4–1.0 µL drop of the
DNA–AuNP solution was applied on a Si sample followed by
the addition of 40 µL of 10× TAE with 100 mM MgCl2. During
the incubation time of 60 min Si samples were stored in a box
with high humidity in order to prevent the drop from drying.
Finally, the substrates were rinsed with 4 mL of 1 : 1 Milli-Q-
water/ethanol (pure) and dried with compressed air.

Electroless silver deposition

For electroless silver deposition commercial enhancement kits
from Nanoprobes were used (LI Silver (structure 2) and HQ
silver (structures 4a, 4b)). As recommended by the manufac-
turer the enhancement processes were performed at room
temperature and under darkened light conditions. The either
two (LI silver) or three (HQ silver) solutions were mixed care-
fully in ratios of 1 : 1 or 1 : 1 : 1 and subsequently 20 µL of the
mixture were applied to the DNA–AuNP hybrids adsorbed on
Si wafers. After 3 min (LI silver) or 60 s (HQ silver) of depo-
sition time the wafers were rinsed and quickly dipped in Milli-

Q-water and dried with compressed air. For single-molecule
SERS measurements HQ silver was used since it is character-
ized by a thickening agent to retard the deposition rate and
thus to increase the control over the shell size.

Superposition of AFM and SERS images

In order to enable the superposition of recorded AFM and
SERS images a small part of the Si wafer was marked with a
slight scratch using a diamond knife. Subsequent AFM and
SERS experiments were performed by mapping an area of 20 ×
20 µm2 including a part of the scratch.

AFM imaging

AFM imaging was performed using a Nanosurf FlexAFM with
two compatible scan heads either for large-area imaging up to
100 μm2 (Fig. 2) or for higher resolution (Fig. 2–5). In both
cases Tap150Al-G cantilevers (Budget Sensors) with a force
constant of 5 N m−1 operating in tapping mode have been
used. For AFM data visualization and analysis the software
Gwyddion 2.34 (freeware) was used.

Raman imaging

SERS imaging was performed with a confocal Raman micro-
scope (WITec alpha300) equipped with an upright optical micro-
scope. For excitation a 532 nm laser was used that was coupled
into a single-mode optical fiber and focused through a 100×
objective (Olympus MPlanFL N, NA = 0.9) to a diffraction-
limited spot (1.3 µm2) on the Si sample. Due to the size of the
laser spot only NP structures without any other potential SERS
active NPs in the vicinity of 0.65 µm radius have been analyzed.
The laser power and the integration time were set to
900–1000 µW and 2 s for dye-covered AuNPs (structures 1, 2) or
to 400–500 µW and 10 s in the case of single-molecule
measurements (structures 4a, 4b). The grating of the spectro-
graph was set to 600 g mm−1. For better visualization SERS
spectra are vertically shifted in all diagrams presenting more
than one spectrum.

Determination of AuNPs surface coverage

The surface coverage of the AuNPs with dye-modified DNA was
determined following the protocol of Hurst et al.34 First, the
concentration of AuNPs was quantified by UV-Vis absorption
spectroscopy. In order to remove all DNA coating strands from
the AuNP surface 10 µL of the AuNPs stock solution were incu-
bated overnight with 10 µL of 1 M dithiothreitol (DTT, Sigma
Aldrich) in 1× TAE with 10 mM MgCl2 [2× dilution]. The gold
precipitate was removed by centrifugation at 5000g for 4 min.
Subsequently, 17 µL of the supernatant were mixed with
493 µL of 1× TAE with 10 mM MgCl2 [30× dilution]. The fluo-
rescence of the diluted supernatant containing the dye-modi-
fied DNA was measured in triplicate and compared to a
calibration curve (see Fig. S10 of the ESI†). Fluorescence
measurements were performed using a FluoroMax-P (Horiba
Jobin Yvon). In the case of TAMRA the excitation wavelength
was set to 535 nm and the emission was recorded from
550 nm to 750 nm. Cy3 was excited at 500 nm and the emis-
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sion was collected from 520 nm to 700 nm. For both fluoro-
phores an integration time of 0.2 s was used and the slit size
was set to 5.0 nm.

FDTD simulations

FDTD simulations have been performed using Lumerical
FDTD Solutions 8.6.3. The thicknesses of individual layers
were modelled as follows: 2.0 nm DNA origami template,
2.5 nm ssDNA coating of the AuNPs, 2.5 nm silver shell and
2.0 nm SiO2 substrate on a Si base. For all simulated nano-
structures excitation with 532 nm was assumed. In the case of
the dimeric structures the hybrids are illuminated with polari-
zation along the axis of the dimer. All simulations are shown
in equatorial plane of the particles. For the refractive indices
the following values were used: 2.1 for DNA origami,18 1.7 for
ssDNA coating,18 Au and Ag (Johnson and Christy40), silicon
and SiO2 (Palik41), 1.0 for the surrounding medium. For the
calculated absorption and scattering spectra (ESI, Fig. S12†)
the Ag shell was modelled using the dielectric constant accord-
ing to Weast.42

SEM imaging

SEM images have been recorded under high vacuum con-
ditions with a Quanta250 (FEI) using an ETD detector in SE
mode. The accelerating voltage was set to 30 kV and a spot size
of 2.0 nm was used.

Conclusion

In summary, we have demonstrated SERS from Au–Ag-core–
shell NPs arranged on DNA origami substrates. A stepwise
optimization strategy in terms of the AuNP size and their
arrangement as well as the introduction of a silver shell has
been presented in order to increase the SERS sensitivity pro-
vided by the hybrid structures. Finally, single molecules of
TAMRA and Cy3 positioned in the hot spot have been success-
fully detected using the optimized Au–Ag-core–shell dimers.
Moreover, the SERS sensitivity has been quantified by esti-
mation of EFs for selected hybrid structures revealing values in
the range between 109–1010 for Cy3, which is one order of mag-
nitude higher in comparison to TAMRA. The experimentally
estimated EFs were found to be in good agreement with
theoretical values provided by FDTD simulations.

The novel SERS substrates presented here are highly prom-
ising for biosensing applications. For instance, single proteins
or DNA strands can be placed in the hot spot with high local
precision in order to investigate e.g. protein folding43 or DNA
strand break events. Furthermore, the plasmon resonance of
the Au–Ag-core–shell NPs can be easily tuned by adjusting the
size ratio between core and shell32 which enables the creation
of tailored nanostructures for individual applications. Extend-
ing the dimeric structures by an additional NP might result in
even higher EFs, especially in the case of so called nanolenses
consisting of three differently sized AuNPs with specific size
ratios.44,45 Consequently, single-molecules with much lower

Raman cross-sections might become detectable using DNA–NP
hybrid structures in the future.
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Electronic Supplementary Information (ESI)

“DNA origami based Au-Ag-core-shell nanoparticle dimers with single-molecule
SERS sensitivity”

1. Coating procedure of AuNPs

Salt aging method
First, 5 mg of Bis(p-sulfonatophenyl)phenylphosphine dehydrate dipotassium salt (BSPP,
Sigma Aldrich) were added to 15 mL of 40 nm citrate-stabilized AuNPs, covered with alu-
minium foil and stirred for 24 h. Next, NaCl was added to the solution until a change of color
from red to purple was visible. The solution was centrifuged at 500 g for 35 min, the super-
natant was discarded and 0.3 mL of 2.5 mM BSPP solution were added. The re-suspension
of the AuNPs was indicated by a change of color back to red. Subsequently, 0.5 mL methanol
(Sigma Aldrich) were added resulting in a third change of color to black. The solution was cen-
trifuged at 500 g for 35 min, the supernatant was removed and AuNPs were re-suspended in
0.2 mL 2.5 mM BSPP solution. For the DNA coating process a 64000-fold excess of disulfide-
modified DNA strands over AuNPs was used 13 µL of phosphinated AuNPs were mixed
with 11.5 µL TAMRA-containing ssDNA (5’-(TTT)4TX-SH-3’ ; X = TAMRA; 100 µM) and
11.5 µL of the analogue ssDNA strand without TAMRA (5’-(TTT)4T-SH-3’; 100 µM). Fur-
thermore, 2.9 µL of 10x TAE was added and the mixture was allowed to stir overnight. The
following salt aging process was realized over a long period of 7 days in order to prevent the
AuNPs from precipitation. During that time volumes between 0.5–2.0 µL of a 2 M NaCl
solution were stepwise added to the AuNP solution resulting in a final NaCl concentration
of 360 mM. After each step, the mixture was sonicated for 20 s and stirred until the next
salt addition. Excess DNA strands were removed by spin filtering (58.4 µL of AuNP solution
+ 200 µL of 1x TAE with 10 mM MgCl2) using Amicon Ultra-0.5 filters (100 kDa MWCO,
Millipore) at 3830 g for 10 min. The following washing process with 200 µL of 1x TAE with
10 mM MgCl2 at 3830 g for 10 min was performed 4 times. After the last washing step no
signals arising from unbound DNA strands were detected via UV-Vis spectroscopy anymore.

pH method
First, the stock solution of 60 nm AuNPs was concentrated by centrifuging 0.4 mL of citrate-
stabilized AuNPs at 1000 g for 10 min. The supernatant was gently removed and 4 µL of
0.2% SDS were added to 20 µL of the concentrated AuNPs (1–2 nM). Next, 1.8 µL of the
ssDNA coating strands (sequence 5’-(TTT)4T-SH-3’; 100 µM) was added. The mixture was
covered with aluminium foil and stirred for at least 30 min. Then, 8 µL of 50 mM citrate
buffer (pH 3) were added in steps of 1–2 µL over a period of 2 h. After addition of 6.4 µL
of Milli-Q-water the mixture was stirred for at least 60 min. A total volume of 5 µL NaCl
solution (2.5 M) was added in steps of 1 µL within 2 h and afterwards the mixture was
allowed to stir overnight. The AuNPs solution was centrifuged at 1500 g for 7 min and the
supernatant was discarded. In order to remove unbound coating strands the mixture was
washed 5 times by adding 200 µL of 1x TAE with 0.02% SDS and 10 mM MgCl2, spinning
at 1500 g for 7 min and discarding the supernatant.
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200 µL of 1x TAE with 0.02 % SDS and 10 mM MgCl2, spinning at 1500 g for 7 min and discarding the 

supernatant. 

2. Designs of the DNA origami triangles
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4

Figure S1. Designs of DNA origami triangles (according to the nomenclature used by Rothemund1. The 
first design (a) was used for the attachment of two 40 nm AuNPs to one side of the DNA origami 
template (strategy a in Figure 1), the second design (b) for the attachment of two 60 nm AuNPs to 
different sides (strategy b Figure 1). The positions of capture strands are marked in grey and violet; the 
position for the dye molecule is marked in green.

Figure S1: Designs of DNA origami triangles (according to the nomenclature used by Rothemund
[1]). The first design (a) was used for the attachment of two 40 nm AuNPs to one side of the DNA
origami template (strategy a in Figure 1), the second design (b) for the attachment of two 60 nm
AuNPs to different sides (strategy b Figure 1). The positions of capture strands are marked in grey
and violet; the position for the dye molecule is marked in green.

3. Height profiles for dimers

5

3. Height profiles for dimers 

Figure S2. Height profiles for dimers i,ii and iii shown in Figure 3 (structure 1).

4. SERS spectrum for single 40 nm AuNPs covered with TAMRA-modified DNA

Figure S3. Comparison of SERS spectra for a dimeric structure (structure 1, dimer i) and two single          
40 nm AuNPs (corresponding AFM image shown on the right) covered with TAMRA-modified DNA. 
Single AuNPs only give negligibly weak SERS signals at 1360 and 1652 cm-1.

Figure S2: Height profiles for dimers i, ii and iii shown in Figure 3 (structure 1).
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4. SERS spectrum for single 40 nm AuNPs covered with TAMRA-modified DNA
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3. Height profiles for dimers 

Figure S2. Height profiles for dimers i,ii and iii shown in Figure 3 (structure 1).

4. SERS spectrum for single 40 nm AuNPs covered with TAMRA-modified DNA

Figure S3. Comparison of SERS spectra for a dimeric structure (structure 1, dimer i) and two single          
40 nm AuNPs (corresponding AFM image shown on the right) covered with TAMRA-modified DNA. 
Single AuNPs only give negligibly weak SERS signals at 1360 and 1652 cm-1.

Figure S3: Comparison of SERS spectra for a dimeric structure (structure 1, dimer i) and two single
40 nm AuNPs (corresponding AFM image shown on the right) covered with TAMRA-modified DNA.
Single AuNPs only give negligibly weak SERS signals at 1360 and 1652 cm−1.

5. Assignment of additional DNA bands

6

5. Assignment of additional DNA bands

Figure S4. Example of a hybrid structure revealing DNA bands in the SERS spectrum upon electroless 
silver deposition. (a) AFM images of the selected DNA-AuNP hybrid without (structure 1) and with 
(structure 2) silver shell after 3 min of incubation (LI silver). (b) The height profiles of the two dimers 
shown in a) indicate the growth of the silver shell. (c) Corresponding SERS spectra of the dimers shown 
in a) before (cyan spectrum, 1) and after (grey spectrum, 2) electroless silver deposition. Spectral 
positions of TAMRA are highlighted in grey whereas bands arising from DNA are indicated by red dotted 
lines. In the corresponding Table S1 the assignment of all bands to certain DNA bases is summarized.

Table S1. Assigment of DNA bands visible 
in the SERS spectrum of Figure S4 (red 
dotted lines).

Raman shift / cm-1 DNA base

1188 T2 T = thymine
1269 T, A2 A = adenine
1330 – 1365 T, A, G, C2 G = guanine
1430 – 1455 T, A, G2 C = cytosine
1486 A3

1564 T2

1652 T2

Figure S4: Example of a hybrid structure revealing DNA bands in the SERS spectrum upon elec-
troless silver deposition. (a) AFM images of the selected DNA-AuNP hybrid without (structure 1)
and with (structure 2) silver shell after 3 min of incubation (LI silver). (b) The height profiles of
the two dimers shown in a) indicate the growth of the silver shell. (c) Corresponding SERS spectra
of the dimers shown in a) before (cyan spectrum, 1) and after (grey spectrum, 2) electroless silver
deposition. Spectral positions of TAMRA are highlighted in grey whereas bands arising from DNA
are indicated by red dotted lines. In the corresponding Table S1 the assignment of all bands to certain
DNA bases is summarized.
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Table S1: Assigment of DNA bands visible in the SERS spectrum of Figure S4 (red dotted lines).

Raman shift / cm−1 DNA base

1188 T [2] T = thymine
1269 T, A [2] A = adenine
1330− 1365 T, A, G, C [2] G = guanine
1430− 1455 T, A, G [2] C = cytosine
1486 A [3]
1564 T [2]
1652 T [2]

6. SEM images
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Figure S5: Scanning electron microscopy (SEM) images of representative DNA-origami-AuNP-
hybrids with different structures. (a) SEM images of hybrids functionalized with two 40 nm AuNPs
on one side of the DNA origami (structure 2) confirm that the two individual AuNPs are fused to-
gether upon electroless silver deposition resulting in gapless structures. (b,c) For hybrids of structure
3a(3b) an average gap size of 3.6 nm has been determined. Due to the silver enhancement process
the analogue Au-Ag-core-shell-hybrids 4a(4b) reveal a reduced average gap size of 2.4 nm.
Scale bars = 50 nm.

7. AFM images of DNA origami substrates with two 40 nm AuNPs on different
sides

7

6. SEM images

Figure S5. Scanning electron microscopy (SEM) images of representative DNA-origami-AuNP-hybrids 
with different structures. (a) SEM images of hybrids functionalized with two 40 nm AuNPs on one side 
of the DNA origami (structure 2) confirm that the two individual AuNPs are fused together upon 
electroless silver deposition resulting in gapless structures. (b,c) For hybrids of structure 3a(3b) an 
average gap size of 3.6 nm has been determined. Due to the silver enhancement process the analogue 
Au-Ag-core-shell-hybrids (4a(4b)) reveal a reduced average gap size of 2.4 nm. Scale bars = 50 nm.

7. AFM images of DNA origami substrates with two 40 nm AuNPs on different sides

    

Figure S6.  AFM images of DNA origami triangles functionalized with two 40 nm AuNPs on different 
sides before (left) and after the silver enhancement process (right). In both cases the DNA origami 
substrates are clearly visible which is not the case for the analogue structures functionalized with two 
60 nm AuNPs (see Figure 5 for comparison).

Figure S6: AFM images of DNA origami triangles functionalized with two 40 nm AuNPs on different
sides before (left) and after the silver enhancement process (right). In both cases the DNA origami
substrates are clearly visible which is not the case for the analogue structures functionalized with two
60 nm AuNPs (see Figure 5 for comparison).
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8. FDTD simulations

40 nm
DNA

40 nm
Ag

60 nm
DNA

60 nm
Ag

80 nm
DNA

80 nm
Ag

Figure S7: FDTD simulations for 40 nm (first row), 60 nm (second row) and 80 nm AuNP dimers
(third row) attached to different sides of the DNA origami template ((Figure 1b), structures 3,4). All
dimers are separated by the DNA origami template (2.0 nm thickness) which is arranged concentrically
in the simulations. For the simulations a 2.5 nm DNA coating (bare Au cores; left column) or a
2.5 nm Ag shell (Au-Ag-core-shell NPs; right column) is assumed. For all individual Au core sizes
a significant increase of the electromagnetic field enhancement is observed upon electroless silver
deposition. Comparing all simulations reveals that highest electromagnetic field enhancements can be
expected for 60 nm AuNP dimers covered with a silver shell (second row, right column).
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9. Reference spectra for Cy3
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(Au-Ag-core-shell NPs; right column) is assumed. For all individual Au core sizes a significant increase 
of the electromagnetic field enhancement is observed upon electroless silver deposition. Comparing all 
simulations reveals that highest electromagnetic field enhancements can be expected for 60 nm AuNP 
dimers covered with a silver shell (second row, right column).

9. Reference spectra for Cy3

 

Figure S8. Two different SERS spectra serving as a reference for Cy3. The peak at 1553 cm-1 (red arrow) 
which is only visible as a shoulder for reference I (black spectrum) is clearly detected for reference II 
(grey spectrum).

10. Data for EF estimation

Figure S8: Two different SERS spectra serving as a reference for Cy3. The peak at 1553 cm−1

(red arrow) which is only visible as a shoulder for reference I (black spectrum) is clearly detected for
reference II (grey spectrum).

10. Data for EF estimation

10

Figure S9. Background corrected average SERS spectra of approximately 15 single 60 nm AuNPs 
covered with dye-modified ssDNA (5’-(TTT)4TX-SH-3’; X = TAMRA (left), X = Cy3 (right)). SERS 
experiments were perfoFrmed using the same parameters as for the dimers in Figure 5. The SERS 
intensity of the highlighted bands were used for the experimental estimation of EFs (see Table 1).

Figure S10. Calibration curves to determine the 
number of dye-modified DNA strands (5’-(TTT)4TX-SH-3’) per 60 nm AuNP for X = TAMRA (left) and X = 
Cy3 (right) in order to estimate EFs for selected structures (see Table 1). The method was adopted from 
Hurst et al.4. 

Figure S9: Background corrected average SERS spectra of approximately 15 single 60 nm AuNPs
covered with dye-modified ssDNA (5’-(TTT)4TX-SH-3’; X = TAMRA (left), X = Cy3 (right)). SERS
experiments were performed using the same parameters as for the dimers in Figure 5. The SERS
intensity of the highlighted bands were used for the experimental estimation of EFs (see Table 1).

Figure S10: Calibration curves to determine the number of dye-modified DNA strands (5’-
(TTT)4TX-SH-3’) per 60 nm AuNP for X = TAMRA (left) and X = Cy3 (right) in order to estimate
EFs for selected structures (see Table 1). The method was adopted from Hurst et al. [4].
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11. Comparison of FDTD simulations for different excitation wavelengths
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11. Comparison of FDTD simulations for different excitation wavelengths

Figure S11. Comparison of FDTD calculations for a single 60 nm AuNP using a 532 nm (a) or a 647 nm 
(b) laser for excitation. The maximum electromagnetic field that can be expected is approximately 10 
times higher for excitation with 532 nm. 

12. Calculated absorption and scattering spectra

a b
532 nm 647 nm

Figure S11: Comparison of FDTD calculations for a single 60 nm AuNP using a 532 nm (a) or a
647 nm (b) laser for excitation. The maximum electromagnetic field that can be expected is approxi-
mately 10 times higher for excitation with 532 nm.

12. Calculated absorption and scattering spectra

Figure S12: Calculated absorption (left) and scattering (right) spectra for dimeric Au-Ag-core-shell-
structures (60 nm Au core, 2.5 nm silver shell) separated by a gap of 2.0 nm. Calculations reveal a
maximum absorption cross-section at 549 nm and a maximum scattering cross-section at 561 nm.
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nanostructures by graphene encapsulation”
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Abstract
Wedemonstrate that a single-layer graphene replicates the shape ofDNAorigami nanostructures very
well. It can be employed as a protective layer for the enhancement of structural stability ofDNA
origami nanostructures. Using theAFMbasedmanipulation, we show that the normal force required
to damage graphene encapsulatedDNAorigami nanostructures is over an order ofmagnitude greater
than for the unprotected ones. In addition, we show that graphene encapsulation offers protection to
theDNAorigami nanostructures against prolonged exposure to deionizedwater, andmultiple
immersions. Through these results we demonstrate that graphene encapsulatedDNAorigami
nanostructures are strong enough to sustain various solution phase processing, lithography and
transfer steps, thus extending the limits ofDNA-mediated bottom-up fabrication.

1. Introduction

Artificial deoxyribonucleic acid (DNA)macromolecules offer highly controllable bottom-up fabrication of
various nanostructures. Since the first demonstration ofDNA folding and thewide variety of structures and
patterns that can be created at nanoscale [1], many 2D and 3DDNAorigami nanostructures were fabricated
using thismethod [2–4]. These structures often serve as substrates [5], offering a solution-based self-assembly
with nanometer precision geometries. DNAnanostructures have been used as scaffolds for assembly ofmetallic
nanoparticles [6–8], for routing polymers [9], surface-enhanced Raman scattering [10], as positive and negative
masks forDNAnano-lithography [11–14], and even graphene patterning [15].

However, the delicate nature ofDNAorigami nanostructures constrains their applicability in bottom-up
fabrication [16]. In particular anymechanical wear or solution phase processing could damage these
nanostructures [7, 17, 18]. Thus enhancing the structural stability ofDNAorigami nanostructures is crucial for
expanding thefield of bottom-up nanofabrication.

On the other hand, graphene, a single atomic layer of crystal graphite, with its peerlessmechanical properties
can offer a solution to this issue. Youngsmodulus of graphene is aboutfive times greater than of the bulk steel
[19, 20], while at the same time graphene can be folded by 180° over less than one nanometer in length, without
breaking its in-plane bonds. The crystal lattice of graphene (and graphite) is so densely packed that it is
impermeable to any gases, evenH2 [21]. Also, graphene has low friction coefficient [22], and has been employed
as a protective coating for friction reduction [23–27], wear protection [28, 29] and as corrosion barriers [30].

Recently, graphene has been employed to encapsulate objects such as single yeast cells [31], bacteria [32],
watermolecules [33–42],fluorescent films [43], single-strandedDNAandDNAnanostructures [44, 45]. It was
demonstrated that graphene replicates the topography of theDNAmolecules [44, 45]. Also, the directed
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deposition ofDNA rectangles onto lithography patterned strips of nitrogen-doped reduced graphene oxidewas
demonstrated [46].

In this studywe focus on enhancing the structural stability ofDNAorigami nanostructures by graphene
encapsulation. For this purpose triangular DNAorigami nanostructures are deposited onto silicon substrates
and encapsulated by single layer exfoliated graphene. Themorphology ofDNAorigami nanostructures is very
well transferred to the graphene, having even the inner triangle clearly resolved by atomic forcemicroscopy
(AFM). The samples are tested for their structural stability usingAFMbasedmanipulation and aqueous solution
exposure. The forces required to damage bare and graphene encapsulated nanostructures are compared, and the
effects of cumulative damage introduced by successivemanipulations are investigated. In addition, stability of
graphene encapsulatedDNAorigami nanostructures is tested against prolonged exposure to deionizedwater
(DIH2O).

2.Materials andmethods

2.1.DNAorigami synthesis
TriangularDNAorigami nanostructures were synthesized according to amodified version of Rothemund’s
method (schematically represented in figures 1(a) and (b)) [1]. Therefore, theM13mp18 virus strand (5 nM,
NewEngland Biolabs) serving as scaffold and 208 short staple strands (IntegratedDNATechnologies)were
mixed in amolar ratio of 1:30 in 1×TAE (SigmaAldrich)with 10 mMMgCl2 (total volume 100 μl). Themixture
was annealed by gradually decreasing the temperature from80 °C to 8 °Cwithin 1 h 48 min using a Primus 25
advanced thermal cycler (Peqlab). Excess staple strands were removed by spin filtering the resultingDNA
origami solution two times at 3830 g for 10 min usingAmiconUltra-0.5filters (100 kDaMWCO,Millipore)
after the addition of 200 μl (first run) or 300 μl (second run) of 1×TAEwith 10 mMMgCl2.

2.2.DNAorigami deposition
After preparation, triangularDNAorigami nanostructures were deposited onto∼1×1 cm2 silicon substrates
coveredwith 80 nm thick dry thermal oxide (SiO2/Si). Due to the interference of the light within the oxide layer,
optical contrast of the graphene is enhanced and enables good visibility of graphene using opticalmicroscopy,
which is essential for the identification [47].

Before the deposition ofDNAorigami nanostructures, the substrates were cleaned and prepared by 5 min
treatment inNovascan’s ozone cleaner. Subsequently, drops of 0.5 μl of DNAorigami solutionwere deposited
on each substrate and coveredwith 10 μl of 10×TAEwith 10 mMofMgCl2. After one hour of incubation period
in thewater-saturated environment, the samples were rinsed in 1:1water-ethanol solution to clean excess of
material and driedwith an argon gun (flow∼10 l min−1). As a result DNAorigami nanostructures covered the
entire substrates with an averaged density of twenty triangular nanostructures per squaremicrometer. TheDNA
origami deposition is schematically represented infigure 1(c).

2.3. Graphene exfoliation
Graphenewas deposited using the procedure known asmicromechanical cleavage [48], yielding high-quality
layers of graphene but limited in lateral size (on the order of tens ofmicrometers in diameter). Kish graphite
(Naturgraphite GmbH)was used as startingmaterial. Graphite flakes were cleaved using sticky tape (Nitto
Denko ELPBT150ECM) and deposited on the substrates withDNAorigami nanostructures. In order to avoid
damagingDNAorigami nanostructures, the entiremicromechanical exfoliationwas carried out at room
temperature. After the deposition of graphene on top of theDNAorigami nanostructures, individual flakes were
detected using opticalmicroscopy and single atomic layer samples were chosen by the optical contrast, and
confirmed by the AFM. Schematic representation of the encapsulation by graphene is shown infigures 1(d)
and (e).

Figure 1. (a) and (b) Schematic representations of DNAorigami synthesis; (c)DNAorigami deposition; and (d) and (e) encapsulation
by exfoliated graphene.
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2.4. AFMmeasurements
AFMexperiments were carried out on theNT-MDT’sNTEGRAPrima system. Imaging before and after AFM
manipulationwas performed in tappingmode (TAFM), usingNSG01 probes fromNT-MDT (typical force
constant 5.1 Nm−1). AFMmanipulationwas done in contactmode, usingNT-MDT’s CSG01 probes (typical
force constant 0.03 Nm−1). Allmeasurements were done at ambient conditions. Initial imaging of the samples
was done in TAFMmode. In thismode, the vibrating AFM tip is free from a torsion, so it does not pushDNA
origami nanostructures laterally leaving thempractically intact.

AFMmanipulation of graphene has been done using both static [49, 50] and dynamic plowing [51]. Here,
AFMmanipulation experiments were done in the followingway. After selected sample areas were found and
visualized using TAFMmode, AFMmanipulationswere carried out in contactmode, by scanning a selected
sample area. Every imagewas recorded at constant normal force (constant set point).Manipulation on the
graphene encapsulatedDNAorigami nanostructures was carried out using TAFM (NGS01, force constant
5.1 Nm−1). However, imaging of bareDNAnanostructures was not possible in contactmodewith these hard
cantilevers. For this reason themanipulation of bare nanostructures was done using soft CSG01 probes (with
two order ofmagnitude lower force constant).

AFM topography images of the samples were processed in an open source softwareGwyddion. For each
imagefirst amean planewas subtracted, followed by line corrections in the scanning direction, andfinally a
three point plane leveling is applied and themean height is set to zero value. In the cases of graphene/substrate
step edges, the three points were chosen on the bare substrate.

3. Results and discussion

A typical TAFM topography image of a step edge of graphene, with (1.26± 0.21) nmheight, covering a substrate
withDNAorigami nanostructures is shown infigure 2(a). In order to estimate the structural damage, both the
height and the shapes of the triangularDNAorigami nanostructures were considered. The shapes were
straightforwardly assessed from the topography images. The height of the structures was determined using a
peak-to-peak difference from the selected area histograms, as shown infigures 2(b) and (c). Each histogrampeak
wasfitted by a single Gaussian line. The uncertainty of themeasured heightwas estimated as a half width at half
maximumof the histogrampeak that corresponds to either bare or graphene encapsulatedDNAorigami
nanostructures. As a result, an average height of the bare triangular DNAorigami nanostructures was found to
be (1.42± 0.38) nm,while the graphene encapsulated oneswere (0.65± 0.24) nmhigh. The observed difference
is due to non-perfect replication ofDNAorigami by graphene. Some parts of graphene coveringDNA
nanostructures do not lie perfectly on SiO2 substrate. These parts of graphene are slightly lifted above the
substrate andmake the effective height of the graphene coveredDNAnanostructures smaller. This effect is even
more pronounced for high density of depositedDNAorigami nanostructures since graphene does not fall
perfectly on SiO2 substrate between adjacentDNAnanostructures.

Figure 2. (a)TAFM topography of a step edge of graphene covering a substrate withDNAorigami nanostructures. Scale bar is 500 nm.
(b) and (c) histograms (circles) andGaussianfits (solid and dashed lines) of the selected areas in (a), corresponding to the bare and
graphene encapsulated nanostructures. h1 and h2 stand for the height of the bare and graphene encapsulated structures, and are
estimated as a peak-to-peak distancewithin the corresponding histograms.
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3.1. AFMmanipulation
Imaging of DNAnanostructures in the contactmode is challenging [44]. Therefore, so far theirmechanical
properties and stability have beenmeasured using peak force tappingmodewith precisely controlled force in
picoNewton range [52]. Here AFMmanipulation in contactmodewas applied in order to determine the forces
required to damage both bare and graphene encapsulatedDNAorigami nanostructures. Figure 3 shows TAFM
topography of DNAorigami nanostructures before and aftermanipulation of a 500×500 nm2 selected area,
marked by the dashed square. The selected areawas repeatedly scanned six times in contactmode. The applied
normal force was increased for each successive scan ranging from36 to 76 nN. The contactmode topography
scans are shown infigures 4(a)–(f). The same probe (NGS01)was used both for the imaging of the sample in
TAFMmode and for themanipulation in contactmode. The height of the encapsulated nanostructures was
estimated for each contactmode scan using their corresponding histogrampeak-to-peak distance. The results
are presented infigure 4(g), showing encapsulated structure height as a function of the applied normal force.
Both the height and the shape of the triangular origami nanostructures indicate that structural damage starts to
occurwhen a normal force of about 60 nN is exerted.

In order to estimate the amount ofmechanical protection that graphene offers toDNAorigami
nanostructures, the sameAFMmanipulation experiments are carried out on the bare triangularDNAorigami
nanostructures (on SiO2/Si substrate). Heremuch smaller normal forces are required to damage the structures.
Thus, a softmode probes (CSG01)were used, with the typical force constant of 0.03 Nm−1. Figure 5 shows six
subsequent scans in contactmode. Again, the normal force is increased for each scan, ranging from1.8 to
3.1 nN. The triangularDNAorigami nanostructures appeared unchanged up to the normal force of 2.5 nN.

The nature of the structural damage that is introduced by the AFMprobe is different for the bare and
graphene encapsulatedDNAorigami nanostructures. In the case of the encapsulated nanostructures graphene
protects them from attaching to the tip of the AFMprobe. As a result, the damaged structures appeared
”smudged” and their height is reduced. On the other hand the bare nanostructures tend to attach to the tip and
drift in the scanning direction. As a result the height of the bare structures that were not pushed and damaged by
the AFMprobe does not change significantly (figure 5(f)).

The arrows infigure 5(d) indicate the initial damage of the bareDNAorigami nanostructures, that is
introducedwith the normal force of only 2.7 nN. Comparedwith the same tests carried out on the encapsulated
structures (figure 4), the force required to damage theDNAorigami nanostructures is over an order of
magnitude greater for the ones encapsulatedwith graphene. The structural damage that can be introduced by
AFMmanipulation strongly depends on the adhesion of both theDNAnanostructures and the graphene layer to
the substrate. For this reason it is not reliable to set the exact force threshold at which graphene offers wear
protection to these structures.

Still the question remainswhether the cumulative damage arises when the same graphene encapsulated
structures are scannedmultiple times. To test this the same graphene encapsulated areawas scanned in contact
mode ten times successively. The normal forcewas set to 28 nN for all scans. TAFM topography images of the
same sample area before and aftermanipulation are respectively shown infigures 6(a) and (b). Figure 6(c) shows
the height of the graphene encapsulatedDNAorigami nanostructures for each TAFMand contactmode scan.

Figure 3. (a)A topography image (TAFM) ofDNAorigami nanostructures encapsulated by a single layer graphene (top) and on a bare
SiO2/Si substrate (bottom). (b)The same sample area after scanning of the dashed square in contactmodewith an applied force up to
76 nN. Scale bars are 250 nm.
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Figure 4. (a)–(f) 500×500 nm2 area of graphene encapsulatedDNAorigami nanostructures scanned in contactmodewith an
increase of the applied normal force (set point) for each successive image. The same sample area is also shown infigure 3, and
highlighted with the dashed squares. (g)The height of graphene encapsulatedDNAorigami nanostructures shown in (a)–(f), with
respect to the initial values.

Figure 5. (a)–(f) 1×1 μm2 area of bareDNAorigami nanostructures on a SiO2/Si substrate scanned in contactmode. The applied
force (set point) is increased for each successive image. Arrows in (d) indicate the initial damaged areas of the nanostructures, giving a
force threshold of about 2.5 nN.
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The heights were obtained as a peak-to-peak distance from their corresponding topography images. The results
show that there is no cumulative damage effect if the applied normal force is below the damage
threshold (∼60 nN).

On the other hand, only a single contactmode scanwith high enough force is sufficient to damage graphene
encapsulated nanostructures. This is demonstrated infigure 7.Here, TAFM topography images are shown
before and after the selected areawas scanned in contactmodewith the normal force set to 188 nN,well above
the damage threshold.

3.2.Deionizedwater exposure
In order to extend the use ofDNAorigami nanostructures as scaffolds in the bottom-up nanofabrication [16],
these structures need to be strong enough towithstand the harsh conditions needed inmany fabrication steps
[18]. Commonly these steps include submersion into liquids. Either as the part of the solution phase processing
or simple rinsing after a lithography step, DNAorigami nanostructures need towithstand both short and
prolonged liquid exposures.

In this study the exposure to deionizedwaterwas tested on both bare and graphene encapsulated structures.
The exposure timewas varied between 1 min and 24 h. The SiO2/Si substrates coveredwithDNAorigami
nanostructures and partly encapsulated by graphenewere submerged into 10 mLofDIH2O (Millipore,
18,2 MΩ cm−1) and after the set exposure time quickly driedwith an argon gun (flow∼10 l min−1).Water
exposure was done successively on eachflake, e.g.: theflakewas exposed to 1 min inDIH2O,measured, then
again exposed for 4 minmore to give the total of 5 min exposure, and so on. This way properties that are unique
for every sample, as adhesion of nanostructures and graphene to the substrate, did notfigure in the test.

The selected sample areaswere imaged using TAFMboth prior and afterDIH2O exposure. Figure 8 shows
TAFM topography images of triangular DNAorigami nanostructures partly encapsulated by graphene before
exposure (a) and after various lengths of exposure toDIH2O (b)–(e).

The unprotected structures are significantly damaged even after only 1 min ofDIH2O exposure, and not
lifted-off the substrate.Most likely the amount of residualMg2+ ions on the substrate surface determines
whether the structures are damaged or lifted-off the substrate [18].

Figure 6. (a) 0.8×0.8 μm2TAFM topography of graphene encapsulatedDNAorigami nanostructures prior tomultiple scans in
contactmodewith low applied force (F=28 nN). (b) 1×1 μm2TAFM topography of the same sample area after ten successive
scans in contactmode. The dashed square in (b) indicates the area scanned in contactmode. (c)The height of the graphene
encapsulatedDNAorigami nanostructures after each step. Diamonds indicate TAFMmeasured height, while circles indicate the
heightmeasured in each contactmode scan.

Figure 7. (a) 0.8×0.8 μm2TAFM topography of graphene encapsulatedDNAorigami nanostructures prior to a single scan in
contactmodewith high applied force (F=188 nN). (b) 1×1 μm2TAFM topography of the same sample area after the scan in
contactmode. The dashed square in (b) indicates the area scanned in contactmode.
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Graphene encapsulatedDNAorigami nanostructures appeared to be intact by thewater exposure. Each
individual triangular origamiwas preserved even after 30 min ofDIH2O exposure. The height of the
nanostructures was also unchanged. In the case of the sample shown infigures 8(a)–(d) the height of the
encapsulated origami nanostructures was 0.8(±0.2) nm, after each exposure. Infigure 8(d) the edge of graphene
samplewas folded,most likely during the drying step.

The only exception occurred after twenty four hours of exposure. In this case graphene started towrinkle.
Although some triangularDNAorigami nanostructures are still visible underneath graphene (figure 8(f)), most
of the nanostructures were damaged and their height estimationwas not reliable.

The exact exposure time thresholdwill again depend on the adhesion to the substrate of both graphene and
DNAorigami nanostructures, and varies from sample to sample. Still, very short exposures do damage or lift-off
bareDNAnanostructures [18]. On the other hand graphene encapsulation offers significant protection
increasing the exposure times by at least two orders ofmagnitude.

4. Conclusion

In summary, we have demonstrated that single layer exfoliated graphene can be used as a protective layer for
DNAorigami nanostructures. Through theAFMbasedmanipulationwe have shown that the normal force
required to damage graphene encapsulatedDNAorigami nanostructures is over an order ofmagnitude greater
than for the unprotected ones. The threshold for the normal force that induces structural damage to the
graphene encapsulatedDNAorigami nanostructures was found to be about 60 nN. In addition, we have shown
that graphene provides wear protection againstmultiplemanipulations if the applied normal force is below the
damage threshold.

Besides wear protection, graphene encapsulatedDNAorigami nanostructures were tested against prolonged
exposure to deionizedwater, andmultiple immersions.We show that graphene encapsulated nanostructures
remain intact even after 30 min of the exposure to deionizedwater, while the bare structures are significantly
damaged in thematter of seconds. The limits of graphene protection against deionizedwater exposure arise
fromwrinkling of the graphene layer itself.

Figure 8. (a) 3×3 μm2TAFM topography images of an area of graphene encapsulated (right) and bare (left)DNAorigami
nanostructures, before (a) and after various lengths of exposure toDIH2O (b)–(e). Scale bars are 500 nm.
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Weexpect that other liquids will act in the similarmanner as long as they do not damage graphene, andwill
only take different amount of time to damage bareDNAorigami nanostructures. This extends the use ofDNA
origami scaffolds inmany fabrication processes, as various lithography steps orwet transfer of 2Dmaterials.
Future studies could involve encapsulation bymore than one layer of graphene and the use of other 2D
materials, as hexagonal boron nitride, which could prove protection in harsh environments that graphenemight
not be suitable for.
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Hybrid Structures for Surface-Enhanced Raman 
Scattering: DNA Origami/Gold Nanoparticle Dimer/
Graphene
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Due to the addressability of every single DNA staple strand 

being part of the self-assembly process, functional units, e.g., 

gold nanoparticles (AuNPs), can be attached to DNA ori-

gami templates with nm precision. Such hybrid structures 

have been used for the study of plasmonic effects [ 3–6 ]  or sur-

face-enhanced spectroscopies such as fl uorescence enhance-

ment [ 7 ]  or quenching, [ 8 ]  surface-enhanced Raman scattering 

(SERS), [ 9–12 ]  and even for single-molecule SERS. [ 13 ]  

 The basis of surface-enhanced spectroscopy methods is 

a metal surface—in most cases a metal nanoparticle (NP)—

which is brought in close vicinity to the analyte molecule(s). 

Caused by the excitation of the surface plasmon resonance 

the electromagnetic fi eld surrounding the NP is enhanced 

resulting in an increase of the detected signal, that is, fl uo-

rescence or Raman scattering. Dimers of AuNPs turned out 

to be superior over single AuNPs regarding their perfor-

mances in electromagnetic fi eld enhancements due to hot 

spot formation. [ 14,15 ]  

 Graphene is a 2D material consisting of sp 2 -hybridized 

carbon atoms which are arranged in a honeycomb lattice. 

It exhibits a unique combination of electronical, mechan-

ical, and optical properties including high electronic [ 16 ]  and 

thermal conductivities, [ 17 ]  impermeability to any gases, [ 18 ]  as 

well as high optical transparency. [ 19 ]  Although graphene fl atly DOI: 10.1002/smll.201601908

 A combination of three innovative materials within one hybrid structure to explore 
the synergistic interaction of their individual properties is presented. The unique 
electronic, mechanical, and thermal properties of graphene are combined with the 
plasmonic properties of gold nanoparticle (AuNP) dimers, which are assembled 
using DNA origami nanostructures. This novel hybrid structure is characterized 
by means of correlated atomic force microscopy and surface-enhanced Raman 
scattering (SERS). It is demonstrated that strong interactions between graphene and 
AuNPs result in superior SERS performance of the hybrid structure compared to 
their individual components. This is particularly evident in effi cient fl uorescence 
quenching, reduced background, and a decrease of the photobleaching rate up to one 
order of magnitude. The versatility of DNA origami structures to serve as interface 
for complex and precise arrangements of nanoparticles and other functional entities 
provides the basis to further exploit the potential of the here presented DNA origami–
AuNP dimer–graphene hybrid structures. 
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  1.     Introduction 

 With the introduction of the DNA origami technique by 

Paul Rothemund in 2006 [ 1 ]  a versatile tool for the folding of 

DNA into almost any desired shapes and patterns was cre-

ated. Initially applied for the fabrication of 2D structures the 

technique was rapidly extended to construct 3D objects. [ 2 ]  
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adsorbs on various substrates, it has been shown to repli-

cate the shape of underlying macromolecules such as double 

stranded plasmid DNA, [ 20 ]  1D fi ve-helix ribbon structures 

and 2D double-crossover lattices, [ 21 ]  as well as DNA origami 

structures [ 22 ]  very well due to its fl exible nature. Recently, it 

has been reported that the structural stability of triangular 

DNA origami substrates toward mechanical forces or pro-

longed exposure to deionized water can be enhanced by gra-

phene encapsulation. [ 22 ]  

 Combining graphene and metal NPs within one hybrid 

structure is especially advantageous due to the resulting syn-

ergy of unique electrical, mechanical, and optical properties 

introduced by both initial materials. Especially within the 

fi elds of biomedicine [ 23,24 ]  and biosensing [ 25,26 ]  various types 

of hybrid materials based on graphene and NPs have been 

created. Principally, graphene–NP hybrid structures can be 

obtained either by decorating graphene sheets using metal 

NPs [ 27–29 ]  or by wrapping [ 30,31 ]  or covering [ 32,33 ]  NPs with gra-

phene. Furthermore, graphene has been reported to remark-

ably suppress the photobleaching of dye molecules during 

continuous laser exposure. In shell-isolated SERS experi-

ments using metal nanoparticles encapsulated by few-layer 

graphene (FLG), the SERS signal intensity of cobalt phthalo-

cyanine (CoP) has been shown to be constant over a time 

range of 160 s. [ 30 ]  In another study, Zhao et al. presented 

R6G molecules being sandwiched between a Ag surface 

and a monolayer of graphene leading to enhanced photo-

stability of the R6G molecules due to isolation from ambient 

oxygen. [ 34 ]  

 Here, we introduce a novel kind of multifunctional hybrid 

material in which the programmability of DNA origami 

structures, the optical properties of AuNPs, as well as the 

protective properties of graphene are effi ciently merged. The 

synergistic properties of these hybrid structures are investi-

gated with respect to their SERS performance, polarization 

dependence of the SERS signal, and photostability of the 

dyes.  

  2.     Results and Discussion 
  2.1.     Synthesis of DNA Origami–AuNP Dimer–Graphene (AuDG) 
Hybrid Structures and Atomic Force Microscopy (AFM)-SERS 
Correlation 

 An overview of the two-step synthesis of the AuDG hybrid 

structures is depicted in  Figure    1  a. Initially, triangular DNA 

origami substrates are folded with a set of 208 staple strands 

using the genome of the bacteriophage M13mp18 as scaf-

fold. Each DNA origami substrate contains four capture 

sequences for each AuNP (5′-(AAA) 8 T 4 -3′) protruding 

from opposite sides of the DNA origami triangle. Further-

more, 40 nm AuNPs are coated with dye-modifi ed ssDNA 

(5′-(TTT) 4 TX-SH-3′ or 5′-X-(TTT) 4 T-SH-3′; X = carboxyte-

tramethylrhodamine (TAMRA)). During a DNA hybridiza-

tion process between the capture strands of the DNA origami 

substrates and the coating strands of the AuNPs the initial 

dimeric structures are created. Subsequently, the dimers are 

adsorbed on Si wafers covered with a layer of 290 nm thick 

dry thermal oxide (Si/SiO 2 ), which enhances the optical con-

trast within graphene and therefore allows for its identifi ca-

tion. [ 35 ]  Since the mixture is not further purifi ed after DNA 

hybridization AuNP dimers coexist with unbound AuNPs. In 

a second step graphene is deposited on top of the immobi-

lized structures following the classical micromechanical exfo-

liation process [ 16 ]  resulting in AuDG hybrid structures.  

 Subsequent correlation of AFM and SERS images allows 

for a direct assignment of SERS signals to defi ned struc-

tures which is illustrated in Figure  1 b (left: AFM image; 

right: SERS image). Usually, in AFM images of AuDG 
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 Figure 1.    Scheme of sample preparation and correlated AFM-SERS imaging. a) AuNP dimers attached to DNA origami substrates coexisting with 
single 40 nm TAMRA-modifi ed AuNPs are adsorbed on an Si/SiO 2  substrate. In a second step graphene is exfoliated on top of the aforementioned 
structures by mechanical exfoliation resulting in numerous variations of structures: AuNP dimers can be covered by single-layer graphene (SLG), 
bilayer graphene (BLG), trilayer graphene (TLG), few-layer graphene (FLG), or graphite. b) Large-size AFM image of one graphene fl ake exfoliated 
on top of AuNPs (left) as well as the corresponding Raman map of a selected area (right). c) AFM image of single AuNPs as well as AuNP dimers 
(marked with white circles) covered by SLG. d) High-resolution AFM images of AuDG hybrid structures with two 40 nm AuNPs attached to one side 
of the triangle in which a part of the DNA origami triangle is visible (white arrows). The folds of the SLG fl ake surrounding the hybrid structure are 
also clearly apparent.
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hybrid structures solely the AuNP dimers 

are visible (Figure  1 c, white circles) due 

to the geometrical arrangement of the 

AuNPs with respect to the DNA origami 

substrate preventing the DNA origami 

from fl at adsorption. [ 13 ]  However, when 

the two AuNPs are attached to one side 

of the DNA origami substrate and when 

the structures are located in close prox-

imity to the edge of the graphene fl ake the 

apex of the DNA origami triangle might 

become visible (Figure  1 d, white arrows). 

Due to the larger gap size between the 

two AuNPs and the related reduced SERS 

signal this design of hybrid structure is not 

further investigated.  

  2.2.     Dye-Modifi ed Single AuNPs Covered 
by SLG 

 Basically, the TAMRA modifi cation might 

be introduced at any position within 

the DNA coating strands of the AuNPs. 

Upon covering the structures with SLG 

some TAMRA molecules surrounding the 

AuNPs are sandwiched in between the Au 

surface and the graphene layer. Since both 

materials are known to infl uence the 

optical properties of dye molecules such 

as fl uorescence [ 7,8,36 ]  and Raman scat-

tering [ 37,38 ]  it is crucial to investigate the 

SERS performance of individual struc-

tures in dependence of the relative dye 

position. To disentangle additional effects 

due to hot spot formation within dimeric 

structures, also very basic SERS experiments on differently 

designed single 40 nm AuNPs are performed. 

 In the fi rst case, the TAMRA dye is positioned in close 

vicinity to the AuNP surface using the 5′-(TTT) 4 TX-SH-3′ 
(X = TAMRA) sequence as coating strands ( Figure    2  a). The 

same type of AuNPs is studied with SLG on top (Figure  2 b). 

In the second case, the TAMRA dye is positioned further 

away from the AuNP surface by coating the particles with 

the 5′-X-(TTT) 4 T-SH-3′ sequence and thereby introducing 

a DNA spacer of 13 bases between dye and Au surface. In 

order to reduce the concentration of TAMRA molecules 

per particle, coating strands without dye are introduced 

(Figure  2 c). Again, the same type of AuNPs covered by SLG 

is studied (Figure  2 d). In all cases SERS measurements on 

single AuNPs are accompanied by AFM measurements in 

order to confi rm the origin of each signal. In every SERS 

series (Figure  2 a–d) the characteristic TAMRA bands [ 13 ]  are 

marked with a green star whereby the peaks at ≈1361 and 

1654 cm −1  are visible in all spectra and additional peaks at 

1222, 1509, 1538, and 1570 cm −1  only appear in some cases. 

For AuNPs coated by DNA with TAMRA at the 5′-end 

(Figure  2 c,d) a slight red-shift of 4 cm −1  for the two most 

prominent TAMRA bands is observed resulting in spectral 

positions of 1357 and 1650 cm −1 , which is attributed to dis-

tance-dependent interactions between the dye molecules 

and the gold surface. Upon graphene encapsulation no fur-

ther shift of the spectral positions of the TAMRA bands is 

noticed.  

 Furthermore, in the two cases with SLG (Figure  2 b,d) 

the two characteristic bands arising from graphene (G band 

(1586 cm −1 ) and 2D band (2680 cm −1 )) are highlighted. Both 

bands are highly sensitive to doping [ 39–41 ]  and strain [ 42–44 ]  

which can cause peak shifts of several cm −1  even for pris-

tine graphene without underlying AuNPs. Therefore, the 

slight variations in peak positions for the G and the 2D 

band which can be observed over the whole area of the gra-

phene fl ake cannot be directly correlated to doping or strain 

caused by the AuNPs. For all SERS spectra of each series the 

noise within the spectral range of 1800–2200 cm −1  is deter-

mined and stated next to each spectrum (in units of counts, 

Figure  2 a–d). 

 Comparing the two cases without SLG 

(Figure  2 a,c) it is obvious that the fl uorescence background 

due to the resonant excitation of the TAMRA molecules 

( λ  em  = 582 nm =̂ 1610 cm −1 ) is more pronounced when the 

dyes are located at the 5′-end and thereby separated from 
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 Figure 2.    SERS spectra of differently functionalized AuNPs. Comparison of SERS spectra 
arising from several different single 40 nm AuNPs coated with TAMRA-modifi ed ssDNA. 
a,b) In these cases the TAMRA dye is located close to the AuNP surface (5′-(TTT) 4 TX-SH-3′ 
(X = TAMRA)), whereas c,d) in these cases dye and AuNP surface are separated by 13 DNA 
bases (5′-X(TTT) 4 T-SH-3′ (X = TAMRA)). Additionally, AuNPs in (b) and (d) are covered by SLG. 
The characteristic TAMRA bands (green stars) as well as the typical G and 2D bands of SLG 
are marked. Laser wavelength: 532 nm, laser power: 80 µW, integration time: 10 s. Recorded 
noise data are given in counts.
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the AuNP surface (Figure  2 c). This is in good agreement with 

the known distance dependence of fl uorescence enhance-

ment [ 7 ]  and fl uorescence quenching. [ 8 ]  In both cases without 

graphene a broad distribution of SERS intensities can be 

observed which is attributed to slight variations in AuNP 

sizes, numbers of TAMRA molecules per particle, as well 

as different photobleaching rates for individual AuNPs. The 

absolute SERS intensities obtained from AuNPs coated by 

DNA with TAMRA at the 3′-end or 5′-end cannot directly 

be compared since in the latter case a mixture of dye-modi-

fi ed and non-modifi ed sequences was used as coating strands. 

However, both the noise averaged over all spectra and the 

maximum noise among all spectra are higher in the case of 

TAMRA being at the 5′-end (average: 6.5 counts; maximum: 

13.0 counts) (Figure  2 c) compared to TAMRA at the 3′-end 

(average: 3.4 counts; maximum: 6.6 counts) (Figure  2 a). 

 For both types of AuNPs (with TAMRA being close to 

the AuNP surface (Figure  2 a) or further apart from it and 

thus closer to graphene (Figure  2 c)) the appearance of the 

SERS spectra is dramatically infl uenced by graphene encap-

sulation (Figure  2 b,d). In the case of TAMRA being at the 

3′-end (Figure  2 b) the fl uorescence background appears to 

be effi ciently quenched resulting in a cleaner baseline com-

pared to the analogue non-covered AuNPs (Figure  2 a). The 

function of graphene as a potential quencher of fl uorescence 

from dye (R6G) molecules was fi rst described by Xie et al. [ 36 ]  

and afterward also confi rmed for the photoluminescence 

arising from a gold surface. [ 45 ]  In the fi rst case the quenching 

process was postulated to be caused by a resonance energy 

transfer from dyes to graphene enabled by considerable π–π 

interactions. [ 36,46 ]  However, within the here presented struc-

tures direct π–π interactions between the TAMRA molecules 

and the graphene layer may not occur since both are sepa-

rated by the DNA coating whose thickness is estimated to 

be 2.5 nm. [ 10 ]  Nevertheless, a remarkable quenching of the 

fl uorescence background is observed. Although the nature 

of this effect is not resolved here, two possible explanations 

might be considered. On the one hand, based on the dis-

tance between TAMRA molecules and graphene an energy 

transfer from excited dye molecules to SLG is conceivable. 

Typical energy transfer processes such as Förster resonance 

energy transfer (FRET) can be observed for distances 

between 1 and 10 nm [ 47 ]  which is in good agreement with 

the here considered system. On the other hand, it cannot 

be excluded that a DNA-mediated charge transfer mecha-

nism from the AuNPs to SLG is involved in the fl uorescence 

quenching process similar to observations by Fritzsche and 

co-workers. [ 48,49 ]  They found that the excitation of a silver 

nanoparticle can be transferred via a dsDNA nanowire over 

a distance of several micrometers resulting in photobleaching 

of intercalating dyes. In the case of the here presented struc-

tures, also a combination of both, energy transfer and charge 

transfer, is conceivable. 

 Compared to their non-covered analogues the values for 

the average noise and the maximum noise are reduced for 

both, TAMRA located at the 3′-end (average: 2.6 counts; 

maximum: 3.5 counts; Figure  2 b) as well as at the 5′-end 

(average: 3.0 counts, maximum: 5.7 counts; Figure  2 d). Fur-

thermore, the distribution of SERS intensities arising from 

the TAMRA signals is much narrower compared to the three 

other cases (Figure  2 a,c,d). 

 The aforementioned π–π interactions responsible for an 

effective resonance energy transfer between dye molecules 

and graphene should be enabled if the TAMRA modifi cation 

is located at the 5′-end of the AuNP coating strands. Inter-

estingly, the SERS spectra arising from those types of struc-

tures seem to be categorized in two classes (Figure  2 d). On 

the one hand, the three upper SERS spectra clearly display 

the characteristic fl uorescence background of TAMRA with 

a maximum at ≈1610 cm −1 . However, the different appear-

ance of the backgrounds in the following three spectra can 

be assigned to the typical photoluminescence background 

characteristic for AuNPs with diameters less than 150 nm. [ 27 ]  

The occurring differences are most probably due to a dif-

ferent extent of contact between SLG and the underlying 

AuNPs. Although at least some of the TAMRA molecules 

get in direct contact to the SLG their fl uorescence is not sig-

nifi cantly quenched in the case of the upper three spectra. 

For the following three AuNPs the interactions between 

graphene and the TAMRA molecules are more pronounced 

resulting in effi cient fl uorescence quenching and a remaining 

background whose appearance is defi ned by the photolumi-

nescence of the AuNPs. This type of luminescence in turn 

is not quenched due to an insuffi cient contact between the 

AuNPs and SLG. Phase AFM images of all AuNPs corre-

sponding to the SERS spectra presented in Figure  2 b are 

shown in Figure S1 (Supporting Information). Addition-

ally, analogue measurements are performed using cyanine 3 

(Cy3) as Raman reporter molecule instead of TAMRA (see 

Figure S2, Supporting Information). 

 In summary, these experiments show that the best repro-

ducible TAMRA signals as well as the cleanest baselines are 

obtained under two conditions: (a) the TAMRA molecules 

have to be located in close proximity to the AuNP surface 

in order to experience effi cient fl uorescence quenching and 

(b) the dye-modifi ed AuNPs have to be covered by SLG to 

benefi t from an additional fl uorescence quenching, a reduced 

noise level, as well as a narrow distribution of TAMRA signal 

intensities. As a consequence, the following discussions are 

based on AuDG hybrid structures containing AuNPs with 

TAMRA at the 3′-end.  

  2.3.     Comparison of AuNP Dimers and AuDG Hybrid Structures 

 In the next step AuNP dimers attached to one DNA origami 

substrate are investigated. In  Figure    3  a typical Raman maps 

of a surface area covered by different types of graphene 

(SLG, FLG, and graphite) are presented. The four maps 

exhibit the SERS intensity distributions of the four most 

important bands arising from AuNP dimers/AuDG hybrid 

structures, that is, (i) the G band (1586 cm −1 ), (ii) the 2D band 

(2670 cm −1 ), (iii) the TAMRA band at 1361 cm −1 , and (iv) the 

TAMRA band at 1654 cm −1 . It has to be mentioned that the 

TAMRA band at 1361 cm −1  can be spectrally overlapped 

by the D band of graphene at 1338 cm −1 . For this reason 

Raman map (iii) exhibits the SERS intensity distribution 

of both peaks. Especially Raman map (iv) shows that there 

small 2016, 12, No. 39, 5458–5467

6 Manuscripts

108



full papers
www.MaterialsViews.com

5462 www.small-journal.com © 2016 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim

are three different types of AuNP dimers: some covered by 

SLG, some covered by FLG, and also non-covered structures. 

In Figure  3 b phase AFM images of representative AuDG 

hybrid structures (A, B, C; fi rst row) as well as topography 

AFM images of non-covered AuNP dimers (a, b, c; second 

row) are shown. In the case of the AuDG hybrid structures it 

is obvious that the graphene layer covering the hybrid struc-

tures is differently folded and therefore the extent of contact 

between AuNPs and SLG differs for each individual struc-

ture. For hybrid A several folds within the graphene layer can 

be observed as a result of AuNP replication. This is not the 

case for hybrid B, and for hybrid C only a few folds are vis-

ible. In Figure  3 c correlated SERS spectra arising from the 

AuNP dimers (red spectra) and the AuDG hybrid structures 

(blue spectra) shown in the AFM images in Figure  3 b are 

presented. Additionally, for comparison typical SERS spectra 

obtained from SLG, FLG, and graphite are shown in gray and 

black. A comparison of SERS spectra from AuNP dimers and 

AuDG hybrid structures reveals that in both cases the char-

acteristic TAMRA bands [ 13 ]  at 1219, 1361, 1509, 1538, 1570 

(superimposed by the G band for hybrids; blue spectra), and 

1654 cm −1  can be detected which coincide with the recorded 

bands for the single AuNPs (Figure  2 b,d). Furthermore, the 

SERS spectra of AuDG hybrid structures (blue spectra) 

also show the two most characteristic graphene bands at 

1586 cm −1  (G band) and at 2670 cm −1  (2D band) whose spec-

tral positions are in good agreement with the ones detected 

for SLG (light gray spectrum). For both types of structures 

(AuNP dimers/AuDG hybrids) the overall SERS intensity 

differs for individual structures, which is caused by slight dif-

ferences in AuNP and gap sizes.   

  2.4.     Polarization-Dependent SERS Measurements on AuDG 
Hybrid Structures 

 To test the extent of contact between SLG and underlying 

AuNP dimers which is related to induced strain within gra-

phene, polarization-dependent SERS measurements are 

performed. In  Figure    4   the obtained results for one repre-

sentative AuDG hybrid are presented. Figure  4 a shows two 

AFM images (left: topography; right: phase) of the investi-

gated structure clearly exhibiting the folds within the cov-

ering SLG fl ake. In the right image the extension of folds is 

marked by yellow dashed lines and the position of the dimer 

axis (0°) relative to the angle of polarization is shown. SERS 

measurements are performed by using polarized laser light 

for excitation (parallel to the dimer axis; 0°;  λ  = 532 nm) and 

by changing the angle of the detection plane in steps of 15° 

for each measurement starting with +90°. In Figure  4 b the 

corresponding SERS spectra for different polarization angles 

are presented. Both, TAMRA signals (green stars) as well as 

SLG signals (G and 2D band) arising from the AuDG hybrid 

structure in Figure  4 a are polarization-dependent.  

 On the one hand, highest intensities for the TAMRA sig-

nals are detected for the polarization angle parallel to the 

axis of the AuNP dimer due to the optimal geometry for 

plasmon coupling of the two individual AuNPs. [ 14 ]  Moving 
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 Figure 3.    AFM–SERS correlation of AuNP dimers and AuDG hybrid structures. a) Raman maps visualizing the SERS intensity distribution of the G 
band at 1586 cm −1  (i), the 2D band at 2670 cm −1  (ii), the D band at 1338 cm −1  (spectral overlap with the TAMRA band at 1361 cm −1 ) (iii), and the 
most characteristic TAMRA band at 1654 cm −1  (iv). b) AFM images of three AuDG hybrid structures (fi rst row; phase images) and three AuNP dimers 
(second row; topography images). Scale bars: 200 nm. c) Typical SERS spectra of SLG, FLG, and graphite (gray and black spectra). Extended SERS 
spectra including the 2D′ band at 3245 cm −1  which has not been used for any analysis is shown in Figure S3 (Supporting Information). Additionally, 
SERS spectra of the AuNP dimers (red spectra) and the hybrid structures (blue spectra) originating from the structures shown in (b) are presented. 
Laser wavelength: 532 nm, laser power: 80 µW, integration time: 10 s.
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away from this optimal polarization angle for plasmon cou-

pling toward −90°/+90° leads to a decrease of the TAMRA 

signal intensities. The remaining signal is due to the detec-

tion of scattered light, which is not or only to a small extent 

affected by plasmon coupling of the two individual AuNPs. 

 On the other hand, in the case of SLG a polarization-

dependence of the 2D band at ≈2670 cm −1  can be observed. 

This is clarifi ed in Figure  4 c where Lorentzian fi t curves 

for the 2D band under different polarization angles are 

presented. Nine of the 13 different SERS spectra can be 

described by a single Lorentzian function with a maximum 

at around 2670 cm −1  (+90°, +75°, +45°, +30°, +15°, 0°, −15°, 

−30°, −45°). However, in the case of polarization angles of 

+60°, −60°, −75°, and −90° a second peak at ≈2630 cm −1  arises 

resulting in fi t curves consisting of two Lorentzian functions 

(blue and cyan bands in Figure  4 c). From previous reports it 

is known that the G band [ 44,50 ]  as well as the 2D band [ 43 ]  in 

SLG can split in two components upon uniaxial strain. How-

ever, under the currently applied conditions the G band at 

1586 cm −1  is not clearly resolved due to low laser intensities 

and arising luminescence from the TAMRA dyes, especially 

for polarization along the axis of the dimer. Therefore, the 

following considerations concerning strain-induced obser-

vations are only based on the 2D band. Generally, splitting 

of the 2D band is induced by a change in symmetry of the 

graphene lattice upon uniaxial strain. [ 43 ]  As a consequence, 

the Dirac cone—representing a scheme of the electronic 

dispersion—is displaced from its original position resulting 

in altered interactions with its three nearest neighbors. This 

should result in the appearance of three contributions to 

the 2D band, however, the third peak is usually diffi cult to 

observe. [ 43 ]  

 In the case of the AuDG hybrid structure in Figure  4 a a 

clear correlation between the direction of folds surrounding 

the underlying AuNP dimer (yellow dashed lines in 

Figure  4 a, right) and the polarization-dependent SERS signal 

is observed. The relative orientation of the polarization angles 

for which a splitting of the 2D band appears (Figure  4 c; +60°, 

−60°, −75°, and −90°) to the AuNP dimer is in excellent agree-

ment with the direction of folds and therefore with the direc-

tion of uniaxial strain. 

 It has to be mentioned that the laser spot size (≈1.3 µm in 

diameter) is much larger compared to the size of the AuDG 

hybrid structure. The detected SERS signals arising from 

SLG therefore contain information about several infl uences 

such as folding, doping, [ 39–41 ]  or strain [ 42–44 ]  summed up over 

the graphene area irradiated by the laser. Therefore, the main 

proportion of the band at 2670 cm −1  is arising from the area 

of SLG which is surrounding the AuDG hybrid structure and 

therefore only weakly infl uenced by the induced strain. The 

2D +  mode which is expected to appear red-shifted upon uni-

axial strain is most probably superimposed by the band at 

2670 cm −1 . Nevertheless, confi rmed by the appearance of the 

2D −  band at 2630 cm −1  the strain caused by the underlying 

AuNP dimer is obviously high enough to induce a mode split-

ting of the 2D band which is on the order of ≈40 cm −1 . Based 

on results obtained by applying controlled strain to SLG [ 43 ]  

we estimate that the underlying structure in Figure  4 a 
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 Figure 4.    Polarization-dependent SERS measurements of one individual AuDG hybrid structure. a) AFM images (left: topography; right: phase) 
of one representative AuDG hybrid structure for which polarization-dependent SERS measurements are performed. Scale bars: 100 nm. b) SERS 
spectra obtained for different polarization angles in steps of 15°. The most characteristic bands for TAMRA (green stars) and SLG (G and 2D band) 
are highlighted. c) Lorentzian fi t curves for the 2D band in dependence of the polarization angle. A splitting of the 2D band is observed for 
polarization angles of +60°, −60°, −75°, and −90°.
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induces an uniaxial strain component within the covering 

SLG of about 1%–2%.  

  2.5.     Suppression of Photobleaching due to SLG 

 Photobleaching is an undesired side effect which often 

accompanies SERS measurements. It arises from irrevers-

ible decomposition of the analyte molecules caused by 

photochemical reactions. [ 51 ]  Under the here applied condi-

tions we expect heating effects [ 52 ]  as well as reactions with 

ambient oxygen [ 53,54 ]  to be the two main sources for damages 

of the dye molecules. 

 In order to investigate the potential of graphene in terms 

of suppressing the photobleaching of the TAMRA dyes 

SERS time series measurements under continuous laser 

exposure for 800 s are performed for individual AuNP dimers 

and AuDG hybrid structures ( Figure    5  ). Therefore, SERS 

spectra are recorded in time intervals of 10 s and for every 

spectrum the signal-to-noise (S/N) ratio for the most intense 

TAMRA band at 1654 cm −1  is calculated (the noise level is 

determined within the spectral range of 1800–2200 cm −1  

of each spectrum). As can be seen in Figure  5 a the S/N 

ratio is continuously decreasing for all three AuNP dimers 

with increasing laser exposure time. Since the amount of 

the aforementioned processes resulting in damages of the 

TAMRA molecules differ for each individual structure dif-

ferent photobleaching rates are obtained for dimers i–iii 

(inset of Figure  5 a). More precisely, for dimers i (black data) 

and ii (dark red data) photobleaching rates (with regards to 

the S/N ratios) of 3.6 × 10 −2  and 1.7 × 10 −2  s −1  are determined. 

On the contrary, the S/N ratio arising from dimer iii (light red 

data) is decreasing following two different photobleaching 

rates: 4.7 × 10 −2  s −1  within the fi rst 250 s of laser exposure 

and 1.0 × 10 −2  s −1  within the subsequent time interval. In 

Figure  5 b the time evolution of the associated SERS spectra 

for the three investigated AuNP dimers are shown (the two 

most characteristic TAMRA bands are marked with a green 

star). The SERS spectra are presented in time intervals of 

50 s starting with 10 s and ending with 800 s of laser exposure. 

Again, the fi rst spectrum of each dimer recorded after 10 s of 

integration exhibits different overall SERS intensities, which 

is consistent with the aforementioned diversity for individual 

structures. In all three SERS time series measurements a sig-

nifi cant photobleaching during laser exposure for 800 s can 

be observed. Interestingly, not only the SERS intensities of 

the TAMRA bands but also the noise level is reduced over 

time for all AuNP dimers, confi rming the correlation between 

high SERS intensities and high noise levels (see Figure S4, 

Supporting Information for independent time evolutions of 

the signal and the noise level).  

 In contrast to the AuNP dimers a different photo-

bleaching behavior is observed for the AuDG hybrid struc-

tures (Figure  5 c,d). For hybrid I and II (Figure  5 c, black and 

light blue data) the photobleaching rate of the S/N ratio is 

nearly identical (5.9 × 10 −3  and 4.2 × 10 −3  s −1 ). Thus, compared 

to the non-covered dimers (Figure  5 a,b) the photobleaching 

rate is reduced by approximately one order of magnitude. 

 In the case of AuDG hybrid I (black data) the time evolu-

tion of the SERS signal (Figure S4c, Supporting Information) 

can be divided in two parts: (1) an initial rapid decrease of 

the TAMRA band at 1654 cm −1  within the fi rst 60 s of laser 

exposure and (2) in between the time interval of 60 and 800 s 

the decrease of signal intensity is signifi cantly slowed down. 
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 Figure 5.    Photobleaching behavior of AuNP dimers and AuDG hybrid structures. Time series SERS measurements of a,b) individual non-covered 
AuNP dimers as well as of c,d) AuDG hybrid structures. SERS spectra are recorded in time intervals of 10 s using 532 nm laser excitation, a laser 
power of 25 µW, and integration times of 10 s. The temporal evolution of the S/N ratio of the TAMRA band at 1654 cm −1  is presented as a function 
of continuous laser exposure for three AuNP dimers (a) as well as for three AuDG hybrid structures (c). The corresponding SERS spectra recorded 
during 800 s of laser exposure are presented in steps of 50 s exposure time for AuNP dimers (b) and AuDG hybrid structures (d).
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This behavior is attributed to different extents of interac-

tions between the TAMRA molecules and the graphene 

layer. During the fi rst 60 s of laser exposure the observed 

photobleaching is probably caused by those TAMRA dyes 

which are not or only weakly interacting with the SLG. Sub-

sequently, the signal is more stable since the remaining intact 

TAMRA dyes effi ciently interact with the SLG. On the con-

trary, after a slow decrease within the fi rst 200 s the SERS 

signal of AuDG hybrid II (Figure S4c, Supporting Informa-

tion, light blue data) stays constant until the end of the laser 

exposure confi rming that SLG can provide extensive pro-

tection against photobleaching if the dye molecules interact 

strongly with the graphene layer. A damage of the SLG upon 

laser exposure can be excluded since no Raman modes char-

acteristic for graphene damage such as D band (1338 cm −1 ), 

D′ band (≈1620 cm −1 ), [ 55 ]  or the combination band D+D′ 
(≈2940 cm −1 ) [ 55 ]  are observed. 

 However, AuDG hybrid III (blue data in Figure  5 c,d) 

also exhibits a time evolution of the TAMRA signal which 

can be divided in two different parts, similar to the non-

covered dimer iii (light red data in Figure  5 a,b). The initial 

time interval (0–450 s of laser exposure) is defi ned by a 

rapid decrease of the S/N ratio with a photobleaching rate 

of 3.0 × 10 −2  s −1  which is of the same order as for AuNP 

dimers. Subsequently, the rate is dramatically reduced to 

7.3 × 10 −4  s −1  within the time interval between 450 and 800 s 

of laser exposure. 

 The fact that for some structures two successive 

photobleaching rates can be determined allows for the 

assumption that the observed decrease in SERS signal inten-

sity is based on at least two different contributions. This is 

also confi rmed by the time evolutions of the corresponding 

noise levels (Figure S4b,d, Supporting Information) and 

attributed to (a) heating effects caused by the laser expo-

sure which should be especially pronounced within the hot 

spot [ 52,56 ]  and (b) reactions with ambient oxygen. In the cases 

of AuNP dimers both should signifi cantly contribute to the 

total photobleaching rate. However, for AuDG hybrid struc-

tures the SLG is expected to have an effect on both contribu-

tions for two reasons: (1) Since SLG has been demonstrated 

to be impermeable to any kind of gases [ 18 ]  the reaction with 

ambient oxygen can be excluded as possible photobleaching 

mechanism. (2) Graphene is known to be an excellent heat 

conductor exhibiting values of ≈5 × 10 3  W mK −1 . [ 17 ]  Thus, 

the plasmonically generated heat can be dissipated by the 

graphene. 

 The stronger the coupling of the surface plasmon reso-

nances of the two individual AuNPs within a dimer the 

higher is the resulting electromagnetic fi eld enhancement 

and thus the expected heating. [ 52 ]  This postulation is in good 

agreement with the experimentally observed behavior for 

different structures. In the case of AuNP dimers (Figure  5 a,b) 

the highest initial SERS signal has been recorded for dimer 

iii (light red data) which is attributed to a hot spot pro-

viding the highest fi eld enhancements among the three 

investigated structures (i–iii). As a consequence, the initial 

photobleaching is more signifi cant compared to the other 

two AuNP dimers (black and red data) due to higher heat 

induced damage. 

 A similar behavior is observed for AuDG hybrid struc-

ture III (Figure  5 c,d; Figure S4c,d, Supporting Information; 

blue data). In this case the contact between SLG and the 

underlying AuNPs is probably not strong enough to enable 

effi cient heat conduction. On the contrary, AuDG hybrid II 

exhibits a relatively low initial SERS signal correlated with 

a low noise level which both remain constant over the whole 

period of 800 s (Figure  5 c,d; Figure S4c,d, Supporting Infor-

mation; light blue data). This is caused by a less pronounced 

electromagnetic fi eld enhancement within the hot spot 

resulting in lower heating effects.   

  3.     Conclusion 

 In summary, the synthesis of novel AuDG hybrid struc-

tures is reported and their optical properties with regard to 

SERS are carefully characterized. We fi nd that AuNPs and 

graphene have a competing infl uence on the appearance of 

the fl uorescence background obtained by sandwiched dye 

molecules. Moreover, a deeper understanding of the hybrid 

material is gained by polarization-dependent SERS meas-

urements which allows for precise correlation of visible dis-

order within the graphene layer and spectral mode splitting 

of the 2D band. Furthermore, an improved photostability 

due to graphene encapsulation resulting in signifi cantly lower 

photobleaching rates is clearly demonstrated. This is attrib-

uted to the effi cient protection of the dye molecules from 

reactions with ambient oxygen by graphene and heat dissipa-

tion from the SERS hot spots. 

 The novel AuDG hybrid structures combine unique prop-

erties of three different building blocks within one material. 

Since every component can be independently tuned, hybrid 

structures represent a multifunctional tool in fi elds such as 

biosensing and bioelectronics. In this context, the addressa-

bility of the system introduced by the DNA origami template 

is highly benefi cial since it allows for the precise arrangement 

of nanoparticles and other functional entities such as dyes, 

conducting polymers, [ 57 ]  etc. On the other hand, the struc-

tures might be suitable for promoting investigations in the 

fi eld of graphene-enhanced Raman scattering (GERS) [ 37,58 ]  

and correlated mechanisms. The main profi t in this context is 

the possibility of using the DNA origami substrate as medi-

ator in order to precisely tune the interaction between NPs 

and graphene.  

  4.     Experimental Section 

  Preparation of AuDG Hybrid Structures : DNA origami struc-
tures, DNA-coated AuNPs, as well as AuNP dimers were prepared 
following a previously published procedure. [ 13 ]  The synthesis of 
DNA origami structures is based on the M13mp18 virus strand 
(New England Biolabs) used as scaffold which is folded to trian-
gular shape by the addition of 208 short ssDNA staple strands. [ 1 ]  
Eight staple strands (t-1s6e, t1s6i, t-1s8g, t1s8i and t-2s5f, t-2s7f, 
t2s5f, t2s7f) were extended at the 5′-end by the capture sequence 
5′-(AAA) 8 T 4 -3′ in order to realize the attachment of two AuNPs per 
DNA origami substrate. Extended ssDNA strands were purchased 
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6.4 DNA origami–AuNP dimer–graphene hybrid structures

Supporting Information

“Hybrid Structures for Surface-Enhanced Raman Scattering: DNA Origami/Gold
Nanoparticle Dimer/Graphene”

1. Phase AFM images of single AuNPs (5’-(TTT)4TX-SH-3’; X = TAMRA)
covered by SLG

Figure S1: Phase AFM images of AuNPs corresponding to the SERS spectra presented in Fig. 2b
with highlighted extension of folds. Images from left to right correlate to SERS spectra from top to
bottom (Fig. 2b). Scale bars: 200 nm.

2. AFM-SERS correlation using Cy3 as Raman reporter molecule

A
B

C

D

E F

a

b

c

d

e

f

a b

SLG

Si/SiO2

Figure S2:(a) AFM image of 40 nm AuNPs coated with Cy3-modified ssDNA (sequence: 5’-(ATT)3-
T4X-SH-3’ (X = Cy3)). A part of the AuNPs is non-covered (a–f), the other part is covered by SLG
(A–F). (b) Correlated SERS spectra for the AuNPs shown in (a). As discussed for TAMRA in the
main text, the SERS signals of graphene covered AuNPs exhibit a higher reproducibility regarding
signal intensities and background appearance.

3. SERS spectra of SLG, FLG and graphite

Figure S3: SERS spectra of SLG, FLG and graphite including the 2D’ peak at approximately
3245 cm−1.
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4. Independent time evolutions of signal and noise

a b

c d

AuNP dimers AuNP dimers

AuDG hybridsAuDG hybrids

Figure S4: Time evolutions of signal and noise for AuNP dimers (a, b) as well as for AuDG hybrid
structures (c, d) as a function of laser exposure time.
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6.5. UV photon-induced DNA strand breakage

“Using DNA Origami Nanostructures To Determine Absolute
Cross Sections for UV Photon-Induced DNA Strand

Breakage”

J. Phys. Chem. Lett. 6, 4589–4593 (2015).

� Main text: pp. 119–123

� Supporting Information (SI): pp. 124–127
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Using DNA Origami Nanostructures To Determine Absolute Cross
Sections for UV Photon-Induced DNA Strand Breakage
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ABSTRACT: We have characterized ultraviolet (UV) photon-induced DNA
strand break processes by determination of absolute cross sections for
photoabsorption and for sequence-specific DNA single strand breakage induced
by photons in an energy range from 6.50 to 8.94 eV. These represent the lowest-
energy photons able to induce DNA strand breaks. Oligonucleotide targets are
immobilized on a UV transparent substrate in controlled quantities through
attachment to DNA origami templates. Photon-induced dissociation of single
DNA strands is visualized and quantified using atomic force microscopy. The
obtained quantum yields for strand breakage vary between 0.06 and 0.5,
indicating highly efficient DNA strand breakage by UV photons, which is clearly
dependent on the photon energy. Above the ionization threshold strand breakage
becomes clearly the dominant form of DNA radiation damage, which is then also
dependent on the nucleotide sequence.

The susceptibility of the DNA molecule to energetic
photons, particularly to the ubiquitous ultraviolet (UV)

radiation, is the subject of an immense and long-standing
research.1 Because DNA is the carrier of genetic information,
any radiation-induced alteration or degradation of its structure
directly leads to drastic vital effects such as cell death or tumor
genesis.2,3 It has been shown that absorption in the UV range
around 4.7 eV (260 nm), corresponding to resonant1ππ*
excitation in the nucleobases,1,4 mainly leads to rapid
population of the electronic ground state via conical
intersections and to a small extent to nucleobase modifications
such as cyclobutane pyrimidine dimers.1 At higher photon
energies (>6 eV) DNA strand breaks become the dominant
form of radiation damage.5,6 To reach a profound under-
standing of photoinduced DNA strand breakage, which allows
modeling the irradiation effects on a macroscopic level, absolute
cross sections for a specific DNA damage are needed,
particularly their dependence on both the photon energy and
the molecular structure.
There has been a persistent effort to quantify the DNA

damage induced by vacuum ultraviolet (VUV) irradiation (see
refs 5, 7, and 8 and references therein); however, so far the
investigations have been typically performed on plasmid DNA,
in which the induced damage, such as single and double strand
breaks (SSBs and DSBs, respectively), can be recorded by gel
electrophoresis. The obtained results indeed provided valuable

information about the yields of SSBs and DSBs as a function of
both the irradiation dose and the photon energy, which were
important to understand, and model biological effects induced
by ionizing radiation.7 Nevertheless, the quantification of SSBs
by gel electrophoresis is error prone,6 and from the experiments
performed on plasmid DNA it remains unknown in which part
of the DNA the actual damage occurs and what the influence of
both the primary and the secondary structure on the DNA
damage is. It has been reported that stacking interactions
between the DNA nucleobases lead to a strong modification of
their electronic properties and hence their photoinduced
fragmentation dynamics.9 In early attempts to understand the
mechanism of UV-induced DNA strand breakage it was already
suggested that it depends on the nucleotide sequence. In these
experiments chromatographic methods were used to analyze
the damage to dinucleotides;10 however, as was demonstrated
recently with low-energy electrons, chromatographic methods
fail for the analysis of longer DNA sequences,11 in which
sequence-dependent effects are actually expected to be the
most relevant. Consequently, to the best of our knowledge,
absolute cross sections for VUV-induced sequence-specific
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DNA strand breakage of oligonucleotides have not yet been
reported.
Furthermore, the results measured for plasmid DNA may

depend markedly on the experimental procedure. For example,
it has been suggested that variation of the plasmid damage
reported by different authors may be due to different sample
preparation conditions and different structure of the DNA as a
result of different residual water containment by the dried
plasmid DNA.5 It has been also pointed out recently that the
film thickness can strongly influence the radiation damage by
modifying both the molecular structure of the material and the
deposition process.12 Finally, possible effects from either
secondary electrons produced in the substrate or an indirect
damage cannot be absolutely excluded.5 Therefore, it appears
that there is a serious constraint in the research on UV damage
to DNA. On the one hand the photophysics of basic DNA
components (e.g., nucelobases or nucleotides) can be studied
under well-defined conditions but cannot be simply extrapo-
lated to quantify the damage of the DNA molecule, as the
sequence and structure contributions are not taken into
consideration. On the other hand, the quantification of
degradation of a macroscopic DNA sample cannot be scaled
down to unambiguously determine the absolute cross section
for the VUV-induced damage of a single DNA molecule with
defined sequence.
In the following, we report an unprecedented study on

sequence-specific DNA damage induced by VUV photons on
the single-molecule level. By using DNA origami-based DNA
nanoarrays, we are able to visualize the dissociation of single
chemical bonds by atomic force microscopy (AFM)13−15 and
determine the absolute cross sections for strand breakage (σSSB)
in specific oligonucleotides at various photon energies. The
basic experimental procedure is illustrated in Figure 1a.
Triangular DNA origami substrates are used due to their

rigidity and their low tendency to form clusters. Because the
target sequences are arranged in a pattern recognizable in AFM
images, two target sequences can be studied simultaneously
within one irradiation experiment. The samples are deposited
on a UV transparent CaF2 substrate to avoid any secondary
effects due to absorption by the substrate and are irradiated
under normal atmospheric pressure in a transparent Ar
atmosphere. Under the dry conditions the direct interaction
of VUV photons with DNA is probed and the contribution of
OH radical-induced DNA damage can be ruled out. The target
sequences are modified with a biotin marker on the 5′ end.
After irradiation the DNA nanoarrays on the CaF2 substrates
are treated with a solution of streptavidin (SAv), which binds to
the biotin markers of the intact target oligonucleotides. The
SAv can then be easily recognized in AFM images and thus the
number and position of damaged target oligonucleotides can be
determined. The method is intrinsically digital regarding the
information on both the strand breakage and the target
sequence; therefore, it allows fast and parallel determination of
σSSB with unprecedented control over the DNA’s primary and
also secondary structure.16,17 The σSSB values have been
determined by measuring dose−response curves.18 The results
clearly indicate a dependence of σSSB on the photon energy and
to some extent also on the sequence. By measuring the photon
absorption cross sections (σPA) of the same target sequences at
the same photon energies, we additionally obtain the quantum
yield of DNA strand breakage.
DNA origami nanostructures were prepared from the

M13mp18 scaffold strand and a set of 208 short oligonucleo-

tides according to a well-established procedure.13,19 In brief, the
DNA strands are mixed in TAE buffer with 10 mM MgCl2 and
annealed from 80 °C to room temperature within 4−6 h, and
the nonassembled excess strands are removed by spin-filtering.
The assembled structures are deposited in 1× TAE buffer with
10 mM MgCl2 on CaF2 substrates for 2 min. The excess
solution is removed by washing with 4 mL of ethanol/water (1/
1) mixture, and subsequently the sample is dried with a blow of
nitrogen. Then, the samples are transferred into the irradiation
chamber and exposed to VUV photons. After irradiation the
samples are rinsed again with ethanol/water to remove
fragmentation products and then incubated in a 50 nM
solution of streptavidin (SAv) for 2 min, washed again, and
dried. Then, the samples are analyzed with AFM (Figure 1b).
Within the accuracy of the experiment the strand break cross
section is independent of the position of target strands on the
DNA origami template. Compared with isolated oligonucleo-
tides the target sequences in the present experiment are
attached to the DNA origami template and have thus one more
potential site that can be broken to be detected as a strand
break. A schematic view of the experimental setup is given in
Figure 1c. The irradiation chamber has been connected to the
APEX branch of the DISCO beamline20 of the SOLEIL
synchrotron facility (France) and filled with argon gas under
normal atmospheric pressure through the differential pumping
stage of the branch.21 For the present energy range, the second-
order light has been filtered off by a MgF2 window mounted on
the window valve isolating the differential pumping. Because
CaF2 holders are used any secondary effects that could result
from substrate irradiation (secondary electrons, heating, etc.)
are practically excluded. Because we are working on a single-
molecule level the photon irradiation above the ionization

Figure 1. (a) Scheme of the DNA origami triangles which serve as a
support of the oligonucleotide target structures. (b) Typical AFM
images of a nonirradiated control sample (left) and a sample irradiated
with VUV light (right). (c) Schematic view of the experimental setup.
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threshold of DNA is not expected to modify the strand
breakage or to lead to significant charging of the DNA. The
samples are inserted in front of the VUV beam by using a Z-
manipulator and irradiated for a defined period. The beam
diameter is larger than the exposed sample and the photon flux
is measured only for the exposed, active sample area. The
irradiation time was controlled by using a rotatable shutter
activated by a TTL signal. The photon flux has been constantly
monitored during the irradiation period by using a calibrated
photodiode (AXUV 100, International Radiation Detectors)
placed downstream the sample holder. The photon flux used to
evaluate the absolute cross sections has been measured with the
sample holder pulled out. A series of samples was irradiated
with different photon fluence at a fixed photon energy. The
relative number of strand breaks NSSB was extracted from AFM
images by comparing the number of specifically bound SAv on
irradiated and nonirradiated triangular DNA origami structures
with the expected maximum coverage. For each irradiated
sample, about ten AFM images, that is, 500−1000 DNA
origami structures, have been recorded and analyzed.
The fluence (Φ) dependence of NSSB at 8.44 eV photon

energy is shown in Figure 2. It shows a linear increase of NSSB

until a saturation is reached at ∼1.3 × 1015 cm−2. The DNA
origami structures are modified with two different oligonucleo-
tide sequences (TT(ATA)3TT and TT(CTC)3TT), which can
be independently analyzed by AFM. From the slope of the
linear fit in the low fluence regime σSSB is determined: NSSB =
σSSB·Φ.15,18 The strand break cross sections for the two
different DNA sequences at four different photon energies are
summarized in Supplementary Table 1 and displayed in Figure
3. They vary between 0.9 × 10−16 and 6.9 × 10−16 cm2

depending on the photon energy and the oligonucleotide
sequence.
Photoabsorption cross sections (σPA) for the oligonucleo-

tides have been measured in solution from 350 (3.54 eV) to
190 nm (6.52 eV) using both a double spectrophotometer and
the synchrotron radiation circular dichroism branch of the
DISCO beamline.22 Absorption measurements have been
carried out on thin films of oligonucleotides deposited on
CaF2 windows to reach for shorter wavelengths. The
condensed phase measurements have been scaled to absolute
cross sections obtained from the solution phase. Although UV

spectroscopy is known to be indicative of higher order structure
of biological polymers, the effect of the physical state on the
absorption cross sections is not drastic and both measurements
can be compared, as previously done for other biomolecules.23

The procedure is described in detail in the Supporting
Information.
The photon energy dependence of σSSB is displayed in Figure

3a (circles) and shows a minimum around 7.29 eV. At lower
energy (6.50 eV) σSSB is slightly larger, and toward higher
energies σSSB rises steeply. The slight increase in σSSB at 6.50 eV
indicates a resonant process and contrasts with the σPA, which
increases monotonically from 6.5 to 8.94 eV, as shown in the
top of Figure 3a (square symbols). The excitation in the 6.3 to
6.5 eV range is ascribed to a π−π* transition within the
nucleobases.24 In recent tandem mass spectrometric experi-
ments using protonated adenine-5′-monophosphate stored in
an ion trap and irradiated with VUV photons, a resonant
fragmentation around 6.50 eV was found resulting in the
formation of protonated adenine due to an N-glycosidic bond
cleavage.4 The current data show that the π−π* transition at
6.50 eV results not only in base abstraction but also in a more
efficient DNA strand breakage, that is, a bond cleavage within
the sugar−phosphate backbone.
At the higher energies investigated here the oligonucleotides

can be ionized at the nucleobases because the vertical ionization
energy (IE) of isolated A is 8.44 eV and the vertical IE of C is
8.94 eV.25 The IEs of stacked nucleobases are slightly lower15

and the ionization threshold of the DNA sugar 2′-deoxy-D-
ribose was recently found to be 9.4 eV,26 which is clearly above

Figure 2. Relative number of strand breaks plotted as a function of the
photon fluence at 8.44 eV. From the slopes of the linear fits in the low-
fluence regime the absolute cross sections for strand breakage are
extracted.

Figure 3. (a) Absolute cross sections for DNA photoabsorption (open
symbols) and strand breakage (full symbols) for two different
oligonucleotides determined at four different photon energies. (b)
Quantum yield for strand breaks for the two oligonucleotides obtained
from the data in panel a.
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the energies considered here. σSSB increases steeply at these
energies, indicating more efficient strand breakage from ionized
DNA compared with the strand breakage from electronically
excited states. In a previous study on single strand breakage in
plasmid DNA by 8.3 eV photons a cross section of 8.1 × 10−15

cm2 was found.27 The lower values of σSSB found in the present
study are ascribed to the fact that we have used 13mer
oligonucleotides compared with the plasmid DNA used by
Hieda et al., which consists of several thousand base pairs. At
higher photon energy of 26.5 eV an SSB cross section of (2 to
3) × 10−13 cm−2 was recently reported.28 In previous
experiments using low-energy electrons, strand break cross
sections on the order 10−14 cm2 have been reported for both
plasmid DNA18,29 and oligonucleotides.15 Such high damage
cross sections are due to the dissociative electron attachment
mechanism, which proceeds through a transient anionic state
and is very efficient at low electron energies.30,31

The two different oligonucleotide sequences investigated
here (TT(ATA)3TT and TT(CTC)3TT) exhibit very similar
properties, but distinct differences appear for σSSB at higher
energies (8.44 and 8.94 eV, see Figure 3a). That is, σSSB is
higher for the TT(ATA)3TT sequence than for the TT-
(CTC)3TT sequence by a factor of 1.3 at 8.44 eV and by a
factor of 1.4 at 8.94 eV. The comparison with the absorption
cross section of the two oligonucleotides (Figure 3a, square
symbols) indicates that the higher sensitivity of the A-
containing sequence can partly be attributed to a higher
photoabsorption. Nevertheless, a very recent study found that
the energy threshold for DNA photo damage at the sugar-
phospate backbone is considerably lower (4.2 eV) than that for
damage at the nucleobases (6.9 eV).32 Such low-energy
thresholds might be associated with low ionization energies
that have been reported for the negatively charged phosphate in
DNA.33 Thus, the strand breakage at low energies proceeds
most likely via the DNA backbone, and at higher energies
fragmentation pathways involving the nucleobases start to be
operative, resulting in more distinct values of σSSB for the two
different sequences. At 8.44 and 8.94 eV a radical cation might
be formed on one the nucleobases. Previously, it was shown
that excited nucleobase radical cations are transferred into sugar
radicals through a hole and proton transfer.34−36 These sugar
radicals represent important precursors for DNA strand
breakage, and they might be formed more efficiently in the A
containing sequence than in the C containing sequence.
The energy dependence of the strand break quantum yield is

presented in Figure 3b. For both molecules, the yields range
from 16% at 6.5 eV to 40−50% at 8.94 eV, with a minimum at
7.29 eV of 6−8%. Interestingly, the minimum at 7.24 eV
observed in Figure 3b indicates that a relaxation mechanism
other than strand breakages becomes predominant at 7.24 eV.
Nevertheless, the quantum yields demonstrate the extremely
high efficiency of DNA strand breakage upon absorption of UV
photons. Thus, the strand breakage is most likely a direct result
of the excitation/ionization either of the DNA backbone or the
nucleobases and is not due to a combined process such as the
production of secondary low-energy electrons, which then react
with the target sequence. Furthermore, the quantum yields
indicate that strand breakage is the dominant decay channel
after photon absorption at energies above the ionization
threshold.
In conclusion, we present for the first time absolute cross

sections and quantum yields for the strand breakage of specific
oligonucleotide sequences (TT(ATA)3TT and TT(CTC)3TT)

induced by VUV photons with energies around the ionization
threshold (6.50, 7.29, 8.44, and 8.94 eV). The strand break
cross sections vary between 0.9 × 10−16 and 6.9 × 10−16 cm2

depending on both the oligonucleotide sequence and the
photon energy. DNA strand breakage takes place both from the
π−π* transition at 6.50 eV and presumably from ionized states
accessed at higher photon energies. The strand breakage is
highly efficient, which is reflected by quantum yields ranging
from 6 to 50%. The sequence dependence of σSSB is most
pronounced at the higher energies investigated here and is
reflected in a higher sensitivity of the A-containing sequence,
which could be due to a stronger delocalization of excited/
ionized stats in stacked A bases. The present experiments are
based on a novel DNA origami technique, which allows us to
determine absolute cross sections for strand breakage in well-
defined oligonucleotide sequences. This is the basis for a
thorough and comprehensive investigation of photoinduced
DNA strand break mechanisms.
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Supporting Information

“Using DNA Origami Nanostructures to Determine Absolute Cross Sections for
UV Photon-Induced DNA Strand Breakage”
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Figure S2. To test the VUV stability of the biotin (Bt) label a single biotin modification was 
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increase in Bt damage can be observed.  
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Figure S2: To test the VUV stability of the biotin (Bt) label a single biotin modification was attached
to the DNA origami templates and the irradiation was performed at 8.44 eV. No increase in Bt damage
can be observed.
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Figure S3. Relative number of strand breaks plotted as a function of the photon fluence at 

6.50 eV, 7.29 eV, and 8.94 eV.  

 

4. Measurements of the photoabsorption cross sections 

The photoabsorption cross section of the TT(CTC)3TT and TT(ATA)3TT oligonucleotides 

have been measured for solutions and for thin films using two instruments: a double beam 

spectrophotometer and a synchrotron radiation circular dichroism spectrometer.  The details 

of the measurements and of the data treatment are given below.  We will refer to CTC and 

ATA in the following for TT(CTC)3TT and TT(ATA)3TT, respectively. 

Stock solutions of ATA and CTC were received from the supplier (Metabion, Germany) with 

a claimed concentration of 100µM in water.  

Solution phase  

The stock solutions of ATA and CTC were diluted in TAE buffer and in MgCl2 solution to 

1µM. Measurements were made in 1cm quartz cuvette using a Specord 210 (Analytic Jena), 

which is a double beam spectrophotometer with 0.5 nm wavelength accuracy.   

Figure S3: Relative number of strand breaks plotted as a function of the photon fluence at 6.50 eV,
7.29 eV, and 8.94 eV.
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4. Measurements of the photoabsorption cross sections

The photoabsorption cross section of the TT(CTC)3TT and TT(ATA)3TT oligonucleotides
have been measured for solutions and for thin films using two instruments: a double beam
spectrophotometer and a synchrotron radiation circular dichroism spectrometer. The details
of the measurements and of the data treatment are given below. We will refer to CTC and
ATA in the following for TT(CTC)3TT and TT(ATA)3TT, respectively. Stock solutions
of ATA and CTC were received from the supplier (Metabion, Germany) with a claimed
concentration of 100 µM in water.

Solution phase

The stock solutions of ATA and CTC were diluted in TAE buffer and in MgCl2 solution to
1 µM. Measurements were made in 1 cm quartz cuvette using a Specord 210 (Analytic Jena),
which is a double beam spectrophotometer with 0.5 nm wavelength accuracy.
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Figure S4. Photoabsorption spectra of CTC and ATA measured in the TAE buffer and in the 

MgCl2 solution. 

Figure S2 presents the absorbance spectra. The TAE buffer becomes opaque at wavelength 

shorter than 250 nm. In contrast, when using a MgCl2 solution 200 nm can be reached. The 

spectrum is not affected by the type of buffer.  

In order to reach shorter wavelength, experiments were carried out using the SRCD 

spectrometer1 of the DISCO beamline2 at the SOLEIL facility. The SRCD branch allows 

measurements down to 125 nm.  We used fixed exit slits giving a spectral resolution ranging 

from 2 nm to 1 nm over the spectral range investigated. Owing to the strong absorbance of the 

TAE buffer, we used MgCl2 solutions only in CaF2 cells (Hellma) with 58µm path length. 

Spectra of the blank (MgCl2 solution) and the solution were recorded in triplicate.  We have 

followed the method described by Sutherland and coworkers3 in which the dependency of the 

gain of the photomultiplier with the wavelength is used to obtain absorbance. The 

photoabsorption spectra are presented in figure S3 (green curve) and compared to those made 

with the spectrophotometer (red curve).  Both data agree well, the difference in the band 

shape arises from higher spectral resolution of the SRCD spectrometer.  The SRCD 

measurements extend the data down to 190 nm.  

The absorbances were converted in molar extinction coefficient by: 

Figure S4: Photoabsorption spectra of CTC and ATA measured in the TAE buffer and in the MgCl2
solution.

Figure S2 presents the absorbance spectra. The TAE buffer becomes opaque at wavelength
shorter than 250 nm. In contrast, when using a MgCl2 solution 200 nm can be reached. The
spectrum is not affected by the type of buffer.
In order to reach shorter wavelength, experiments were carried out using the SRCD spec-
trometer [1] of the DISCO beamline [2] at the SOLEIL facility. The SRCD branch allows
measurements down to 125 nm. We used fixed exit slits giving a spectral resolution ranging
from 2 nm to 1 nm over the spectral range investigated. Owing to the strong absorbance
of the TAE buffer, we used MgCl2 solutions only in CaF2 cells (Hellma) with 58 µm path
length. Spectra of the blank (MgCl2 solution) and the solution were recorded in triplicate.
We have followed the method described by Sutherland and coworkers [3] in which the depen-
dency of the gain of the photomultiplier with the wavelength is used to obtain absorbance.
The photoabsorption spectra are presented in Figure S3 (green curve) and compared to those
made with the spectrophotometer (red curve). Both data agree well, the difference in the
band shape arises from higher spectral resolution of the SRCD spectrometer. The SRCD
measurements extend the data down to 190 nm. The absorbances were converted in molar
extinction coefficient by:

ε =
A

c · l
where A is the absorbance, c the concentration in mol/L, l the optical path length in cm,
and ε the molar extinction coefficient in L/mol cm. The absorbances measured in Log10 were
divided by 0.43429 according to Berkowitz. [4]
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Films measurements

To reach shorter wavelength, thin films of the oligonucleotides were deposited on CaF2 win-
dows. The films were prepared by spraying the mother solution using an APCI probe (Thermo
Finigan). The sheath gas entry of the ion source was connected to 4 bar of nitrogen and the
solution was infused using a syringe pump at 10 µL/min. The solution was sprayed out of
a fused silica capillary (100 µm internal diameter) by the compressed gas surrounding the
capillary. The ion source was placed in a vertical position above the CaF2 window for a
certain amount of time, which allowed controlling the film thickness. The spraying time was
gradually increased until a measurable absorption signal was obtained over the wavelength
range of interest. To avoid measuring contributions from the buffer, the films were prepared
by spraying the mother aqueous solution. The CaF2 window was first measured without any
film deposited to obtain the blank spectrum. Then the film was deposited on the window and
was measured in the same conditions. Three (3) spectra were averaged and the Sutherland’s
[3] procedure was used. The absorbances measured for the thin films were scaled to the
molar extinction coefficients measured for the solutions using the SRCD spectrometer. The
scaling factor was chosen in order to minimize the difference between the film and solution
spectra where overlapping. We estimate this process to be accurate by 10%. Therefore the
photoabsorption coefficient and cross section from the thin films are given with 10% error.
The spectra are presented in Figure S3.
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Figure S5.  Photoabsorption spectra (expressed in molar extinction coefficient ε) of CTC 

(left panel) and ATA (right panel) oligonucleotides obtained in solution using the Specord 

210 spectrophotometer (red curves) and the SRCD spectrometer (green curves). Thin film 

measurements made using the SRCD spectrometer are presented in blue. 
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Figure S5: Photoabsorption spectra (expressed in molar extinction coefficient ε) of CTC (left panel)
and ATA (right panel) oligonucleotides obtained in solution using the Specord 210 spectrophotometer
(red curves) and the SRCD spectrometer (green curves). Thin film measurements made using the
SRCD spectrometer are presented in blue.

The molar extinction coefficient ε is converted into a cross section σ using the following
equation from Berkowitz [4]:

ε

[
L

mol · cm

]
= σ[Mb] · 6.020389 · 102
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Supplementary Table 1: Photoabsorption and single strand break absolute cross section in
10−16 cm2 for the two different oligonucleotides at different photon energies. Strand break quan-
tum yields are given for each oligonucleotide.

Photon TT(CTC)3TT TT(ATA)3TT
energy /
eV

σPA σSSB ρSSB σPA σSSB ρSSB

6.50 5.7 ± 0.6 0.9 ± 0.4 0.16 ± 0.09 7.4 ± 0.7 1.2 ± 0.3 0.16 ± 0.06

7.29 7.5 ± 0.7 0.6 ± 0.1 0.08 ± 0.02 8.5 ± 0.9 0.5 ± 0.1 0.06 ± 0.02

8.44 10.2 ± 1.0 2.2 ± 0.4 0.21 ± 0.06 10.3 ± 1.0 2.8 ± 0.2 0.27 ± 0.05

8.94 11.5 ± 1.2 4.9 ± 0.5 0.43 ± 0.09 13.4 ± 1.3 6.9 ± 1.1 0.51 ± 0.13

References
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Anisotropic metal growth on 
phospholipid nanodiscs via lipid 
bilayer expansion
Jana Oertel1,*, Adrian Keller2,3,*, Julia Prinz4, Benjamin Schreiber2,5, René Hübner2, 
Jochen Kerbusch2, Ilko Bald4,6 & Karim Fahmy1,5

Self-assembling biomolecules provide attractive templates for the preparation of metallic 
nanostructures. However, the intuitive transfer of the “outer shape” of the assembled macromolecules 
to the final metallic particle depends on the intermolecular forces among the biomolecules which 
compete with interactions between template molecules and the metal during metallization. The shape 
of the bio-template may thus be more dynamic than generally assumed. Here, we have studied the 
metallization of phospholipid nanodiscs which are discoidal particles of ~10 nm diameter containing 
a lipid bilayer ~5 nm thick. Using negatively charged lipids, electrostatic adsorption of amine-coated 
Au nanoparticles was achieved and followed by electroless gold deposition. Whereas Au nanoparticle 
adsorption preserves the shape of the bio-template, metallization proceeds via invasion of Au into the 
hydrophobic core of the nanodisc. Thereby, the lipidic phase induces a lateral growth that increases the 
diameter but not the original thickness of the template. Infrared spectroscopy reveals lipid expansion 
and suggests the existence of internal gaps in the metallized nanodiscs, which is confirmed by surface-
enhanced Raman scattering from the encapsulated lipids. Interference of metallic growth with 
non-covalent interactions can thus become itself a shape-determining factor in the metallization of 
particularly soft and structurally anisotropic biomaterials.

In the last two decades, the metallization of biomolecules has received considerable attention as the resulting 
biomolecule-templated metal nanostructures have great promise for applications in nanoelectronics and plas-
monics. A variety of biomolecular complexes including lipid tubules1, microtubules2, amyloid fibrils3, S-layers4, 
and especially DNA5–11 have been used as templates for metallization. Consequently, a number of techniques have 
been developed for the deposition of different metals on the biomolecular templates including silver3,6, gold3,8,10, 
copper9, nickel1,2, cobalt1,2, platinum7, and palladium4,5,11. With few exceptions3, most of these methods rely on 
the activation of the biomolecules by a specific immobilization of metal ions, followed by a reduction step which 
leads to the formation of metallic nanoclusters along the template. These clusters can then be fused together by 
electroless deposition so that a continuous metallic nanostructure is obtained.

Recently, Schreiber et al. reported a different approach that does not rely on a direct binding of metal ions but 
rather makes use of the negative charge of the DNA backbone to assemble metallic nanoclusters along the DNA 
strands12. To this end, the authors incubated differently shaped DNA nanostructures with positively charged 
gold nanoparticles (AuNPs) which were then, due to electrostatic interactions with the phosphate groups in the 
DNA backbone, immobilized on the DNA surface. By electroless gold deposition, the AuNPs could again be 
fused together, so that DNA-templated AuNPs of defined shape were formed. In this work, we have adapted this 
approach12 and applied it to another biomolecular nanostructure of considerable importance, namely phospho-
lipid nanodiscs (NDs).
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Phospholipid NDs are water-soluble planar phospholipid bilayer particles surrounded by two copies of an 
amphipathic helical protein (membrane scaffold protein, MSP) derived from apolipoprotein ApoA113. NDs 
exhibit a very well-defined size between 10 and 20 nm depending on the MSP variant used. This allows for the 
incorporation of single membrane proteins into the NDs14. Despite the confinement of the phospholipid bilayer 
by the MSP, NDs provide a native-like environment for membrane proteins which maintain their native structure 
and function15,16. Therefore, phospholipid NDs represent promising systems for the structural investigation of 
membrane proteins and their interaction with drug molecules by a variety of spectroscopic techniques including 
Raman scattering17 and surface-enhanced infrared spectroscopy (SEIRS)18. Furthermore, NDs can also be used as 
building blocks for the self-assembly of larger hierarchical nanostructures. For instance, DNA-modified NDs have 
been synthesized by insertion of cholesterol-modified DNA oligonucleotides into the membrane which assem-
bled upon DNA hybridization into wire-like bionanostacks19. By utilizing the polyhistidine tag of the MSPs, these 
bionanostacks could then be used as scaffolds for the controlled arrangement of gold nanoparticles20.

Here, we investigate the metallization of NDs and elucidate the fate of the bio-template during metallization by 
spectroscopic and microscopic techniques. In contrast to DNA, NDs are naturally soft and more fragile due to the 
confining protein belt, and thus may get deformed and even disrupted during metallization. Therefore, studying 
the internal structure of the NDs during metallization will be indispensable for understanding the metallization 
process and potentially exploiting unique features of deformable matrices for the template-directed 2D or 3D 
growth of metallic layers and especially metal-insulator stacks.

We have followed the metal growth on NDs in situ by atomic force, scanning electron, and transmission 
electron microscopy, as well as optical spectroscopy. Infrared spectroscopy has been employed to detect 
metallization-induced structural changes of the constituents of the NDs. These investigations reveal that metal-
lization proceeds in the form of a template-directed lateral growth of the AuNPs immobilized on the lipid 
headgroups which leads to a significant lateral expansion of the ND core. Using infrared spectroscopy and 
surface-enhanced Raman scattering (SERS) measurements of the AuNDs, we assess their inner structure and 
demonstrate strong Raman enhancement of the enclosed lipidic phase.

Results and Discussion
Negatively charged NDs have first been assembled from the MSP variant MSP1D121 and negatively charged 
DMPG (1,2-dimyristoyl-sn-glycero-3-phospho-1′​-rac-glycerol) lipids. The negatively charged DMPG-lipid NDs 
were then mixed with positively charged amine-coated AuNPs with a diameter of 1.4 nm. Due to the attractive 
electrostatic interactions with the DMPG head groups, AuNPs got immobilized on both sides of the confined 
lipid bilayer. After removal of unbound AuNPs by spin filtering, electroless gold deposition was performed and 
followed in situ using UV-Vis spectroscopy. Figure 1A shows the obtained absorption spectra recorded at time 
increments of Δ​t =​ 1 min. The absorption is increasing drastically with deposition time at all wavelengths investi-
gated, indicating the continuous deposition of metallic gold. However, the increase of absorption is considerably 

Figure 1.  (A) UV-Vis spectra of AuNDs during electroless deposition recorded at time increments Δ​t =​ 1 min. 
The dotted line represents the spectrum of the AuNP-decorated nanodiscs before electroless deposition.  
(B) UV-Vis spectra of AuNDs and 1.4 nm AuNPs after 21 min of electroless deposition.
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slowed down already after a few minutes until almost no further increase is observed for t >​ 20 min which indi-
cates the depletion of gold ions in the solution. Already after 1 min of deposition, a strong increase of absorption 
at wavelengths below 440 nm is observed, corresponding to the interband absorption of gold22. After 2 min, a 
second rather broad absorption peak appears around 550 nm, i.e., in the spectral region of the typical plasmon 
resonances of AuNPs. At longer deposition times, the 550 nm peak becomes narrower and the absorption at 
wavelengths above 600 nm strongly increases which probably indicates the formation of larger aggregates of 
AuNDs. The absorption bands measured over the first 10 min scale with the amount of the respective materials 
and show the successive increase of fully metallized AuNDs in relation to the initially formed metallic gold clus-
ters. At later times, the instrument response saturates, which leads to increased noise and prevents quantitating 
the formation of aggregates.

Figure 1B compares UV-Vis absorption spectra of AuNDs and pure AuNPs without NDs both after 21 min 
of electroless deposition. The pure AuNPs show a much lower total absorption and do not exhibit a pronounced 
plasmon absorption peak. Although the initial amount of gold in solution was identical for the two samples, the 
colloidal AuNPs have a very small size of 1.4 nm and only a rather small amount of gold was deposited. Since the 
extinction coefficient of AuNPs in this size range increases about one order of magnitude when the diameter of 
the particles is doubled23, the larger AuNDs also have a much larger extinction. The appearance of the plasmon 
resonance peaks in the AuND sample is therefore also accompanied by a change of color: the initially clear solu-
tion turns purple during deposition when the individual AuNPs are fused together.

The geometric and crystalline structure of the AuNDs has been assessed by atomic force and electron micros-
copy. Figure 2A shows an atomic force microscopy (AFM) image of AuNDs immobilized on a silicon surface. 
Three AuNDs with almost circular shape and similar diameters are clearly observed. Due to the convolution with 
the AFM tip, however, only the heights of the AuNDs have been determined from the AFM images. The histo-
gram of heights given in Fig. 2B reveals a rather narrow distribution. The Gaussian fit of the distribution indicated 
by the solid line in Fig. 2B is centered at a height of 4.7 nm and has a full width at half maximum (FWHM) of 
2.5 nm. This height value is very similar to the height of non-metallized DMPG-lipid NDs of 5.0 nm as deter-
mined by AFM (see Supplementary Information for details) and agrees fairly well with the reported thickness of 
DMPG bilayers in solution24.

In order to accurately characterize the diameter of the AuNDs, scanning electron microscopy (SEM) images 
of the same sample have been taken. In the SEM image shown in Fig. 2C, AuNDs are clearly resolved due to the 
high Z contrast between gold and silicon. A stack of 400 individual SEM images has been analyzed to determine 
the lateral size of the AuNDs. To this end, a lower threshold of 50 nm2 has been introduced corresponding to 
a lower AuND diameter of 8 nm, in order to exclude residual free AuNPs from the analysis. The perimeter/
diameter histogram and the Gaussian fit shown in Fig. 2D reveal a rather broad distribution centered at a mean 
AuND diameter of 15.5 nm with a FWHM of 26.5 nm. The fact that AuNDs with diameters larger than 40 nm are 
observed suggests the presence of aggregates of AuNDs, as already observed in the UV-Vis spectra. Aggregates 
of a few AuNDs may form during deposition and incubation and get immobilized on the silicon surface. On the 
other hand, the decoration of the negatively charged DMPG-lipid NDs with the positively charged AuNPs may 
lead to a local charge inversion on the surface of some of the NDs. This charge inversion might then facilitate the 
AuNP-mediated aggregation of the NDs prior to electroless deposition.

NDs assembled from MSP1D1 exhibit a mean diameter of 9.7 nm as determined by small angle X-ray scatter-
ing21. Therefore, the rather dominant peak of the size distribution in Fig. 2D at a diameter of 15.5 nm most likely 
corresponds to the diameter of the AuND monomer. This increase in diameter by ~6 nm is particularly notewor-
thy as no increase in ND thickness is observed by AFM (Fig. 2B).

The crystalline structure of the AuNDs has been assessed by high-resolution transmission electron micros-
copy (HR-TEM). The HR-TEM image in Fig. 2E shows AuNDs of different size. The microstructure of the AuNDs 
can be clearly resolved, revealing their polycrystalline nature. This is even more evident from the Fast Fourier 
Transform (FFT) given in Fig. 2F, which has been calculated from the square region indicated in the TEM image, 
i.e., from a single AuND. The FFT consists of several spots arranged on concentric circles evidencing the existence 
of several crystallites in a single AuND. In particular, the observed spots correspond to lattice spacings of 2.35 Å, 
2.04 Å, 1.45 Å, 1.24 Å, and 1.16 Å, which can be assigned to the (111), (200), (220), (311), and (222) lattice planes 
of gold, respectively. Interference of lattice fringes from two crystallites can lead to Moiré fringes, explaining the 
two inner peaks in the FFT corresponding to a spacing of 3.79 Å. Although the growth of the AuNPs due to elec-
troless gold deposition proceeds epitaxially25, the fact that the AuNPs are immobilized with random orientation 
on the ND leads to the formation of grains and thus polycrystalline AuNDs.

The state of the organic material within the AuNDs was assessed by attenuated total reflection Fourier 
transform infrared (ATR-FTIR) spectroscopy. As can be seen in Fig. 3, the association of AuNPs with the 
DMPG-reconstituted NDs does not cause significant changes in the infrared absorption spectrum. The lipid 
ester and the amide I absorption peaks at 1739 cm−1 and 1653 cm−1, respectively, are visible in both preparations. 
Likewise, the symmetric (2851 cm−1) and antisymmetric (2918 cm−1) CH2 stretching modes are not affected by 
the electrostatic association of the NDs with the AuNPs. In contrast, extensive spectral changes are observed after 
electroless gold deposition. The lipid ester carbonyl stretching mode has almost completely disappeared which 
is indicative of the quenching of its transition dipole moment. Polarization-dependent selection rules of vibra-
tional modes near metallic surfaces26 can lead to strong alterations of the relative intensities of absorption bands 
as is known from reflection absorption infrared spectroscopy of lipids on gold support27. Only those vibrational 
modes are observed that have a transition dipole moment perpendicular to the metal surface. Also the CH2 
stretching modes are affected by the metallization. The peak intensity is again reduced and an increased frequency 
of the symmetric and antisymmetric stretching modes observed. Such a frequency up-shift is typical of decreased 
packing interactions between acyl chains28. Remarkably, the frequency of the antisymmetric CH3 stretching mode 
of the acyl chain termini at 2958 cm−1 is affected neither by electrostatic adsorption of Au nanoparticles nor by 
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Figure 2.  Structural characterization of the AuNDs. (A) AFM image of AuNDs (height scale 6 nm) and  
(B) corresponding histogram of the AuND height. The solid line in (B) corresponds to a Gaussian fit yielding 
a mean AuND height of 4.7 nm and a FWHM of 2.5 nm. A total of n =​ 191 AuNDs have been analyzed.  
(C) SEM image of AuNDs and (D) corresponding histogram of the AuND perimeter/diameter. The solid line 
in (D) corresponds to a Gaussian fit yielding a mean AuND diameter of 15.5 nm and a FWHM of 26.5 nm. 
A total of n =​ 2582 AuNDs have been analyzed. (E) HR-TEM image of AuNDs. (F) Fast Fourier Transform 
(FFT) of the square region indicated in (D). As a guide to the eye, the Au diffraction rings are marked by 
dotted circles.
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the electroless Au depositions. This suggests that the acyl chain ends in the center of the bilayer do not form 
inter-leafed structures or become exposed to aqueous or metallic phases during the metallization process. Finally, 
the broadening and the shift of the amide I mode from 1653 to 1639 cm−1 evidences the unfolding of the helical 
secondary structure of the MSP. The ensemble of the spectral changes suggests an invasion of metallic gold into 
the sub-headgroup region of the lipids, thereby pushing acyl chains apart. As a consequence of this lateral expan-
sion, the MSP gets stretched longitudinally, leading to the unfolding of its helical structure. In this picture, gold 
grows predominantly in a lateral manner between lipid headgroups but also towards the center of the bilayer, 
such that the acyl methylene absorption becomes partially suppressed. Remarkably, the growth proceeds without 
increasing the thickness of the NDs as observed by AFM (Fig. 2A,B). This demonstrates that the original bilayer 
thickness, rather than its circumference, is the predominant template dimension that governs metal growth and 
which becomes inherited by the final metallic particles. The evidenced preservation of organic material in the 
AuNDs, however, raises the question to which extent non-metallic voids or gaps persist in the AuNDs.

In an attempt to verify the presence of internal gaps in the AuNDs as suggested by the ATR-FTIR spectra in 
Fig. 3, the so-called Fresnel contrast has been utilized in TEM imaging29. In this imaging mode, Fresnel fringes 
can be generated wherever the inner potential of the sample changes abruptly by imaging this particular region 
out of focus. Hence, this technique is particularly useful for imaging voids and embedded bubbles. Figure 4 shows 
TEM images of the same sample region imaged in focus and with an underfocus of 1.5 μ​m. In the latter image, 
Fresnel fringes are clearly visible surrounding the shapes of the AuNDs. Directly inside the AuNDs, however, 
no clear fringes are visible. There are thus no distinct hints for pores inside the AuNDs. However, disc-shaped 
internal gaps within sandwich-like Au structures do not provide a strong change in the inner potential and can 
thus not be resolved by this technique. Therefore, Fresnel imaging in combination with the FTIR results suggests 
that the AuNDs consist of two parallel gold discs that have partially grown into the membrane region and are 
separated by a small gap centered at the interface of the two lipid leaflets.

The pathway of ND metallization as deduced from above experimental data is summarized in Fig. 5. Positively 
charged AuNPs of 1.4 nm diameter are immobilized on both surfaces of the confined DMPG-lipid bilayer due to 
electrostatic interactions with the negatively charged lipid headgroups. This immobilization affects neither the 
MSP structure nor the state of the lipids within the NDs as observed in the ATR-FTIR spectra in Fig. 3. During 
electroless deposition, the immobilized AuNPs grow in size and fuse together. However, instead of isotropic 
AuNP growth in all directions, the microscopic and spectroscopic data suggest a template-directed lateral growth 
which leads to a significant increase in ND diameter from about 9.7 to 15.5 nm while the thickness remains largely 
unaffected (see Fig. 2A–D). Since the observed shift in the amide I band to lower wavenumbers evidences the 
denaturation of the MSP due to metallization, it appears likely that this lateral growth of the AuNPs leads to a 
deformation of the ND core of the AuND as depicted in Fig. 5. Although the ATR-FTIR spectra further show the 
growth of the AuNPs into the membrane region, growth stops before a fully metallized AuND is formed, leaving 
the AuNDs with an internal, probably lipid-containing, gap. The lack of clear Fresnel fringes inside the AuNDs in 

Figure 3.  ATR-FTIR spectra of NDs at different stages of the metallization process: pure non-metallized 
NDs (broken line), NDs with immobilized AuNPs before gold deposition (dash-dotted line), fully 
metallized AuNDs (solid line). All spectra are corrected for background absorption of the respective buffer 
solutions. The amide II absorption range is shown for completeness but variability in buffer absorption in this 
range prevents a more precise frequency assignment. The chemical structure of DMPG is shown on top of the 
spectra. Arrows indicate the IR-spectral range in which the structural elements show major absorption bands. 
The putative local interaction with positively charged gold particles before electroless metal deposition is 
symbolized by the blue sphere.
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the TEM image of Fig. 4 further suggests that this internal gap is not fully embedded in the grown gold matrix but 
rather represents a thin spacer between two approximately parallel gold discs of about 2 nm thickness.

Similar nanoscale gaps have been observed after electroless deposition onto DNA coated AuNPs30. The result-
ing Au@Au core@shell nanoparticles exhibiting internal gaps of about 1 nm thickness were found to be SERS 
active due to a strong electromagnetic field enhancement in the nanogaps upon laser irradiation. Therefore, we 
performed Raman measurements on native NDs and metallized AuNDs in order to evaluate whether the AuNDs 
are SERS active.

The obtained Raman spectrum of the non-metallized NDs (broken line in Fig. 6) consists of some very intense 
peaks in the range from about 2900 cm−1 to about 3700 cm−1 and a small peak at 1640 cm−1, which are identified 
as OH stretching and bending modes of water and TRIS in the buffer. An almost identical spectrum is obtained 
for pure buffer without any NDs (dotted line in Fig. 6). In the case of the metallized AuNDs (solid line in Fig. 6), 

Figure 4.  Bright-field TEM images of AuNDs taken in focus (upper image) and with an underfocus of 
1.5 μm (lower image). 

Figure 5.  Pathway of ND metallization resulting in deformed AuNDs with internal gaps. 
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however, several additional peaks are observed in the spectral regions from 800 cm−1 to 1500 cm−1 and from 
2800 cm−1 to 3000 cm−1 which are characteristic for phospholipids31. The bands at 2800 cm−1 to 3000 cm−1 cor-
respond to the CH stretching modes of the methylene groups, and the pronounced band at 1452 cm−1 is assigned 
to the CH2 scissoring mode31. The signal around 1123 cm−1 consists most likely of different contributions and is 
attributed to C-C and PO2

− stretching modes. The bands at 815 and 945 cm−1 originate most likely from the MSP. 
The band at 945 cm−1 can be attributed to the N-Cα-C mode while the band at 815 cm−1 might originate from 
tyrosine32. Since these modes are not observed in non-metallized NDs and taking further into account that the 
AuNDs were slightly less concentrated, the appearance of these peaks results from a Raman enhancement in the 
gap region of the metallized DMPG-lipid NDs. This Raman enhancement thus is further evidence for the pres-
ence of internal gaps in the AuNDs.

Conclusion
In the present work, DMPG-lipid NDs have been metallized using electroless gold deposition with colloidal 
AuNPs as seeds. The seeding process was enabled by the electrostatic interaction of the positively charged AuNPs 
with the negatively charged DMPG headgroups. UV-Vis spectroscopy revealed the rapid growth of the AuNDs 
within the first few minutes of deposition, while growth arrest was observed after about 20 min due to the deple-
tion of ionic gold in the solution. The ND efficiently restricts metallization to two-dimensional growth by a mech-
anism that involves the expansion of the hydrophobic core of the particle at essentially constant thickness. Lateral 
deformability appears to be the crucial factor for the anisotropic metallization. The obtained discoidal AuNDs 
are polycrystalline and have a mean height and diameter of 4.7 nm and 15.5 nm, respectively, as determined by 
atomic force and electron microscopy. The AuNDs furthermore exhibit significant Raman enhancement of the 
enclosed lipidic phase and thus represent attractive SERS-active substrates.

Methods
Assembly of negatively charged DMPG-lipid nanodiscs.  The protocol for the phospholipid nano-
disc assembly was adapted from the original publication13. In order to enable the metallization of the nanodiscs, 
however, negatively charged 1,2-dimyristoyl-sn-glycero-3-phospho-(1′​-rac-glycerol) (DMPG; Avanti Lipids) was 
used. A completely dried DMPG lipid film was solubilized in buffer A, containing cholate as detergent twice the 
concentration of the lipid, and sonicated until a clear solution was obtained. The respective lipid/sodium cholate 
solution and MSP1D1 (see Supplementary Information) were mixed to yield a final concentration of 12 mM 
lipid and 0.2 mM MSP1D1. The mixture was incubated for 1 h at 25 °C. The detergent was removed by Detergent 
Removal spin columns (Pierce). The size and the homogeneity of the DMPG-lipid NDs were verified by size 
exclusion chromatography (see Figure S1).

Metallization of DMPG-lipid nanodiscs.  The metallization process of phospholipid nanodiscs was 
adapted from the protocol of Schreiber et al. who applied it to DNA origami nanostructures12. For the whole 
metallization procedure, buffer A was used in a 1:10 dilution (5 mM Tris–HCl, 20 mM NaCl, pH 7.4). Negatively 
charged DMPG-lipid nanodiscs (400 nM) were incubated with positively charged, amine-coated 1.4 nm nanogold 
particles (Nanoprobes) at a final concentration of 1.5 μ​M for one hour at room temperature. After incubation, the 
sample was spin filtered twice through an Amicon Ultra−​0.5 mL filter (100 kDa MWCO, Millipore) to remove 
excess nanogold and diluted 1:5 in buffer A to get a final concentration of approximately 100 nM nanodiscs dec-
orated with Au-particles. The controlled growth of the nanogold particles was achieved by electroless gold depo-
sition from solution using the gold enhancement kit (GoldEnhance LM, Nanoprobes) following the instructions 
of the supplier and mixed 1:1 with the Au-seeded nanodisc sample.

Figure 6.  Raman spectra of AuNDs (~320 nM, solid line), non-metallized DMPG-lipid NDs (400 nM, 
broken line), and pure buffer (dotted line) obtained under the same conditions. The inset shows the relevant 
parts of the AuND Raman spectrum at high resolution with the wavenumbers of the individual Raman peaks 
indicated. The excitation wavelength was 532 nm.
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UV-Vis spectroscopy.  The metallization process was monitored over time with a Lambda 35 UV-Vis spec-
trometer (Perkin Elmer) in the wavelength range between 400 and 700 nm using quartz cuvettes with a path 
length of 1 cm. The absorption spectra from Au-seeded nanodiscs without gold enhancement and the enhance-
ment mixture without nanodiscs were recorded as controls and buffer A as reference.

Atomic force microscopy.  The successful assembly of DMPG-lipid nanodiscs has been verified by atomic 
force microscopy (AFM). For immobilization, the DMPG-lipid nanodisc sample was diluted 1:10 in buffer A, 
then mixed 1:25 with 10 mM MgCl2 solution and incubated for 3 min on a freshly cleaved mica substrate. After 
incubation, the sample was rinsed with Milli-Q water and dried in a stream of nitrogen. For the AFM and scan-
ning electron microscopy (SEM) characterization of the metallized nanodiscs, silicon wafers were used as sub-
strates. Directly before immobilization, the substrates were cleaned for 3 min in an oxygen plasma, rinsed with 
ethanol and Milli-Q water, and dried in a stream of nitrogen. The metallized nanodisc sample was mixed 1:1 with 
10 mM MgCl2 and incubated on the silicon wafer for at least one hour in a humidity chamber. The wafer was 
then carefully rinsed with Milli-Q water and dried in a stream of nitrogen. AFM imaging was performed using a 
Bruker Multimode8 scanning probe microscope operated in tapping mode in air. Tap150Al-G soft tapping canti-
levers (Budget Sensors) were used with a nominal force constant of 5 N/m, a resonance frequency of 150 kHz, and 
a tip radius <​10 nm. The AFM images were analyzed using Gwyddion image processing software33.

Scanning electron microscopy.  Scanning electron microscopy (SEM) was performed using a RAITH 
150TWO electron beam writer. A total of 400 images was recorded using the Inlens-SE detector. The images were 
arranged in a 20 ×​ 20 matrix with 2 μ​m center-to-center distance between each image. A magnification of 100 000 
and a beam energy of 10 keV was used. To determine the diameters of the individual nanodiscs, an automated 
particle analysis was performed with WCIF-ImageJ34. To this end, the images were converted into binary images 
by introducing a grayscale threshold of 130. Then the perimeters of the particles with areas between 50 and 
1300 nm2 were determined and converted into diameters assuming circular shapes.

Transmission electron microscopy.  Samples for transmission electron microscopy (TEM) were prepared 
by incubating a drop of metallized nanodiscs on a carbon-coated (15 nm thickness) copper grid for several min-
utes. After incubation, excess liquid was blotted away with a tissue and the grid was air dried. TEM images were 
obtained using an image-corrected FEI Titan 80–300 microscope operated at 300 kV accelerating voltage.

Fourier transform infrared spectroscopy.  Spectra were recorded with an IFS 66v spectrometer (Bruker) 
equipped with a liquid nitrogen-cooled MCT detector. Samples (10 μ​L of pure NDs, AuNP-decorated NDs, and 
metallized AuNDs) were dried on a diamond attenuated total reflectance (ATR) cell (Resultec). The 1:10 diluted 
buffer A (5 mM Tris–HCl, 20 mM NaCl, pH 7.4) was used as reference for the pure and the AuNP-decorated 
NDs while as the AuND reference, a sample of AuNPs incubated with gold enhancement solution was used. 256 
interferograms were recorded at a resolution of 2 cm−1 and averaged to obtain absorption spectra in reference to 
the pure ATR crystal.

Raman spectroscopy.  For Raman measurements a drop of the corresponding was applied to a freshly 
cleaned glass slide. Raman measurements have been performed using a confocal Raman microscope (WITec 
300α​) equipped with an upright optical microscope. The excitation laser light at 532 nm was coupled into a 
single-mode optical fiber and focused through a 100x objective (Olympus MPlanFL N, NA =​ 0.9) to a 
diffraction-limited spot of about 1.3 μ​m2. The laser power was set to 13 mW and the integration time was 10 s for 
all measurements. Each spectrum has been obtained by an average of three accumulations. The spectra that cover 
a broad range of wavenumbers have been recorded using a grating with 600 g/mm whereas for the more detailed 
measurement a grating with 1800 g/mm has been used.
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Supplementary Information

“Anisotropic metal growth on phospholipid nanodiscs via lipid bilayer expansion”

Expression and purification of MSP1D1
The standard expression of MSP1D11 was adapted from literature. [2] Briefly, the MSP1D1-
pET28a plasmids were grown over night in BL21Gold (DE3) cells (Agilent Technologies) at
37 °C in double strength YT medium containing 50 µg/mL kanamycin. After induction with
0.3 mM isopropyl-β-D-thiogalactopyranoside, the temperature was decreased to 28 °C. The
cells were harvested 4 h later, frozen in liquid nitrogen, and stored at −80 °C until further use.
For purification, cells were resuspended in buffer A (50 mM Tris–HCl, 200 mM NaCl, pH 7.4)
containing protease inhibitors (Roche Applied Science) and lysed twice with a French Press.
Cell debris was removed by centrifugation (10 000 g, 50 min, 4 °C). Imidazole was added to
the supernatant to a final concentration of 25 mM. The sample was loaded onto a Ni-NTA
column (GE-Healthcare), equilibrated with buffer B (buffer A containing 25 mM imidazole).
The column was washed with buffer B, and the protein was eluted with 5 mL buffer C
(buffer A containing 250 mM imidazole), followed by 5 mL buffer D (buffer A containing
500 mM imidazole). Fractions containing MSP1D1 were identified by SDS-PAGE. Imidazole
was removed by a desalting step (PD10 column, equilibrated with buffer A; GE Healthcare)
and concentrated using Vivaspin4 columns (Satorius). The final protein concentration was
determined by measuring the absorbance at 280 nm with a NanoDrop spectrophotometer
using a calculated extinction coefficient of 21430 M−1 cm−1 and a calculated molecular weight
of 24.793 kDa (ProtParam, ExPASy). Purified MSP1D1 was frozen in liquid nitrogen and
stored at −80 °C until further use.

Characterization of non-metallized DMPG-lipid nanodiscs
The size and the homogeneity of the DMPG-lipid NDs were verified by size exclusion chro-
matography (Figure S1) and AFM (Figure S2). The mean height of the non-metallized
DMPG-lipid nanodiscs was determined from the height distribution function of the AFM
image which exhibits two peaks (see Figure S2, right). The peak at a height of about 1.6 nm
corresponds to the bare mica surface while the one at about 6.6 nm corresponds to the
nanodiscs. The difference of these peaks thus yields the mean height of the non-metallized
nanodiscs, i.e., 5.0 nm, which is very similar to the reported thickness of DMPG bilayers in
solution. [3]

 

 

 

Figure S1: Size exclusion chromatogram of DMPG-lipid NDs, monitoring the protein absorbance of MSP1 
at 280 nm. NDs eluted at V = 11.5 – 13.5 ml, while lipid-protein aggregates eluted at V = 8.3 – 9.1 ml. A 
Superdex 200 10/300 GL column from GE Healthcare was used. 

 

 

Figure S2: AFM image of non-metallized DMPG-lipid nanodiscs (height scale 8 nm) and corresponding 
height distribution function. The vertical lines give the values of the mica (1.6 nm) and the nanodisc 
height (6.6 nm). 

Figure S1: Size exclusion chromatogram of DMPG-lipid NDs, monitoring the protein absorbance
of MSP1 at 280 nm. NDs eluted at V = 11.5–13.5 mL, while lipid-protein aggregates eluted at V =
8.3–9.1 mL. A Superdex 200 10/300 GL column from GE Healthcare was used.
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Figure S1: Size exclusion chromatogram of DMPG-lipid NDs, monitoring the protein absorbance of MSP1 
at 280 nm. NDs eluted at V = 11.5 – 13.5 ml, while lipid-protein aggregates eluted at V = 8.3 – 9.1 ml. A 
Superdex 200 10/300 GL column from GE Healthcare was used. 

 

 

Figure S2: AFM image of non-metallized DMPG-lipid nanodiscs (height scale 8 nm) and corresponding 
height distribution function. The vertical lines give the values of the mica (1.6 nm) and the nanodisc 
height (6.6 nm). 

Figure S2: AFM image of non-metallized DMPG-lipid nanodiscs (height scale 8 nm) and
corresponding height distribution function. The vertical lines give the values of the mica (1.6 nm) and
the nanodisc height (6.6 nm).
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Abstract

Here, we present a bottom-up approach to create plasmonic gold nanolenses (AuNLs), consist-
ing of three differently-sized gold nanoparticles. The programmable technique of DNA origami
is used to self-assemble 10, 20 and 60 nm gold nanoparticles in three different geometrical ar-
rangements in solution and in billions of copies. Correlated atomic force microscopy (AFM),
Raman mapping, scanning electron microscopy (SEM) and dark field spectroscopy are used
to characterise sets of single AuNLs from each of the three designs. The surface-enhanced
Raman scattering (SERS) capabilities of single AuNLs are assessed and the same AuNLs are
further characterised by localised surface plasmon resonance (LSPR) spectroscopy. For the
design which showed best properties, SERS signals from the two different internal gaps were
compared by selectively placing probe dyes. The highest Raman enhancement was found
for the gap between the small and medium nanoparticle, which agrees well with theoretical
predictions.
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Assemblies of plasmonic nanoparticles are promising building blocks in the development of
nanoscopic optical devices: They can guide light [1] and focus it [2] at scales far below the
diffraction limit. Upon irradiation with light of their resonance wavelength, localised surface
plasmons are excited in plasmonic nanoparticles, which amplifies the electromagnetic field in
their proximity. If two or more nanoparticles are in close proximity, the individual surface
plasmons can couple and create spots of very high field intensity. [3–6] High local fields can
be exploited for the enhancement of signals in Raman [7–9], infrared [10,11] and fluorescence
spectroscopy [12,13]. In order to build efficient plasmonic nanostructures and to learn more
about the basic principles of the signal enhancement in different processes and molecules or
materials, control over relative positioning and type of the constituent nanoparticles is needed.
[14,15] Collinear assemblies of self-similar gold nanoparticle chains (so-called gold nanolenses,
AuNLs) are particularly interesting plasmonic objects. [16–19] Due to their incremental
architecture, a cascaded enhancement of the electromagnetic field was predicted [20,21] and
demonstrated. [22]

In the case of gold nanoparticles, highly versatile interactions with organic molecules can
be exploited to control their positions and interaction. Thanks to the programmable nature
of DNA-DNA interaction, DNA nanotechnology [23], and namely scaffolded DNA origami
[24], have developed into key technologies for self-assembling nanocomponents of many kinds.
[25,26] Gold nanoparticles that have been coated with DNA strands [27,28] can be bound at
defined positions on such DNA origami scaffolds. [29–32] When orthogonal coating strand
sequences are chosen, different nanoparticles can be programmed to bind at specific posi-
tions. By using this self-assembly principle, we present a bottom-up technique to synthesise
AuNLs in solution in billions of copies, in contrast to typical top-down methods. [33] Several
approaches that use DNA origami to assemble metal nanoparticle homomers for surface-
enhanced Raman scattering (SERS) measurements have been reported [34–37], utilizing two
to four nanoparticles of the same kind, and recently reaching single molecule sensitivity. [38]
In the structures discussed here, we introduce a further dimension of complexity by controlling
not just positions, but also relative sizes of the nanocomponents. As will be demonstrated
here for nanoparticles with diameters of 10 nm, 20 nm, and 60 nm, this opens the door for
arranging individual gold nanoparticles of different sizes in strictly defined patterns in solu-
tion, in a way that they act as nanolenses. The results of the experiments and theoretical
considerations reported here indicate that the gold nanoparticle assemblies enable efficient
plasmon coupling, and the generation of high local optical fields.

By assembling AuNLs consisting of three different gold nanoparticles (10, 20 and 60 nm in
diameter) in three spatial arrangements (Figure 1), we show that DNA origami can assemble
gold nanoparticles in different, defined geometric varieties. The collinearity and order of the
assemblies are controlled by capture strands with specific recognition sequences on the DNA
origami scaffold. With applications of complex plasmonic structures in mind, and with the
need for experimental systems to study plasmon-enhanced spectroscopic effects, it is desirable
to control both the geometry and also the position of probe molecules. Using DNA origami
technology, it is easy to incorporate binding functionalities that immobilise defined numbers
of analyte molecules at defined positions on the DNA origami scaffold. [39] For one of the
nanolens designs discussed here, SERS signals from the two internal gaps are compared by
selectively labelling gold nanoparticles with Raman probes. As predicted in the literature
[20], the strongest enhancement is found located between the medium-sized and smallest
nanoparticle.
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DNA-coated
gold nanoparticles

DNA origami scaffold AuNLs

20-10-60

20b-10-60

10-20-60

Figure 1: Scheme and representative AFM images of the three AuNL assemblies. Triangular DNA
origami scaffolds [40,41] with capture strands (coloured) bind gold nanoparticles coated with com-
plementary DNA sequences. In AuNL 20b-10-60, the 20 nm gold nanoparticle is positioned on the
opposing face of the DNA origami scaffold. Scale bars: 100 nm.

Results

As base for our assemblies, the sharp triangle introduced by Rothemund [24] is used, which has
a side length of 127 nm and consists of a single layer of double-stranded DNA. It self-assembles
when 208 short ssDNA strands, termed staple strands, and the long scaffold ssDNA M13mp18
are subjected to a temperature program. Extended staple strands are placed at those positions
on the DNA origami scaffold where gold nanoparticles are to be bound (extension typically
by 28 bases, see S6 – S8 in the SI for sequences). If the sequence of such an exposed capture
strand is complementary to the DNA on a specific nanoparticle, both strands hybridize and
the nanoparticle is immobilized at the respective position. The number of capture strands on
the DNA origami scaffold was adjusted with respect to gold nanoparticle size: 60 nm particles
are bound by four to five capture strands, 20 nm particles by four, and 10 nm particles by
three. The capture strand positions used to realize the three different AuNL geometries are
displayed in the SI (S6–S8).

Gold nanoparticles have been coated with 3’ thiol-modified DNA using a protocol modified
from Zhang et al. [42] The DNA coating of the nanoparticles serves two purposes: (i) the
selective hybridization to complementary capture strands on the DNA origami scaffold, and
(ii) stabilization against aggregation in the high ionic strength buffer that is required for
DNA origami integrity. At the same time, the DNA coating should allow optimum plasmon
coupling between the gold nanoparticles. Thus we have minimized the length of coating
strands to 13 bases, with 9 base recognition sequences. For shorter lengths, a rapid loss in
stabilization efficiency was reported. [43] The coating strands have the sequence (XTT)3T4-
SH, with X representing A, G, or T, respectively. In order to enable the characterization
of AuNLs regarding their ability to enhance Raman scattering signals by SERS, the 10 nm
gold nanoparticles carry the fluorescent dye tetramethylrhodamine (TAMRA). TAMRA is
attached at the solution-facing 5’-end of the DNA coating. This lack of interaction of the
dye with the gold nanoparticle surface should lead to very small or negligible contributions
of chemical enhancement effects, and a main contribution to potential SERS enhancement by
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electromagnetic enhancement.

Coated gold nanoparticles are bound to the DNA origami scaffold in several steps: for AuNLs
20-10-60 and 20b-10-60 (see Figure 1 for schematic structures), the small 10 nm particle is
first immobilized at the middle position, then 20 nm and 60 nm particles for the peripheral
positions are added. AuNL 10-20-60 is assembled in three steps, in the order 10 nm, 20 nm,
60 nm. The first hybridization step is facilitated by a temperature ramp from 45 °C to 25 °C
over 71 min. In order to prevent the detachment of nanoparticles, subsequent hybridization
steps have been performed at room temperature (90 min). A ratio of 1:1 between DNA
origami scaffold and the respective gold nanoparticles was found to show the best assembly
yield. The stepwise hybridization enables process control by AFM: with binding yields of
almost 100% in the first step, each AuNL includes one 10 nm gold nanoparticle. Additionally,
the characteristic SERS signals of TAMRA from individual AuNLs serve as final proof for
the presence of the 10 nm gold nanoparticle in the AuNLs. In AFM or SEM images, the
10 nm-sized particles are often covered by the larger particles.

Unbound gold nanoparticles are typically removed by agarose gel electrophoresis. Bands in
the gel containing the assembled AuNLs are isolated by electroelution into a sucrose-filled
pocket [44] and concentrated by centrifugation. For further characterization, the samples are
deposited onto silicon wafers. Areas of 25 × 25 µm2 around a scratch on the silicon wafer are
mapped with a Raman microscope and then scanned by AFM. Both images are superimposed
and the detailed structures of those AuNLs giving SERS signals are determined.

Apart from the electromagnetic enhancement occurring due to the high local field, the SERS
signal from an individual AuNL is related to the number of TAMRA molecules participating
in the SERS process, and hence to the number of TAMRA-modified DNA strands on the
surface of the labelled gold nanoparticles. In order to determine this number, a protocol from
Hurst et al. [45] was applied. The average number was 99 TAMRA molecules for the 10 nm
particles in AuNLs 20-10-60 and 20b-10-60, and 39 TAMRA molecules for the 10 nm particles
in AuNLs 10-20-60. For each design, a set of 20 single AuNLs was examined; the resulting
average SERS spectra and respective SERS spectra with strongest signal are shown in Figure
2 A–C. The average SERS spectra of the three AuNL designs exhibit several differences, with
20-10-60 showing the strongest SERS signal, followed by 20b-10-60, whereas design 10-20-60
has the weakest one. The single AuNL analysis enables a close look at how differences in
average SERS signals between designs are constituted: in the histograms of Figure 2 D–F,
each design yields a majority of spectra with relatively low signals just around the limit of
detection. The main difference between the three designs lies in the number and intensity of
the small amount of spectra of relatively high intensity, obtained with each respective design
(compare Figures 2D, 2E, and 2F). Whereas six AuNLs of design 20-10-60 yield a signal-to-
noise ratio above six, for design 20b-10-60 only two individual AuNLs showed SERS signals
of similar intensity. For design 10-20-60, none of the 20 examined AuNL yielded signals of
this strength.
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Figure 2: (A–C) Average spectrum and most intense Raman spectrum obtained from each respective
AuNL design: (A) 20-10-60, (B) 20b-10-60, (C) 10-20-60. Characteristic bands of TAMRA are high-
lighted in yellow. (D–F) Distribution of signal-to-noise in the individual SERS spectra: (D) 20-10-60,
(E) 20b-10-60, (F) 10-20-60. The intensity of the most prominent TAMRA band of each respective
spectrum is divided by the noise σ. The limit of detection is indicated by a dotted line.

One AuNL of design 20-10-60 showed a particularly strong SERS signal (Figure 2 A, red),
relating to an enhancement factor (EF) of 1.4 × 106. This EF is underestimated, because
it is determined based on the total number of TAMRA molecules. Only a fraction of them
are in the region where the local field is very high, therefore, the number of molecules that
contribute to the SERS signals is expected to be considerably smaller. Further effects such
as the additional resonance of the TAMRA molecules at the wavelength of the excitation
laser (532 nm) alter the electromagnetic enhancement of SERS. The corresponding AFM,
SEM and localized surface plasmon resonance (LSPR) data for this well-performing AuNL
are displayed in Figure 3. A complimentary data set for a AuNL with low enhancement is
shown in Figure S1 of the SI.
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A B C

Figure 3: (A) AFM, (B) SEM, and (C) LSPR data for the AuNL of design 20-10-60 with a particularly
strong SERS signal (spectrum displayed in Figure 2 A). The AFM image reveals the DNA origami
structure beneath the AuNL. Scale bars: 100 nm.

The estimates of the enhancement are on the same order of magnitude as those found by Finite
Difference Time Domain (FDTD) simulations (Figure 4). The simulation results demonstrate
how the electric field enhancement is affected, when gold nanoparticle positions differ in the
different nanolens designs. It should be noted that the actual geometry of an individual
AuNL might deviate from the collinear arrangement, since in the experiments reported here
(i) the AuNLs are dried on the surface, (ii) the nanoparticles are assembled on a planar
DNA origami scaffold, and (iii) the nanoparticle-anchoring strands allow for some flexibility
and imply variation between individual nanolenses. The SERS enhancement of the different
AuNL designs strongly depends on how closely individual structures match ideal collinear
geometries with smallest gaps (Figure 4 A–C). The relatively small enhancement obtained
with design 10-20-60 (see Figure 2 C for SERS spectra) can be explained by the flexibility
of the 10 nm gold nanoparticle: in AuNL 10-20-60, the TAMRA-labelled 10 nm particle is
free to move as the DNA tethers allow, whereas in the other designs, it is wedged between
the larger particles. The simulation shows that an additional 5 nm gap between 10 nm and
20 nm gold nanoparticle causes the SERS signal in design 10-20-60 to drop by two orders of
magnitude (Figure 4 C, F). This effect is considerably stronger than the variations expected
for designs 20-10-60 and 20b-10-60, with EF decreasing by one order of magnitude in the
least favourable case (Figure 4 D, E). The strong SERS enhancement for some structures of
design 20-10-60 indicates an optimal plasmonic coupling with a geometry closer to the one
shown in Figure 4 A than in 4 D for those structures. AuNLs of type 20b-10-60 suffer from
the additional DNA origami spacer separating the 20 nm gold nanoparticle (Figure 4 B, E).
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A B C

D E F

Figure 4: Electromagnetic SERS enhancement based on FDTD simulations of the local fields for
the three designs at the excitation wavelength (532 nm) and at the wavelength corresponding to the
TAMRA signal at 1650 cm−1 (583 nm). (A–C) in-line, no gap (D, E) out-of-line, (F) 5-nm-gap
arrangement. The polarization direction of the incident light is along the longitudinal axis of the
AuNLs. The red line in the schematics illustrates the plane of observation; the plane is chosen to
intersect the position of greatest field intensity. The DNA origami scaffold separating the 20 nm gold
nanoparticle in 20b-10-60 AuNLs (B, E) is indicated in grey.

LSPR spectra from the same sets of AuNLs have been obtained by dark field spectroscopy.
The wavelengths of the absorbance maxima, λmax, have been determined and Figure 5 shows
them plotted versus SERS intensity of the respective AuNLs. There is no correlation between
far field λmax and the SERS signals observed in the Raman experiments. Interestingly, the
λmax distribution for sample 20-10-60 is narrower than for 20b-10-60 and 10-20-60. At the
same time, 20-10-60 is the design that yields the highest signals in individual SERS spectra.
The values for λmax are in good accordance with scattering spectra simulated by the FDTD
method (dashed line in Figure 5). Localized surface plasmons can potentially interact with
the underlying silicon substrate, and, due to the high refractive index of silicon, a red-shifted
p-mode can be excited under the high angle of incidence used in the dark-field configuration.
It was reported that LSPR spectra of single gold nanoparticles on silicon substrates are
dominated by this mode, with their λmax values red-shifted compared to particle dimers on
the same substrate. [46] In the experiments reported here, a similar phenomenon would
explain why the λmax values for the 20b-10-60 and 10-20-60 AuNLs (blue and red dots in
Figure 5) are distributed at higher wavelengths than for 20-10-60 AuNLs (black dots, resp.).
An exemplary LSPR spectrum, for the AuNL with the overall highest SERS intensity (design
20-10-60), is displayed in Figure 3 C.

151



6 Manuscripts

Figure 5: Dots display wavelength of LSPR maximum (λmax) vs. SERS signal/noise for indi-
vidual AuNLs. The dashed line shows the simulated Rayleigh scattering cross section as a func-
tion of wavelength for design 20-10-60 with ideal geometry. For 20b-10-60 and 10-20-60 see Figure S3
in the SI.

Comparison of SERS signals from different gaps

Previously, it was predicted that the electromagnetic field and thus the SERS signal is higher
in the gap between the small and the medium-sized particle, compared to the gap between
the small and the large particle. [17,20] In order to learn more about the distribution of
the electromagnetic enhancement within AuNLs, experiments with 20-10-60 AuNLs were
carried out, where either 20 nm (20*-10-60) or 60 nm (20-10-60*) gold nanoparticles were
TAMRA-labeled, respectively (Figure 6 B). In this way, the Raman signal is only enhanced
in one of the two gaps and the signal intensities can directly be compared from the two
experiments. SERS spectra from 17 single 20*-10-60 AuNLs and 11 single 20-10-60* AuNLs
have been measured and the intensity of the strongest TAMRA signal in each spectrum has
been determined. For the comparison of signals from the two individual gaps, the different
numbers of TAMRA molecules in the gaps are considered, since nanoparticles of different
size support different densities of dye molecules. The SERS signals are normalized by the
densities of TAMRA molecules on the gold nanoparticles, assuming that the SERS signal is
proportional to the number of dye molecules in the area of highest enhancement, and that
for both gaps these areas share similar size. The resulting average SERS signal I AuNL,d from
20*-10-60 is approximately 30% higher than the one from 20-10-60* (Figure 6 C).

When the incident light is polarized parallel to the longitudinal axis of the nanolens, the
regions of high fields are located in the gaps between the particles. For light polarized per-
pendicular to the longitudinal axis, mainly transverse modes are excited that should provide
field enhancements similar to single-particle modes. [47,48] Under the illumination used in
our experiments, both, longitudinal and transverse modes are excited. Therefore, also the
enhancement contributed by the whole nanoparticle surfaces, apart from the gaps, must be
taken into account, and average SERS signals from TAMRA-coated, isolated nanoparticles of
the respective size are subtracted from the signal obtained with the nanolenses. The difference
in SERS intensity between the gaps increases considerably: the signal I AuNL,d,i from the gap
between 20 nm and 10 nm gold nanoparticle then is approximately 6 times higher than that
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from the other gap (between the 10 nm and 60 nm gold nanoparticle). This matches well with
the FDTD simulations, which predict a factor of 2 for a 3.4 nm gap of DNA coating between
the particles (Figure 6 A). With smaller gap sizes, larger factors were predicted. In spite of
the signal fluctuations and a relatively low number of analyzed AuNLs, these results provide
an experimental indication that the gap between medium and small nanoparticle in AuNLs
provides stronger field enhancement than that between the large and the small nanoparticle.

C

Figure 6: (A) FDTD simulation result indicating the electromagnetic Raman enhancement of the
two gaps in AuNL 20-10-60. Positions of gold nanoparticles are shown by the black wireframes.
(B) Schematic of the selective placement of TAMRA molecules (bright green) for probing of the
different inter-particle gaps. (C) SERS signals from AuNLs with TAMRA-labeled 20 nm or 60 nm
gold nanoparticles. The SERS signal from single AuNLs (I AuNL) is corrected for TAMRA-density
(I AuNL,d) and for signal contribution from isolated, TAMRA-labeled gold nanoparticles (I AuNL,d,i).

Discussion

In summary, we assembled plasmonic AuNLs from 10, 20 and 60 nm gold nanoparticles in
three different designs (20-10-60, 20b-10-60 and 10-20-60) and present a systematic investi-
gation of these nanolenses. For sets of single AuNLs from each arrangement, AFM images,
SEM images, LSPR spectra and SERS signals of a probe dye have been determined, which
gives deep insight into the Raman enhancement of the different arrangements and into the
distribution of SERS signals from individual structures. Experiments on single AuNLs in-
dicate that design 20-10-60 yields the most structures with strong SERS enhancement and
also shows a narrow distribution of LSPR wavelengths. The localization of SERS enhance-
ment in 20-10-60 AuNLs has been examined further by selectively labelling the 20 nm and
60 nm gold nanoparticles, respectively, with TAMRA. The highest enhancement is located
in the gap between the 20 nm and 10 nm gold nanoparticle, in accordance with theoretical
predictions. In order to reach the giant Raman enhancements predicted for this and similar
structures in the literature, [20,21] it will be of crucial importance to further increase the
number of coupled nanoparticles and to decrease the thickness of the DNA coating. The
former will require additional sets of capture strands on the present DNA origami scaffold.
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The latter will be realized by hybrid coatings with separated functionalities for binding and
stabilization. The structures presented here are prepared by self-assembly in solution, in
billions of copies. They will be useful for a number of practical applications, since analyte
binding functionalities with defined number and position can be easily incorporated into the
DNA origami scaffold. Besides potential analytical applications, the DNA origami platforms
will enable fundamental investigations of plasmon-related processes.

Methods

DNA origami scaffolds
DNA origami scaffolds are assembled in 1x TAE buffer with 11 mM MgCl2 as described
earlier. [34] Staple strand and capture strand sequences can be found in the SI (S6–S8).

Gold nanoparticle coating
Citrate-stabilized gold nanoparticle solution (BBI Solutions, 1 nM (60 nm), 10 nM (20 nm),
5 nM (10 nm)) in 0.02% sodium dodecyl sulfate (SDS) is mixed with DNA coating strands
(metabion, 15 µM (60 nm), 22.5 µM (20 nm), 2.5 µM (10 nm), respectively) and incubated
for 30 min. 0.5 M citrate buffer (pH 3) is added to a final concentration of 10 mM and the
solution is incubated for another 45 min. 2.5 M NaCl is added to a final concentration of
300 mM and after shaking for 3 h, 2.5 M NaCl is added again to a final concentration of
600 mM. After overnight incubation, 400 µL 1x TAE with 11 mM MgCl2 and 0.02% SDS
are added. Gold nanoparticles are either sedimented by centrifugation (60, 20 nm particles)
or separated by centrifugal filters (10 nm particles, Amicon Ultra 0.5 100 kDa, Millipore)
and supernatant/flow through are removed. After four more cycles of buffer addition and
centrifugation, particles are stored at 4 °C. For the experiments with TAMRA-labeled 60 nm
gold nanoparticles, a 1:1 mix of 5’-TAMRA-labeled / unlabeled (TTT)3T4-SH strands is used
for coating.

The pH 3-coating procedure does not yield stable 20 nm nanoparticles with TAMRA-
(GTT)3T4-SH DNA. Instead, a small-step salt-aging protocol at pH 7 is applied: citrate-
stabilized 20 nm gold nanoparticles (BBI Solutions) are phosphinated as described earlier.
[34] A solution of 6 nM bis(p-sulfonatophenyl)phenylphosphine-coated 20 nm particles with
13.5 µM thiol-modified DNA (metabion, 1:1 mix TAMRA-(GTT)3T4-SH / (GTT)3T4-SH)
in 0.02% SDS, 50 mM NaCl and 0.5x TAE is incubated for 1 h, then NaCl concentration is
increased to 100 mM and the solution is left shaking overnight. The next day, NaCl concen-
tration is increased to 700 mM in 50 mM steps every 40 min. After overnight incubation,
particles are purified by five cycles of buffer addition (400 µL 1x TAE with 11 mM MgCl2
and 0.02% SDS), centrifugation and supernatant removal.

The surface coverage with TAMRA-strands is determined by the dithiothreitol replacement
technique [45]: DNA-coated gold nanoparticles are mixed with 0.5 M dithiothreitol, which
replaces DNA on the particle surface. After overnight incubation, gold nanoparticles are
separated by centrifugation. The concentration of TAMRA-DNA in the supernatant is de-
termined by fluorescence spectroscopy. The data for 60 nm and 20 nm TAMRA-coated gold
nanoparticles is displayed in Figure S5 in the SI.

Si sample preparation
6 µL of the sample solution are placed onto a plasma-cleaned ≈ 1 cm2 silicon wafer (CrysTec)
and 30 µL 110 mM MgCl2 10x TAE buffer are added. The sample is incubated for 1 h,
washed with 4 mL ethanol/water 1:1 and blow-dried with compressed air.
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Raman measurements
Raman measurements were carried out on a WITec alpha300 confocal Raman microscope
with a 100x Olympus MPlanFL N objective (NA = 0.9), 600 gr/mm grating and 532 nm
excitation laser. Areas of 25 × 25 µm2 were scanned with 0.5 µm step size, 4 s integration
time and 2.0 × 104 W/cm2 laser power. The diffraction-limited spot was estimated to be
1.3 µm wide.

Estimation of enhancement factors
TAMRA’s fluorescence under 532 nm illumination prevents bulk Raman measurements of
the non-enhanced dye. Since EFs for single 60 nm gold nanoparticles (EFAuNP) are known
from literature, EFs for AuNLs (EFAuNL) can be determined indirectly when AuNLs and
TAMRA-coated, single 60 nm gold nanoparticles are measured under the same conditions.
EFAuNL then can be defined as:

EFAuNL =
IAuNL

IAuNP
· NAuNP

NAuNL
· EFAuNP

with I AuNL – SERS intensity of strongest TAMRA band from single AuNL, I AuNP – average
SERS intensity from single, TAMRA-labeled 60 nm gold nanoparticles (13.9 cts, n = 14),
N AuNP – number of TAMRA molecules on single 60 nm gold nanoparticles, N AuNL – number
of TAMRA molecules on single 10 nm gold nanoparticles, EFAuNP – enhancement factor of
single 60 nm gold nanoparticles (7.5 × 103). [49]

FDTD simulations
FDTD simulations for all AuNLs were carried out with Lumerical FDTD Solutions 8.6.3,
using a mesh size of 0.25 nm in the plotted area. Thickness (1.7 nm) and refractive index
(1.7) of the ssDNA coating are based on the findings of Thacker et al. [35] Since in Raman
scattering, exciting and emitted light are wavelength-shifted and thus experience different
enhancement, the electric field intensity enhancements at 532 nm (laser) and 583 nm (λ of the
usually most prominent TAMRA band, =̂ 1650 cm−1) are multiplied. For Rayleigh scattering
simulations, substrate layers were modeled with thicknesses of 2 nm (DNA origami scaffold),
2 nm (SiO2 substrate) and an infinite layer of silicon below. Scattering cross sections from
s and p polarized light were added incoherently to account for the unpolarised illumination
used in the dark field setup. The following refractive indices were used: DNA origami scaffold:
2.1, gold: Johnson and Christy [50], silicon and SiO2: Palik [51], surrounding medium: 1.0.
The used 3D models are shown in Figures S2 and S4 in the SI.

LSPR measurements
For LSPR measurements, a microscope (AxioImager.Z1, Carl-Zeiss AG) in upright dark-field
configuration with a 100x objective (LD EC Epiplan-Neofluar 100x 0.75 HD DIC, Carl-Zeiss
AG) and a 100 W halogen light source was utilized. Spectral acquisition of individual nano-
structures was accomplished by placement of a home-built optical fiber into the image plane of
the microscope beam path towards the entrance slit of an external spectrometer (SpectraPro
2300i, Princeton Instruments) with 150 gr/mm. The measurements were conducted with 10 s
integration time and averaging over 6 acquisitions.

Comparison of SERS signals from different gaps
Correction for different densities of TAMRA on the gold nanoparticles:

IAuNL,d =
IAuNL · πd2

n

with n - number of TAMRA strands on the coated gold nanoparticles (2988 for 60 nm particles,
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130 for 20 nm particles, see S5 in the SI for details), d – particle diameter. Correction for
signal contribution of isolated TAMRA-coated gold nanoparticles:

IAuNL,d,i = IAuNL,d − IAuNP,d

with I AuNP,d – density-corrected SERS intensity of strongest TAMRA band from isolated gold
nanoparticles (53 cts/(TAMRA/nm2) for 60 nm particles (n = 14), 18 cts/(TAMRA/nm2)
for 20 nm particles (n = 11)).
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Supporting Information

“Gold nanolenses self-assembled by DNA origami”

A B

C D

Figure S1: AFM (A), SEM (B), SERS (C) and LSPR (D) data for a AuNL of design 20-10-60 with
low Raman enhancement. The SEM data indicates a large interparticle gap to be the reason.
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Figure S2: 3D models used for simulating electromagnetic enhancements.

Figure S3: Simulated scattering cross sections for the three AuNL designs.
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20-10-60 10-20-6020b-10-60

Figure S4: 3D models used for simulating scattering cross sections. Color coding: blue – DNA,
white – SiO2, red – Si.

Figure S5: Fluorescence data for determination of TAMRA-modified DNA concentration after dithio-
threitol replacement on 60 nm (red) or 20 nm (blue) gold nanoparticles, respectively. The calibration
curve is shown in black. The absolute TAMRA concentrations were divided by the respective gold
nanoparticle concentrations to yield the number of TAMRA strands per particle.
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Figure S6: Map of the DNA origami scaffold for design 20-10-60. 5’ staple modifications are indicated
by colored dots. Staple nomenclature and sequences correspond to the original sharp triangle presented
by Rothemund. [1] Dashed lines indicate gold nanoparticle positions.
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Figure S7: Map of the DNA origami scaffold for design 20b-10-60. 5’ staple modifications are
indicated by colored dots. Dashed lines indicate the gold nanoparticle positions. Please note that for
this particular design the extensions of the staples marked in green are expected to protrude on the
origami face opposite to all the other extensions. The different protrusion angles are enabled by the
torsion of the DNA double helix constituting the DNA origami scaffold.

t-1s8g

t-2s7f

t-5s8g t-3s8g

t-6s3f

t-3s6e

t-4s5f

t-5s10g

t-7s8g

t-5s6e

t-8s7c

t-8s5f

t-9s10g t-7s10g

t-4s7ft-6s7f

t-10s7h

t-1s6i

t-1s10e t3s10gt-3s10g t1s10g

t-1s6e

t1s8i

t2s5f

t3s8gt-1s8i

t1s4it-1s4et-3s4e

t2s7f

t3s6e

t5s8g

t5s10g

t4s7f

t5s4e

t6s7f t8s7g

t3s4e

t7s6e

t6s5g

t5s6e

t7s8g

t7s10g

t4s3g

t1s2i

t2s3g

t2s1g

t4s5f

t4s1g

t9s8g

t9s10h

t-1s4i

t-12s9h

t-6s5c

t1s6i t9s6e

t11s8h

t-2s5f

t-2s3g

t-4s1g

t-4s3g

t-2s1g

t-1s2i

t7s4e

t-5s2e

t-11s8e

t-9s6e

t-7s4e

t-1
s1

8g
t-2

s1
7f

t-5
s1

8g

t-3
s1

8g

t-6
s1

3f

t-3
s1

6e
t-4

s1
5f

t-5
s2

0g

t-7
s1

8g

t-5
s1

6e

t-8
s1

7ct-8
s1

5f

t-9
s2

0g

t-7
s2

0g

t-4
s1

7f

t-6
s1

7f

t-1
0s

17
h

t-1
s1

6i

t-1
s2

0e

t3
s2

0g

t-3
s2

0g

t1
s2

0g

t-1
s1

6e

t1
s1

8i

t2
s1

5f

t3
s1

8g

t-1
s1

8i

t1
s1

4i

t-1
s1

4e

t-3
s1

4e

t2
s1

7f

t3
s1

6e
t5

s1
8g

t5
s2

0g

t4
s1

7f

t5
s1

4e

t6
s1

7f

t8
s1

7g

t3
s1

4e

t7
s1

6e
t6

s1
5g

t5
s1

6e
t7

s1
8g

t7
s2

0g

t4
s1

3g

t1
s1

2i
t2

s1
3g

t2
s1

1g

t4
s1

5f

t4
s1

1g

t9
s1

8g

t9
s2

0h

t-1
s1

4i

t-1
2s

19
h

t-6
s1

5c

t1
s1

6i

t9
s1

6e

t11
s1

8h

t-2
s1

5f

t-2
s1

3g
t-4

s1
1g

t-4
s1

3g

t-2
s1

1g
t-1

s1
2i

t7
s1

4e

t-5
s1

2e

t-1
1s

18
e

t-9
s1

6e

t-7
s1

4e
t-1s28g

t-2s27f

t-5s28g

t-3s28g

t-6s23f

t-3s26e

t-4s25f

t-5s30g

t-7s28g
t-5s26e

t-8s27c
t-8s25f

t-9s30g

t-7s30g

t-4s27f

t-6s27f

t-10s27h

t-1s26i

t-1s30e

t3s30g

t-3s30g

t1s30g

t-1s26e

t1s28i

t2s25f

t3s28g

t-1s28i

t1s24i

t-1s24e

t-3s24e

t2s27f
t3s26e

t5s28g

t5s30g

t4s27f

t5s24e

t6s27f

t8s27g

t3s24e

t7s26e

t6s25g
t5s26e

t7s28g

t7s30g

t4s23g

t1s22it2s23g

t2s21g

t4s25f

t4s21g

t9s28g

t9s30h

t-1s24i

t-12s29h

t-6s25c

t1s26i

t9s26e

t11s28h

t-2s25f

t-2s23g

t-4s21g

t-4s23g
t-2s21gt-1s22i

t7s24e

t-5s22e
t-11s28e

t-9s26e

t-7s24e

(AAA)
8
T

4

(AAT)
8
T

4

(AAC)
8
T

4

5’-Modifications

Figure S8: Map of the DNA origami scaffold for design 10-20-60. 5’ staple modifications are indicated
by colored dots. Dashed lines indicate the gold nanoparticle positions.
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6.7 Gold nanolenses

A01 A02 A03 A04

A05 A06 A07 A08

A09 A10 A11 A12

A13 A14 A15 A16

A17 A18 A19 A20

Figure S9: AFM images of the single 20-10-60 AuNLs used for the AuNL design comparison. Scale
bars: 100 nm.

B01 B02 B03 B04

B05 B06 B07 B08

B09 B10 B11 B12

B13 B14 B15 B16

B17 B18 B19 B20

Figure S10: AFM images of the single 20b-10-60 AuNLs used for the AuNL design comparison.
Scale bars: 100 nm.
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C01 C02 C03 C04

C05 C06 C07 C08

C09 C10 C11 C12

C13 C14 C15 C16

C17 C18 C19 C20

Figure S11: AFM images of the single 10-20-60 AuNLs used for the AuNL design comparison. Scale
bars: 100 nm.
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Appendix

Table A.1.: List of DNA staple strands for the basic DNA origami triangle according to the nomen-
clature used by Rothemund [11].

position sequence
t8s27g CGCGAACTAAAACAGAGGTGAGGCTTAGAAGTATT
t8s7g AGCCATTTAAACGTCACCAATGAACACCAGAACCA
t9s10h TATCTTACCGAAGCCCAAACGCAATAATAACGAAAATCACCAG
t9s16e ACTAAAGTACGGTGTCGAATATAA
t9s18g TGCTGTAGATCCCCCTCAAATGCTGCGAGAGGCTTTTGCA
t9s20h AAAGAAGTTTTGCCAGCATAAATATTCATTGACTCAACATGTT
t9s26e ACCACCAGCAGAAGATGATAGCCC
t9s28g TAAAACATTAGAAGAACTCAAACTTTTTATAATCAGTGAG
t9s30h GCCACCGAGTAAAAGAACATCACTTGCCTGAGCGCCATTAAAA
t9s6e CCATTAGCAAGGCCGGGGGAATTA
t9s8g GAGCCAGCGAATACCCAAAAGAACATGAAATAGCAATAGC
t-10s17h ACCAACCTAAAAAATCAACGTAACAAATAAATTGGGCTTGAGA
t-10s27h AACTCACATTATTGAGTGTTGTTCCAGAAACCGTCTATCAGGG
t-10s7h ACGACAATAAATCCCGACTTGCGGGAGATCCTGAATCTTACCA
t-12s19h CCTGACGAGAAACACCAGAACGAGTAGGCTGCTCATTCAGTGA
t-12s29h ACGTGGACTCCAACGTCAAAGGGCGAATTTGGAACAAGAGTCC
t-12s9h TGCTATTTTGCACCCAGCTACAATTTTGTTTTGAAGCCTTAAA
t-1s10e AGAGAATAACATAAAAACAGGGAAGCGCATTA
t-1s12i AGGGATAGCTCAGAGCCACCACCCCATGTCAA
t-1s14e ATTTTCTGTCAGCGGAGTGAGAATACCGATAT
t-1s14i CAACAGTTTATGGGATTTTGCTAATCAAAAGG
t-1s16e ATTCGGTCTGCGGGATCGTCACCCGAAATCCG
t-1s16i GCCGCTTTGCTGAGGCTTGCAGGGGAAAAGGT
t-1s18g CGACCTGCGGTCAATCATAAGGGAACGGAACAACATTATT
t-1s18i GCGCAGACTCCATGTTACTTAGCCCGTTTTAA
t-1s20e ACAGGTAGAAAGATTCATCAGTTGAGATTTAG
t-1s22i CGCGTCTGATAGGAACGCCATCAACTTTTACA
t-1s24e CAGTTTGACGCACTCCAGCCAGCTAAACGACG
t-1s24i AGGAAGATGGGGACGACGACAGTAATCATATT
t-1s26e GCCAGTGCGATCCCCGGGTACCGAGTTTTTCT
t-1s26i CTCTAGAGCAAGCTTGCATGCCTGGTCAGTTG
t-1s28g TTTCACCAGCCTGGCCCTGAGAGAAAGCCGGCGAACGTGG
t-1s28i CCTTCACCGTGAGACGGGCAACAGCAGTCACA
t-1s2i CCTTTTTTCATTTAACAATTTCATAGGATTAG
t-1s30e CGAGAAAGGAAGGGAAGCGTACTATGGTTGCT
t-1s4e TTATCAAACCGGCTTAGGTTGGGTAAGCCTGT
t-1s4i TTTAACCTATCATAGGTCTGAGAGTTCCAGTA
t-1s6e TTAGTATCGCCAACGCTCAACAGTCGGCTGTC
t-1s6i AGTATAAAATATGCGTTATACAAAGCCATCTT
t-1s8g TTTCCTTAGCACTCATCGAGAACAATAGCAGCCTTTACAG
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position sequence
t-1s8i CAAGTACCTCATTCCAAGAACGGGAAATTCAT
t-2s11g CCTCAGAACCGCCACCCAAGCCCAATAGGAACGTAAATGA
t-2s13g AGACGTTACCATGTACCGTAACACCCCTCAGAACCGCCAC
t-2s15f CACGCATAAGAAAGGAACAACTAAGTCTTTCC
t-2s17f ATTGTGTCTCAGCAGCGAAAGACACCATCGCC
t-2s1g AAAACAAAATTAATTAAATGGAAACAGTACATTAGTGAAT
t-2s21g GCTCATTTTTTAACCAGCCTTCCTGTAGCCAGGCATCTGC
t-2s23g GTAACCGTCTTTCATCAACATTAAAATTTTTGTTAAATCA
t-2s25f ACGTTGTATTCCGGCACCGCTTCTGGCGCATC
t-2s27f CCAGGGTGGCTCGAATTCGTAATCCAGTCACG
t-2s3g AGAGTCAAAAATCAATATATGTGATGAAACAAACATCAAG
t-2s5f ACTAGAAATATATAACTATATGTACGCTGAGA
t-2s7f TCAATAATAGGGCTTAATTGAGAATCATAATT
t-3s10g AACGTCAAAAATGAAAAGCAAGCCGTTTTTATGAAACCAA
t-3s14e GTTTTGTCAGGAATTGCGAATAATCCGACAAT
t-3s16e GACAACAAGCATCGGAACGAGGGTGAGATTTG
t-3s18g TATCATCGTTGAAAGAGGACAGATGGAAGAAAAATCTACG
t-3s20g TTAATAAAACGAACTAACCGAACTGACCAACTCCTGATAA
t-3s24e TGTAGATGGGTGCCGGAAACCAGGAACGCCAG
t-3s26e GGTTTTCCATGGTCATAGCTGTTTGAGAGGCG
t-3s28g GTTTGCGTCACGCTGGTTTGCCCCAAGGGAGCCCCCGATT
t-3s30g TAGAGCTTGACGGGGAGTTGCAGCAAGCGGTCATTGGGCG
t-3s4e GATTAAGAAATGCTGATGCAAATCAGAATAAA
t-3s6e CACCGGAATCGCCATATTTAACAAAATTTACG
t-3s8g AGCATGTATTTCATCGTAGGAATCAAACGATTTTTTGTTT
t-4s11g AGGTTTAGTACCGCCATGAGTTTCGTCACCAGGATCTAAA
t-4s13g AGCGTAACTACAAACTACAACGCCTATCACCGTACTCAGG
t-4s15f TAGTTGCGAATTTTTTCACGTTGATCATAGTT
t-4s17f GTACAACGAGCAACGGCTACAGAGGATACCGA
t-4s1g GAGCAAAAGAAGATGAGTGAATAACCTTGCTTATAGCTTA
t-4s21g GTTAAAATTCGCATTAATGTGAGCGAGTAACACACGTTGG
t-4s23g GGATAGGTACCCGTCGGATTCTCCTAAACGTTAATATTTT
t-4s25f AGTTGGGTCAAAGCGCCATTCGCCCCGTAATG
t-4s27f CGCGCGGGCCTGTGTGAAATTGTTGGCGATTA
t-4s3g ACATAGCGCTGTAAATCGTCGCTATTCATTTCAATTACCT
t-4s5f GTTAAATACAATCGCAAGACAAAGCCTTGAAA
t-4s7f CCCATCCTCGCCAACATGTAATTTAATAAGGC
t-5s10g TCCCAATCCAAATAAGATTACCGCGCCCAATAAATAATAT
t-5s16e AACAGCTTGCTTTGAGGACTAAAGCGATTATA
t-5s18g CCAAGCGCAGGCGCATAGGCTGGCAGAACTGGCTCATTAT
t-5s20g ACCAGTCAGGACGTTGGAACGGTGTACAGACCGAAACAAA
t-5s26e TGCTGCAAATCCGCTCACAATTCCCAGCTGCA
t-5s28g TTAATGAAGTTTGATGGTGGTTCCGAGGTGCCGTAAAGCA
t-5s30g CTAAATCGGAACCCTAAGCAGGCGAAAATCCTTCGGCCAA
t-5s6e GTGTGATAAGGCAGAGGCATTTTCAGTCCTGA
t-5s8g ACAAGAAAGCAAGCAAATCAGATAACAGCCATATTATTTA
t-6s13f ACAGACAGCCCAAATCTCCAAAAAAAAATTTCTTA
t-6s15c CGAGGTGAGGCTCCAAAAGGAGCC
t-6s17f ACCCCCAGACTTTTTCATGAGGAACTTGCTTT
t-6s23f CGG CGG ATT GAA TTC AGG CTG CGC AAC GGG GGA TG
t-6s25c TGG CGA AAT GTT GGG AAG GGC GAT
t-6s27f TGT CGT GCA CAC AAC ATA CGA GCC ACG CCA GC
t-6s3f TCC CTT AGA ATA ACG CGA GAA AAC TTT TAC CGA CC
t-6s5c GTT TGA AAT TCA AAT ATA TTT TAG
t-6s7f AAT AGA TAG AGC CAG TAA TAA GAG ATT TAA TG
t-7s10g GCC AGT TAC AAA ATA ATA GAA GGC TTA TCC GGT TAT CAA C
t-7s18g AAA ACA CTT AAT CTT GAC AAG AAC TTA ATC ATT GTG AAT T
t-7s20g ACC TTA TGC GAT TTT ATG ACC TTC ATC AAG AGC ATC TTT G
t-7s28g TTC CAG TCC TTA TAA ATC AAA AGA GAA CCA TCA CCC AAA T
t-7s30g CAA GTT TTT TGG GGT CGA AAT CGG CAA AAT CCG GGA AAC C
t-7s8g GCG CCT GTT ATT CTA AGA ACG CGA TTC CAG AGC CTA ATT T
t-8s15f CGG TTT ATC AGG TTT CCA TTA AAC GGG AAT ACA CT
t-8s17c GGC AAA AGT AAA ATA CGT AAT GCC
t-8s25f TCT TCG CTA TTG GAA GCA TAA AGT GTA TGC CCG CT
t-8s27c GCG CTC ACA AGC CTG GGG TGC CTA
t-8s5f TTC TGA CCT AAA ATA TAA AGT ACC GAC TGC AGA AC
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position sequence
t-8s7c TCA GCT AAA AAA GGT AAA GTA ATT
t-9s10g ACG CTA ACG AGC GTC TGG CGT TTT AGC GAA CCC AAC ATG T
t-9s20g TGG TTT AAT TTC AAC TCG GAT ATT CAT TAC CCA CGA AAG A
t-9s30g CGA TGG CCC ACT ACG TAT AGC CCG AGA TAG GGA TTG CGT T
ts-rem1 GCG CTT AAT GCG CCG CTA CAG GGC
t-5s2e-t6s23c-3T TTA ATT AAT TTT TTA CCA TAT CAA A
t-7s4e-t8s25c-2T TTA ATT TCA TCT TAG ACT TTA CAA
t-9s6e-t10s27c-1T CTG TCC AGA CGT ATA CCG AAC GA
t-11s8e-t12s29c-0T TCA AGA TTA GTG TAG CAA TAC T
t-5s12e-t6s3c-3T TGT AGC ATT CCT TTT ATA AAC AGT T
t-7s14e-t8s5c-2T TTT AAT TGT ATT TCC ACC AGA GCC
t-9s16e-t10s7c-1T ACT ACG AAG GCT TAG CAC CAT TA
t-11s18e-t12s9c-0T ATA AGG CTT GCA ACA AAG TTA C
t-5s22e-t6s13c-3T GTG GGA ACA AAT TTC TAT TTT TGA G
t-7s24e-t8s15c-2T CGG TGC GGG CCT TCC AAA AAC ATT
t-9s26e-t10s17c-1T ATG AGT GAG CTT TTA AAT ATG CA
t-11s28e-t12s19c-0T ACT ATT AAA GAG GAT AGC GTC C
t11s18h AAT ACT GCG GAA TCG TAG GGG GTA ATA GTA AAA TGT TTA GAC T
t11s28h TCT TTG ATT AGT AAT AGT CTG TCC ATC ACG CAA ATT AAC CGT T
t11s8h CAG AAG GAA ACC GAG GTT TTT AAG AAA AGT AAG CAG ATA GCC G
t1s10g GAC GGG AGA ATT AAC TCG GAA TAA GTT TAT TTC CAG CGC C
t1s12i TCA TAT GTG TAA TCG TAA AAC TAG TCA TTT TC
t1s14i GTG AGA AAA TGT GTA GGT AAA GAT ACA ACT TT
t1s16i GGC ATC AAA TTT GGG GCG CGA GCT AGT TAA AG
t1s18i TTC GAG CTA AGA CTT CAA ATA TCG GGA ACG AG
t1s20g GAA TAC CAC ATT CAA CTT AAG AGG AAG CCC GAT CAA AGC G
t1s22i TCG GGA GAT ATA CAG TAA CAG TAC AAA TAA TT
t1s24i CCT GAT TAA AGG AGC GGA ATT ATC TCG GCC TC
t1s26i GCA AAT CAC CTC AAT CAA TAT CTG CAG GTC GA
t1s28i CGA CCA GTA CAT TGG CAG ATT CAC CTG ATT GC
t1s2i CGG GGT TTC CTC AAG AGA AGG ATT TTG AAT TA
t1s30g TTG ACG AGC ACG TAT ACT GAA ATG GAT TAT TTA ATA AAA G
t1s4i AGC GTC ATG TCT CTG AAT TTA CCG ACT ACC TT
t1s6i TTC ATA ATC CCC TTA TTA GCG TTT TTC TTA CC
t1s8i ATG GTT TAT GTC ACA ATC AAT AGA TAT TAA AC
t2s11g AGA AAA GCC CCA AAA AGA GTC TGG AGC AAA CAA TCA CCA T
t2s13g ACA GTC AAA GAG AAT CGA TGA ACG ACC CCG GTT GAT AAT C
t2s15f ATA GTA GTA TGC AAT GCC TGA GTA GGC CGG AG
t2s17f AAC CAG ACG TTT AGC TAT ATT TTC TTC TAC TA
t2s1g GAT AAG TGC CGT CGA GCT GAA ACA TGA AAG TAT ACA GGA G
t2s21g CCT GAT TGC TTT GAA TTG CGT AGA TTT TCA GGC ATC AAT A
t2s23g TGG CAA TTT TTA ACG TCA GAT GAA AAC AAT AAC GGA TTC G
t2s25f AAG GAA TTA CAA AGA AAC CAC CAG TCA GAT GA
t2s27f GGA CAT TCA CCT CAA ATA TCA AAC ACA GTT GA
t2s3g TTT GAT GAT TAA GAG GCT GAG ACT TGC TCA GTA CCA GGC G
t2s5f CCG GAA CCC AGA ATG GAA AGC GCA ACA TGG CT
t2s7f AAA GAC AAC ATT TTC GGT CAT AGC CAA AAT CA
t3s10g GTC AGA GGG TAA TTG ATG GCA ACA TAT AAA AGC GAT TGA G
t3s14e CAA TAT GAC CCT CAT ATA TTT TAA AGC ATT AA
t3s16e CAT CCA ATA AAT GGT CAA TAA CCT CGG AAG CA
t3s18g AAC TCC AAG ATT GCA TCA AAA AGA TAA TGC AGA TAC ATA A
t3s20g CGC CAA AAG GAA TTA CAG TCA GAA GCA AAG CGC AGG TCA G
t3s24e TAA TCC TGA TTA TCA TTT TGC GGA GAG GAA GG
t3s26e TTA TCT AAA GCA TCA CCT TGC TGA TGG CCA AC
t3s28g AGA GAT AGT TTG ACG CTC AAT CGT ACG TGC TTT CCT CGT T
t3s30g AGA ATC AGA GCG GGA GAT GGA AAT ACC TAC ATA ACC CTT C
t3s4e TGT ACT GGA AAT CCT CAT TAA AGC AGA GCC AC
t3s6e CAC CGG AAA GCG CGT TTT CAT CGG AAG GGC GA
t3s8g CAT TCA ACA AAC GCA AAG ACA CCA GAA CAC CCT GAA CAA A
t4s11g GCA AAT ATT TAA ATT GAG ATC TAC AAA GGC TAC TGA TAA A
t4s13g CGT TCT AGT CAG GTC ATT GCC TGA CAG GAA GAT TGT ATA A
t4s15f CAG GCA AGA TAA AAA TTT TTA GAA TAT TCA AC
t4s17f GAT TAG AGA TTA GAT ACA TTT CGC AAA TCA TA
t4s1g TAG CCC GGA ATA GGT GAA TGC CCC CTG CCT ATG GTC AGT G
t4s21g GCG CAG AGG CGA ATT AAT TAT TTG CAC GTA AAT TCT GAA T
t4s23g GAT TAT ACA CAG AAA TAA AGA AAT ACC AAG TTA CAA AAT C
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position sequence
t4s25f TAG GAG CAT AAA AGT TTG AGT AAC ATT GTT TG
t4s27f TGA CCT GAC AAA TGA AAA ATC TAA AAT ATC TT
t4s3g TTT AAC GGT TCG GAA CCT ATT ATT AGG GTT GAT ATA AGT A
t4s5f CTC AGA GCA TAT TCA CAA ACA AAT TAA TAA GT
t4s7f GGA GGG AAT TTA GCG TCA GAC TGT CCG CCT CC
t5s10g GAT AAC CCA CAA GAA TGT TAG CAA ACG TAG AAA ATT ATT C
t5s14e TTA ATG CCT TAT TTC AAC GCA AGG GCA AAG AA
t5s16e TTA GCA AAT AGA TTT AGT TTG ACC AGT ACC TT
t5s18g TAA TTG CTT TAC CCT GAC TAT TAT GAG GCA TAG TAA GAG C
t5s20g AAC ACT ATC ATA ACC CAT CAA AAA TCA GGT CTC CTT TTG A
t5s24e AAT GGA AGC GAA CGT TAT TAA TTT CTA ACA AC
t5s26e TAA TAG ATC GCT GAG AGC CAG CAG AAG CGT AA
t5s28g GAA TAC GTA ACA GGA AAA ACG CTC CTA AAC AGG AGG CCG A
t5s30g TTA AAG GGA TTT TAG ATA CCG CCA GCC ATT GCG GCA CAG A
t5s4e CCT TGA GTC AGA CGA TTG GCC TTG CGC CAC CC
t5s6e TCA GAA CCC AGA ATC AAG TTT GCC GGT AAA TA
t5s8g TTG ACG GAA ATA CAT ACA TAA AGG GCG CTA ATA TCA GAG A
t6s15g ATA AAG CCT TTG CGG GAG AAG CCT GGA GAG GGT AG
t6s17f TAA GAG GTC AAT TCT GCG AAC GAG ATT AAG CA
t6s25g TCA ATA GAT ATT AAA TCC TTT GCC GGT TAG AAC CT
t6s27f CAA TAT TTG CCT GCA ACA GTG CCA TAG AGC CG
t6s5g CAG AGC CAG GAG GTT GAG GCA GGT AAC AGT GCC CG
t6s7f ATT AAA GGC CGT AAT CAG TAG CGA GCC ACC CT
t7s10g ATA AGA GCA AGA AAC ATG GCA TGA TTA AGA CTC CGA CTT G
t7s14e ATG ACC CTG TAA TAC TTC AGA GCA
t7s16e TAA AGC TAT ATA ACA GTT GAT TCC CAT TTT TG
t7s18g CGG ATG GCA CGA GAA TGA CCA TAA TCG TTT ACC AGA CGA C
t7s20g GAT AAA AAC CAA AAT ATT AAA CAG TTC AGA AAT TAG AGC T
t7s24e ACA ATT CGA CAA CTC GTA ATA CAT
t7s26e TTG AGG ATG GTC AGT ATT AAC ACC TTG AAT GG
t7s28g CTA TTA GTA TAT CCA GAA CAA TAT CAG GAA CGG TAC GCC A
t7s30g GAA TCC TGA GAA GTG TAT CGG CCT TGC TGG TAC TTT AAT G
t7s4e GCC GCC AGC ATT GAC ACC ACC CTC
t7s6e AGA GCC GCA CCA TCG ATA GCA GCA TGA ATT AT
t7s8g CAC CGT CAC CTT ATT ACG CAG TAT TGA GTT AAG CCC AAT A
t8s17g TAA TTG CTT GGA AGT TTC ATT CCA AAT CGG TTG TA
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Figure A.1.: Molecular structures of the precursors for click chemistry. Within the C8-
alkyne-dU molecule the 3’-OH position carries a phosphoramidite group to increase the reactivity of
the nucleotide. Additionally, the 5’-OH is protected by a acid-labile dimethoxy-trityl group which is
removed at the beginning of each synthesis cycle to enable the introduction of a new nucleotide. The
TAMRA-azide or the Cy3-azide can be linked to the C8-alkyne-dU via a [3+2]-cycloaddition (click
chemistry).

Figure A.2.: SERS spectra from 60 nm AuNPs covered with dye-modified ssDNA. The
AuNPs are covered with 5’-(TTT)4TX-SH-3’; X = TAMRA (left), X = Cy3 (right). For both dyes
the most and the less intense spectra are shown as well as an average spectrum obtained from 15
individual 60 nm AuNPs. λexc = 532 nm, laser power: 400–500 µW, integration time: 10 s.

Figure A.3.: Photobleaching of TAMRA occuring in a series measurement with 10 suc-
cessively recorded SERS spectra. The spectra were obtained from an undefined number of single
15 nm AuNPs coated with 5’-(TTT)4TX-SH-3’ (X = TAMRA). λexc = 532 nm, laser power: 900–
1000 µW, integration time: 2 s.
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